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Transversal sections (blue) visualize the extensive internal lacunar system (i.e. aerenchyma) 
of seagrasses. Black shadow indicates that O2 is present. Redrawn from Pedersen et al. 
(1998) with permission from Ole Pedersen (University of Copenhagen, Denmark).     6 
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Figure 1.1. Schematic drawing of the applied split flow-chamber (top view) visualising the 
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supplementary information).           29 
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Vertical microprofiles of [O2] and [H2S] in natural sediment originating from Narrabeen 
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interface is inserted. Legends depict the different chemical species. Symbols and error bars 
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transparent glass vials with pH nanoparticle-containing agar buffered to defined pH levels 
spanning pH 4-10.           171 
Figure S4.3. Calibration curves for optical pH nanoparticle-based sensors at the two 
experimental temperatures 16 and 24 °C. Mean ratio values were fitted with a sigmoidal 
function (r2 = 0.99 and 0.97, respectively). Error bars are ± SD (n=3).   172 
Figure S4.4. pH microprofiles measured in the bulk, artificial sediment containing pH 
sensitive nanoparticles with a pH microelectrode (red symbols; mean ± SD; n=3 ) and with 
the optical nanoparticle-based sensors (black line). Y = 0 indicates the artificial sediment 
surface.           174 
Figure S4.5. Calibration curves of optical O2 nanoparticle-based sensors measured at the 
two experimental temperatures (16°C and 24°C). Mean ratio values were fitted with an 
exponential decay function (r2 = 0.99 for both curves). Legend depicts the different 
temperatures. Error bars are ± SD. n=3.       175 
Figure S4.6. Visualization of potential artefacts in the obtained pH images (images are from 
the 16°C treatment). The blue and red channel images are obtained by splitting the original 
RGB picture into its respective colour channels. The blue channel image (A) appears quite 
homogeneous in terms of intensity, while the red channel image (B) shows several high 
intensity regions. When merging the two channels (C) it can be seen that most of the picture 
appears in a homogeneous pink colour, while the hotspots in the red picture remain. This 
subsequently leads to very high apparent pH values at those spots as the ratio of red and 
blue channel leads to the final pH image (D). In contrast to other regions (e.g. low pH 
hotspot at the rhizome; A) those spots do not change over time and in response to the 
altered light levels and/or temperature. An additional artefact is presented by the region on 
top of the artificial sediment (e.g. square in the pH image; D). In this region the measured 
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intensities are not due to the optical nanoparticle based sensors and only represent noise 
such as scattered light, wherefore this region has been excluded.    179 
Figure 5.1. Microbial diversity in the rhizosphere of the seagrass Zostera muelleri 
determined via 16S rRNA amplicon sequencing. The phylogenetic tree denotes the spatial 
separation of the microbial consortia as determined via beta diversity analysis by Jackknife 
comparison of the weighted sequences data. The heat-map shows the abundance of the 
respective bacterial class/genus within the selected regions of interest, where (o) and (f) 
denote order and family classification, respectively. The heat-map includes taxonomic 
groups within each sample that represent >1% of the total sequences, which cumulatively 
represents >85% of the total sequenced data. Diagrams (in %) show the mean relative 
abundance of designated bacterial classes present within the selected regions of interest of 
the artificial sediment matrix. All data originate from reduced, artificial sediment with added 
native pore water microbes (described in the Supplementary Materials and Methods; Notes 
S5.1). n = 2-3.           187 
Figure 5.2. The below-ground chemical microenvironment at the basal leaf meristem, i.e., 
the meristematic region of the rhizome of the seagrass Zostera muelleri. (a) and (b) 
represent microsensor measurements in an artificial sediment matrix with added pore 
water microbes. (c) and (d) represent microsensor measurements in a sterilized 
environment, i.e., sterilized artificial sediment matrix and below-ground tissue surface. (a) 
and (c) show measurements in darkness. (b) and (d) show measurements in light (photon 
irradiance of ~150 μmol photons m-2 s-1). Black line and symbols show the O2 concentration; 
Red line and symbols show the H2S concentration; Blue line and symbols show pH. The 
dotted lines indicate the thickness of the plant-derived oxic microzone, and X = 0 indicates 
the surface of the basal leaf meristem. Symbols with error bars represent means ± S.D (n = 
3-4 technical replicates; biological replication of the below-ground chemical 
microenvironment dynamics is shown in the Supplementary Results; Fig. S5.1 and S5.2).  189 
Figure S5.1. Chemical microenvironment at the interface between the surface of the 
meristematic region of the rhizome and the immediate rhizosphere. Biological replication 
#2.            205 
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Figure S5.2. Chemical microenvironment at the interface between the surface of the 
meristematic region of the rhizome and the immediate rhizosphere. Biological replication 
#3.            207 
Figure S5.3. Principal component analysis (PCA) of the bacterial community composition 
within the seagrass rhizosphere and the bulk sediment. RAM = root apical meristem area; 
BLM = basal leaf meristem area; BS = bulk sediment. This PCA explained more than 75% of 
the variances of our samples.         208 
Figure S5.4. Spatial distribution of rhizosphere microbes around the root apical meristem 
(RAM) of the seagrass Zostera muelleri as determined via epifluorescence microscopy of 
DAPI-stained bacteria.         209 
Figure S5.5. Conceptual diagram visualizing sampling areas within the reduced, artificial 
sediment.           210 
Figure 6.1. Schematic diagram of the experimental setups. (a) Above-ground light and O2 
microsensor measurements. (b) Measurements on the below-ground chemical 
microenvironment with Clark-type O2 microsensors. (c) Measuring light transmission spectra 
at the seagrass leaf surface.         223 
Figure 6.2. Profiles of photon scalar irradiance measured at two different downwelling 
photon irradiances (50- and 200 μmol photons m-2 s-1) on Z. marina leaves with- and without 
epiphyte cover. Left panels show the scalar irradiance 0-10 mm from the leaf surface 
measured in 1 mm steps. Right panels show the scalar irradiance 0-1 mm from the leaf 
surface measured in 0.1 mm steps (enlarged plots of the scalar irradiance showed in the left 
panels). Data points represents means ± S.D. n=3; leaf level replicates.     227 
Figure 6.3. Spectral scalar irradiance measured over Z. marina leaves under an incident 
irradiance of 50 and 200 μmol photons m-2 s-1 with- (right panels) and without epiphytes 
(left panels). Coloured lines represents spectra collected at the given depths in mm above 
the leaf surface expressed as % of incident irradiance on a log-scale. n=3; leaf level 
replicates.           228 
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Figure 6.4. Spectra of photon scalar irradiance transmitted through Z. marina leaves with- 
(red line) and without (black line) epiphyte cover and at two different downwelling 
irradiances (50- and 200 μmol photons m-2 s-1). Dashed lines represents ± S.D. n=4; leaf level 
replicates.           229 
Figure 6.5. Vertical microprofiles of the O2 concentration measured towards the leaf surface 
under 4 different incident irradiances (0, 50, 100 and 200 μmol photons m-2 s-1). Red 
symbols and lines represent leaves with 21% epiphyte-cover, Black symbols and lines 
represent leaves without epiphyte-cover. y = 0 indicates the leaf surface. Symbols and errors 
bars represent means ± SD. n = 3-4; leaf level replicates.     230 
Figure 6.6. Net photosynthesis rates as a function of downwelling photon irradiance. Rates 
were calculated for the 4 different incident irradiances (0, 50, 100 and 200 μmol photons m-
2 s-1) and were fitted with a hyperbolic tangent function (Webb et al., 1974) with an added 
term to account for respiration (Spilling et al., 2010) (R2 = 0.99). Red symbols and line 
represent leaves with ~21% epiphyte-cover. Black symbols and line represent leaves without 
epiphyte-cover. Error bars are ±SD. n = 3-4; leaf level replicates.    231 
Figure 6.7. Radial O2 loss from the root-cap of Z. marina (~1 mm from the root-apex) to the 
immediate rhizosphere measured at two different irradiances (0 and 200 μmol photons m-2 
s-1). Left panel show radial O2 loss from seagrass with leaf epiphyte-cover, right panel show 
radial O2 loss from seagrass without leaf epiphyte-cover. X = 0 indicates the root surface. 
Error bars are ±SD. n = 3-5; root level replicates.      233 
Figure 7.1. In situ distribution of phytotoxic sulfide during light (photon irradiance of 500 
μmol photons m-2 s-1) and dark conditions in a sediment colonised by the tropical seagrass 
species Cymodocea rotundata, Cymodocea serrulata, Halophila ovalis, Halodule uninervis, 
Syringodium isoetifolium and Thalassia hemprichii as determined with sulfide sensitive Agl 
DGT probes (a). The width of all deployed DGT gels was 18 mm (b). Distribution of sulfide 
concentrations in the rhizosphere of Cymodocea serrulata during light and dark conditions 
(c). All images are color coded, where the color scale depicts the sediment sulfide 
concentration.          252 
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Figure 7.2. (a) Rhizospheric pH heterogeneity and phosphorus distributions in carbonate-
rich sediment with the tropical seagrass Cymodocea serrulata during light (photon 
irradiance of 500 μmol photons m-2 s-1) and dark conditions. The enlarged plot focusses on 
the basal leaf meristem area, i.e., the meristematic region of the rhizome. (b) Rhizospheric 
pH and phosphate concentrations during light and dark conditions as obtained from the 
extracted cross tissue line profiles shown in (a). All images are color coded, where the color 
scales depict the sediment pH and phosphate concentrations.    254 
Figure 7.3. Co-distributions of seagrass-mediated rhizospheric phosphorus and Fe(II) 
solubilisation coupled to the plant-generated pH microheterogeneity at the root/sediment 
interface during light (photon irradiance of 500 μmol photons m-2 s-1) and dark conditions in 
carbonate-rich marine sediment inhabited by the tropical seagrass Cymodocea serrulata. 
Panel (a) show the rhizospheric pH, Fe(II) and phosphorus concentrations within the 
selected region of interest, as shown on the provided illustration of the below-ground plant 
tissue structure (a; Extended Data Fig. 7.3). Panel (b) represent the line profiles (P1-4) as 
indicated on the two-dimensional chemical images (a), showing the cross tissue Fe(II) and 
phosphorus concentrations during light and dark conditions. All images are color coded, 
where the color scales depict the sediment pH, Fe(II) and phosphorus concentrations, 
respectively (a). The red arrow on the phosphorus scale bar indicates the detection limit for 
the applied phosphorus sensitive multi-ion gel (Zr-oxide - SPR-IDA) probe (a). Note the 
different scales on the y-axes in panel (b). Panel (c) shows a conceptual diagram of the 
seagrass-derived rhizospheric phosphorus and iron mobilization mechanisms in carbonate-
rich sediments.          256 
Figure ED7.1. Distribution and dynamics of O2 concentration within the rhizosphere of the 
tropical seagrass Cymodocea serrulata. Seagrasses were exposed to dark and light 
conditions (incident photon irradiance of ~500 μmol photons m-2 s-1). Arrows indicate 
seagrass-derived oxic microzones. The color bar depicts the O2 concentration in % air 
saturation. The seagrasses were transplanted into sieved (<1mm sediment fraction) natural 
sediment from the sampling site to exclude any larger animals and bivalves, as well as to 
ensure natural ratios of essential nutrients and rhizosphere microbes.   267 
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Figure ED7.2. pH heterogeneity and dynamics within the seagrass rhizosphere of two 
specimens of the tropical seagrass Cymodocea serrulata during dark and light conditions 
(incident photon irradiance of ~500 μmol photons m-2 s-1). The color coding depicts the pH 
value. The seagrasses were transplanted into sieved (<1mm sediment fraction) natural 
sediment from the sampling site to exclude larger animals and bivalves, as well as to ensure 
natural ratios of essential nutrients, buffering salts and microbes, respectively.  268 
Figure ED7.3. Rhizospheric Fe(II), phosphorus and pH conditions during dark and light 
conditions (incident photon irradiance of ~500 μmol photons m-2 s-1) (a,c). Data is shown 
from the tropical seagrass species Cymodocea serrulata. Images are colour coded. Legends 
depict the analyte concentration (a). The red arrow on the phosphate calibration bar 
denotes the method detection limit (MDL) of the LA-ICPMS measurement (a). No such 
arrow is shown for Fe as the MDL was negligibly small in this case. Marked areas depict the 
selected regions of interest (b), as shown on the chemical images (panel a; and on figure 7.3 
in the main text). Note the different scale on the y-axis.     270 
Figure ED7.4. Distribution and dynamics of Ca concentration within the rhizosphere of the 
tropical seagrass Cymodocea serrulata. Seagrasses were exposed to dark and light 
conditions (incident photon irradiance of ~500 μmol photons m-2 s-1). The color bar depicts 
the relative Ca concentration. The seagrasses were transplanted into sieved (<1mm 
sediment fraction) natural sediment from the sampling site to exclude any larger animals 
and bivalves, as well as to ensure natural ratios of essential nutrients and rhizosphere 
microbes.           271 
Figure S7.1. Schematic drawing of the custom-made, narrow experimental chambers 
positioned within the 20 L seawater reservoirs. Note the position of the optode and DGT 
gels on opposite sides of the investigated roots. During measurements we carefully ensured 
good contact between the below-ground biomass and the optode or the DGT gels, 
respectively.           278 
Figure S7.2. Deployment of sulfide sensitive AgI DGT gels in situ. (A) The sulfide sensitive 
DGT gels were mounted in DGT samplers, (B) the study site within the seagrass meadow 
(Green Island, Carins, Australia), (C) DGT gel deployment, and (D) gel sampler position within 
the seagrass meadow. To enable DGT deployment, a less densely vegetated spot was 
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selected within the dense multi-species seagrass meadow. The DGTs were deployed at 
sunrise and retrieved at sunset for the daytime measurements and vice versa for the night 
measurements. Two deployments were performed in the investigated seagrass meadow.
            279 
Figure S7.3. (A) Chemical structures of the indicators and references dyes used in the O2 and 
pH optodes, respectively. (B) Images of an O2 and pH optode positioned next to each other 
and exposed to different analyte concentrations (i.e. O2 and pH levels). The images were 
obtained with a SLR camera (EOS 1000D, Canon, Japan) and the optodes were excited using 
a hand-held UV lamp. In this setup, the O2 sensor had no additional optical isolation layer.
            286 
Figure S7.4. Calibration plots of the O2 and pH optodes used in the study. All data points 
with erro bars represent mean values with the corresponding standard deviation (n=3-6). 
For the O2 optode a single exponential decay function was fitted (dashed line; R2> 0.98) and 
this fit was used for calibrating the experimental O2 images. The pH optode response was 
fitted using a sigmoidal function (dashed line; R2> 0.98). For practical reasons (i.e. the 
applied software ImageJ does not support this type of fit) a linear fit in the range pKa±1 was 
used. The used linear fit is depicted as the black line in the calibration plot above (pH range 
7-9). Within the chosen pH range this type of linear fit describes the sensor response to 
changing pH values very well (R2>0.98), without notable experimental errors.    287 
Figure S7.5. Calibration plot of the sulfide binding AgI gel used in this study. All data points 
represent mean values ± S.D. (n=3-6) and were fitted using the following function: y=b*ln(x-
a); (R2 > 0.99).           288 
Figure S7.6. Calibration plot of the PO43- binding precipitated Zr-oxide gel used in this study. 
The curve shows a calibration of gels made in Denmark and shipped to Australia (Calibration 
1) and one of gels made at the actual remote study site (Green Island, Cairns, Australia; 
Calibration 2). Data points with error bars represent mean values ± S.D. (n=3-6) and were 
fitted using the following function: y=y0 + A*eR0*x; (R2 > 0.98).    288 
Figure 8.1. Vertical O2 concentration profiles measured towards the leaf surface under 
incident photon irradiances of 0, 75, 200 and 500 μmol photons m-2 s-1. Red symbols and 
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lines represent leaves with silt/clay-cover; black symbols and lines represent control plants, 
i.e., leaves without silt/clay-cover. Upper panels are measurements in water with a reduced 
O2 level of ~40% of air equilibrium (mimicking night-time water-column O2 conditions, 
approximately 8.2 kPa); Lower panels are measurements in water at 100% air equilibrium 
(mimicking day-time water-column O2 conditions, 20.6 kPa). y = 0 indicates the leaf surface. 
Symbols and error bars represent means ± SE; n = 3-4.     305 
Figure 8.2. Vertical depth profiles of the O2 concentration measured towards the leaf 
surface of plants with a microbially active silt/clay-cover (red symbols and lines), with an 
inactivated silt/clay-cover (obtained by pre-heating the added silt/clay to 120°C in an oven 
for 2 h; blue symbols and lines), and without silt/clay-cover (control plants; black symbols 
and lines). All measurements were performed in darkness. y = 0 indicates the leaf surface. 
Symbols and error bars represent means ± SE; n = 4.     307 
Figure 8.3. Apparent net photosynthesis rates as a function of downwelling photon 
irradiance (PAR, 400-700 nm) of plants with leaf silt/clay-cover (red symbols and lines) and 
without leaf silt/clay-cover (control plants; black symbols and lines). Rates were calculated 
for incident photon irradiances of 0, 75, 200 and 500 μmol photons m-2 s-1 and were fitted 
with an exponential function (Webb et al., 1974) with an added term to account for 
respiration (Spilling et al. 2010) (R240%AS,control=0.93; R240%AS,silt-cover=0.98; R2100%AS,control=0.99; 
R2100%AS,silt-cover=0.99). The upper panel represents measurements in water kept at 40% air 
equilibrium, while the lower panel represents measurements in water kept at 100% air 
equilibrium. Error bars are ± SE; n = 3-4.       308 
Figure 8.4. In situ measurements of diel changes in the O2 concentration and temperature of 
the water-column (A, B), the light availability at leaf canopy height (A, B), and of the O2 
partial pressure and H2S concentration in the meristematic tissue of Zostera muelleri plants 
with and without leaf silt/clay-cover, respectively (C, D) from Narrabeen Lagoon, NSW, 
Australia. The O2 and H2S microsensors were inserted into the shoot base close to the basal 
leaf meristem, which was buried ~2 cm into the sediment. The horizontal, dashed line in 
panels A and B corresponds to 100% atmospheric O2 partial pressure. Legends depict the 
physical/chemical water-column parameters (A, B) and the chemical species (C, D). Panels A 
and C are from measuring day #1 (representing a sunny day), while panels B and D are from 
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measuring day #2 (representing a cloudy day). Note the lost signal from the inserted 
microsensors in the silt/clay treatment (C, D).      311 
Figure 8.5. In situ intra-plant O2 status as a function of the O2 partial pressure in the 
surrounding water-column during night-time. The data were extracted from Figure 4 
approximately 2h after sunset. The grey lines represent a linear regression and are 
extrapolated to interception with the horizontal x-axis, to provide an estimate of the water-
column O2 level where the meristematic tissue at the shoot base becomes anoxic 
(R2control,day#1 = 0.97; R2control,day#2 = 0.70; R2silt-cover,day#1 = 0.97; R2silt-cover,day#2 = 0.94). Upper 
panels (A, B) are measurements from control plants (black symbols), while lower panels (C, 
D) are measurements from plants with a silt/clay-cover on the leaves (red symbols). 313 
Figure 8.6. In situ intra-plant O2 status as a function of incident photon irradiance (PAR) 
during daytime. The data were extracted from Figure 8.4 at sunrise (measuring day #1). The 
intra-plant O2 evolution during the light-limiting phase of PAR were fitted with an 
exponential model (Grey lines; Webb et al., 1974) (R2control = 0.95, αcontrol = 0.149; R2silt-cover = 
0.95, αsilt-cover = 0.098). Upper panel (A) shows measurements from control plants (Black 
symbols), while the lower panel (B) shows measurements from plants with a silt/clay-cover 
on the leaves (red symbols).         314 
Figure S8.1. Depth microprofiles of O2 concentration across the water/sediment interface. Y 
= 0 indicate the sediment surface. All microsensor measurements were performed in 
darkness. The investigated marine sediment originated from Narrabeen Lagoon, NSW, 
Australia. Symbols and error bars are mean ± SEM. n = 4.     325 
Figure S8.2. Net photosynthesis rates of the three investigated Zostera muelleri spp. 
capricorni plants as a function of incident photon irradiance. Black symbols and lines 
represent measurements on control plants; red symbols and lines represent measurements 
on plants with fine sediment particles (i.e. leaf silt/clay-cover). Left panels are 
measurements at 40% air saturation in the water-column (mimicking water-column O2 
conditions during darkness and at sunrise). Right panels are measurements in a 100% air 
saturated water-column (mimicking water-column O2 conditions at mid-day). The O2 fluxes 
are fitted with a saturated exponential function (Webb et al., 1974) amended with a term, 
R, to account for the respiration (Spilling et al., 2010).     326 
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Figure 9.1. Conceptual diagram showing the major diffusional transport routes for O2 and N2 
from the ambient medium to the lacunal space (under non-pressurised conditions) in a 
seagrass leaf. Data modified from Larkum et al. (1989).     332 
Figure 9.2. (A) Conceptual diagram of the aerenchymal system in seagrass. (B) Cross-
sectional image of a shoot base with leaf sheath of Zostera muelleri spp. capricorni showing 
the extended air lacunal system at the meristematic region of the rhizome. Scale bar = 100 
μm. LS = indicate the leaf sheath; A = aerenchyma; RD = initial root development. Data 
modified from Brodersen et al. (2015b). Copyright 2015 John Wiley & Sons Ltd.  336 
Figure 9.3. Below-ground tissue pO2 as a function of water-column pO2 in darkness 
measured in Zostera marina. The O2 microelectrodes were inserted into the shoot base 
close to the leaf meristem, which was buried approximately 5 mm into the sediment, and in 
the 3rd and the 4th internode of the rhizome. The pO2 of the water-column was successively 
reduced in steps of 4-5 kPa over a timeframe of 6 h and kept at 20 °C. Data modified from 
Pedersen et al. (2004).         337 
Figure 9.4. In situ pO2 of the shoot base of 3 replicate plants of Zostera marina and the 
water-column over a diurnal cycle measured in Roskilde Fjord, Denmark. The O2 
microelectrodes were inserted into the shoot base close to the leaf meristem, which was 
buried approximately 5 mm into the sediment. The dotted line indicates air equilibrium of 
dissolved O2. Irradiance of the PAR spectrum measured at the canopy surface is shown in 
orange colour. Data modified from Sand-Jensen et al. (2005).    338 
Figure 9.5. Water-column pO2 versus shoot base pO2 during night-time of 3 replicate plants 
of Zostera marina. The data are extracted from Figure 9.4 in the time period of 10 p.m. to 5 
a.m. The grey lines represent linear regression of each replicate plant and are extrapolated 
to interception with the horizontal axis (as this gives an estimate of at which water-column 
pO2 the vulnerable shoot base tissue becomes anoxic). Data modified from Borum et al. 
(2006).            339 
Figure 9.6. Irradiance versus shoot base pO2 during day-time of 3 replicate plants of Zostera 
marina. The data are extracted from Figure 9.4 in the time period of 6 p.m. to 11 a.m. on 
day 2. The grey lines represent non-linear regression of each replicate plant applying a 
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Jassby and Platt (1976) model. The dotted line represents air saturation of dissolved O2. 
Data modified from Borum et al. (2006).       340 
Figure 9.7. Shoot base pO2 and shoot base H2S as a function of water-column pO2 in Zostera 
marina. The O2 and H2S microelectrodes were inserted into the shoot base close to the leaf 
meristem, which was buried approximately 5 mm into the sediment. Water-column pO2 was 
manipulated in steps of about 10 kPa and kept at 20 °C. Data modified from Pedersen et al. 
(2004).            342 
Figure 9.8. In situ pO2 and H2S of the shoot base of Thalassia testudinum and the water-
column pO2 over a diurnal cycle measured in a die-off patch at Barnes Key, Florida Bay, USA. 
The O2 and H2S microelectrodes were inserted into the shoot base close to the leaf 
meristem, which was buried approximately 20 mm into the sediment. The dotted line 
indicates air equilibrium of dissolved O2. Data modified from Borum et al. (2005).  344 
Figure 9.9. (a): Colour coded O2 image acquired via novel optical nanoparticle-based O2 
sensors, visualising the O2 distribution in the seagrass rhizosphere under an incident photon 
irradiance of 500 μmol photons m−2 s−1. (b): The relative difference in the below-ground 
tissue oxidation capacity between measurements in light and darkness. (c): Real-time O2 
concentrations within selected regions of interest (ROIs, as shown in panel A) during a 
light/dark transition. Black symbols and profile represents measurements at the prophyllum 
(ROI 1), red symbols and profile represent measurements at the root-shoot junction (ROI 2), 
blue symbols and profile represent measurements at the basal leaf meristem (ROI 3). (d): 
The extracted line profile from the O2 image (shown in panel A) across 2 roots, visualising 
radial O2 loss (ROL) from the root apical meristems during a light/dark transition. Partly 
redrawn with permission from Koren et al. (2015). Copyright 2015 American Chemical 
Society.           345 
Figure 9.10. Seagrass-derived sediment detoxification as a result of below-ground tissue 
radial O2 loss into the immediate rhizosphere. Concentration profiles of O2, H2S and pH were 
measured with microelectrodes in darkness (black profiles), at an incident photon irradiance 
of 260 (blue profiles) and 350 (green profiles) μmol photons m-2 s-1, and in darkness with 
hypoxic conditions in the water-column (red profiles). Upper panels represents 
measurements at the basal leaf meristem with leaf sheath, intermediate panels 
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(horizontally) at the root-shoot junction and lower panels at the rhizome. Left panels 
represent the immediate rhizosphere O2 concentration, intermediate panels (vertically) 
represents the immediate rhizosphere H2S concentration and right panels represents the 
immediate rhizosphere pH. Y = 0 indicate the below-ground tissue surface. Error bars are 
±SD. n = 2–4. Note the break on the x-axis of panels illustrating the immediate rhizosphere 
H2S concentration. The illustration of Z. muelleri spp. capricorni originates from the 
IAN/UMCES symbol and image libraries (Diana Kleine, Integration and Application Network 
(IAN), University of Maryland Center for Environmental Science 
(ian.umces.edu/imagelibrary/)). Data modified from Brodersen et al. (2015b). Copyright 
2015 John Wiley & Sons Ltd.         347 
Figure 9.11. Oxic microshields surrounding the root/shoot junctions (including the basal leaf 
meristem with leaf sheath), the rhizome and the apical root meristems of seagrasses. Black 
symbols and profile represents [O2]; red symbols and profile represents [H2S]; and blue 
symbols and profile represents pH. The shown microelectrode microprofiles are from the 
meristematic region of the rhizome. Y=0 indicate the below-ground tissue surface. Error 
bars are ±SD. n = 3. Data modified from Brodersen et al. (2015b). Copyright 2015 John Wiley 
& Sons Ltd.           348 
Figure 9.12. pH heterogeneity and dynamics in the seagrass rhizosphere determined via 
novel optical nanoparticle-based pH sensors during a light/dark transition (incident 
irradiance of 500 μmol photons m-2 s-1). Colour coded pH image; Legend depicts the pH 
units. Left panel represents measurements in darkness; right panel represents 
measurements in light. The colour coded pH images are the average of three 
measurements. Data modified from Brodersen et al. (2016). Copyright 2015 John Wiley & 
Sons Ltd.           350 
Figure 9.13. pH microdynamics in the seagrass rhizosphere at plant/sediment- and 
oxic/anoxic interfaces measured via novel optical nanoparticle-based pH sensors during 
light/dark transitions and at temperatures of 16°C and 24°C (where 24°C represents the 
temperature optimum for oxygenic photosynthesis in Zostera marina L.). (a) Colour coded 
pH image visualising the extracted cross tissue line profiles in the seagrass rhizosphere. (b-f) 
Cross tissue line section 1-5 as shown in panel a, determining pH microdynamics at 
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plant/sediment- and oxic/anoxic interfaces. Data modified from Brodersen et al. (2016). 
Copyright 2015 John Wiley & Sons Ltd.       352 
Figure 9.14. Conceptual diagram visualising seagrass-derived sediment detoxification. (a) O2 
transported down to the below-ground tissue via the aerenchyma is released from the 
meristematic region of the rhizome (basal leaf meristem), the rhizome and from root apical 
meristems into the immediate rhizosphere. Radial O2 loss from the below-ground tissue 
maintaining protective oxic microniches in the immediate rhizosphere, and plant-derived 
sediment pH changes, chemically detoxifies the surrounding sediment by re-oxidizing 
sediment-produced H2S and shifting the geochemical sulphide speciation towards non-
tissue-permeable HS- ions, respectively. (b) Oxic microshield protecting the vulnerable basal 
leaf meristem. O2 released from the below-ground tissue drives chemical re-oxidation of 
sediment-produced H2S within the oxic microniches. (c) Inadequate internal aeration may 
lead to H2S intrusion which in turn may kill the plants as a result of chemical asphyxiation. 
Data modified from Brodersen et al. (2015b). Copyright 2015 John Wiley & Sons Ltd. 355 
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Seagrass meadows are important marine ecosystems providing an array of ecosystem 
services to aquatic and terrestrial environments including sediment stabilisation, acting as 
shelter, feeding and nursery grounds for numerous marine species and even mitigating 
climate change through their ability to capture and store carbon in the sediment for 
millennia. However, owing to anthropogenic interference, seagrass meadows worldwide are 
shrinking, putting essential ecosystem functions at risk. Understanding the basic 
mechanisms that control the fitness of seagrasses is necessary in order to elucidate how 
human activities and changing environmental conditions is affecting the seagrass 
ecosystems and what can be done to better manage them. Through a series of experiments 
employing high-resolution measuring techniques including luminescence imaging, 
microsensors and novel optical sensor nanoparticles, this thesis explores the mechanisms of 
seagrass sediment detoxification and nutrient mobilisation, and the effect of environmental 
stressors on these essential processes.  
We show that radial O2 loss from the below-ground tissue leads to formation of oxic 
microshields that re-oxidates phytotoxic H2S in the rhizosphere and thus results in sediment 
detoxification; a vital seagrass-derived chemical defence mechanism that is adversely 
affected by water-column hypoxia. These seagrass-driven alterations of the rhizosphere 
biogeochemistry modulate the microbial community composition at the plant/sediment 
interface, potentially increasing the rhizospheric nitrogen availability owing to microbial-
mediated nitrogen fixation. We also found that the leaf microenvironment largely controls 
the intra-plant O2 conditions and thus the below-ground tissue oxidation capacity, where 
sediment deposition and epiphyte overgrowth on leaves negatively affects the internal plant 
aeration through multiple pathways, such as (i) enhancing the thickness of the mass transfer 
impeding diffusive boundary layer around the leaves, (ii) reducing the light 
availability/quality for photosynthesis, and (iii) enhancing the over-night respiration rates in 
the phyllosphere. Finally, we show that seagrass-driven alterations of the rhizosphere pH 
microenvironment leads to development of low-pH microniches around the below-ground 




rhizospheric phosphorus and iron mobilization for seagrasses colonizing phosphorous-
limited carbonate-rich sediments. 
The results of this thesis brings to light the overarching importance of internal tissue 
aeration in seagrasses through its effect on rhizospheric biogeochemical processes and 
conditions, and thus underlines the need for minimizing environmental stressors leading to 
inadequate internal aeration, such as water-column hypoxia and sediment re-suspension, 













Seagrass meadows are among the most productive ecosystems on Earth providing a range 
of key ecological services such as enhancing marine biodiversity by providing feeding 
grounds and nursery areas for many important marine species such as sea turtles, dugongs, 
juvenile fish and crustaceans (Larkum et al. 2006; Orth et al. 2006). The seagrass ecosystem 
also plays a number of important eco-engineering roles in shallow coastal waters by 
providing wave protection against coastal erosion (Fonseca & Cahalan, 1992), facilitating 
nutrient cycling, increasing sediment stabilisation, as well as enhancing carbon 
sequestration (Duarte et al. 2005; Waycott et al. 2009; Ricart et al. 2015). Despite being a 
high-value ecosystem with an estimated 2-4 times higher ecosystem service value compared 
to mangroves and coral reefs, respectively (Costanza 1997; Orth et al. 2006), of strong 
benefit to the commercial fishing industry (Watson et al. 1993), seagrass meadows are 
currently facing a global decline that is mainly associated with human activity (Orth et al. 
2006; Ralph et al. 2006; Waycott et al. 2009).  
Seagrass evolved from terrestrial angiosperms and colonized the seafloor about 100 million 
years ago (Les et al. 1997). There are three dominant genera: Halophila, Zostera and 
Posidonia, which typically grow in mono-specific meadows, although multi-species 
meadows are found especially in the tropics (Larkum et al. 1989; Holmer et al. 2006). 
Seagrasses have developed unique adaptations to a completely submerged life. These 
adaptations include hydrophilous pollination, epidermal chloroplasts and an extensive 
internal lacunar system (aerenchyma), which allows rapid internal gas flow along 
concentration gradients and interconnects the leaves with the rhizomes and roots, 
facilitating transport of O2 to the below-ground tissues (Larkum et al. 1989; Les et al. 1997; 




Figure I. Conceptual diagram illustrating the internal O2 concentration gradient in the 
aerenchymal tissue of seagrasses. Passive (in darkness, driven by diffusion from the 
surrounding water-column) or actively (in light, produced via leaf photosynthesis) evolved 
O2 is transported down to the below-ground tissue through low-resistance, internal gas 
channels (i.e. aerenchyma) and is subsequently lost to the immediate rhizosphere, termed 
radial O2 loss (ROL). 
 
Diffusive boundary layers and internal plant aeration 
Seagrasses get much of their CO2 and O2 from the water column. These compounds are 
mainly taken up through the leaf at a rate, which is determined by the so called diffusive 
boundary layer (DBL) that is covering the leaves. The DBL is a thin unstirred layer of water at 
the leaf surfaces impeding the exchange of solutes with the surrounding medium. The DBL 
thickness is dependent on both the flow-velocity of the surrounding water, as well as the 
surface microtopography of the tissue, thus increasing in thickness and mass resistance with 
decreasing flow-velocities and surface roughness (Jørgensen & Des Marais, 1990; Binzer et 
al. 2005). The flux through the DBL is inversely proportional to the diffusion path length, as 




where J is the flux (in mol m-2 s-1), D0 is the respective temperature and salinity dependent 
diffusion coefficient (in m2 s-1),  is the linear concentration gradient within the DBL (in 
mol m-4); assuming that the concentration gradient through the DBL, i.e., concentration 
difference at the leaf surface and the ambient seawater, is kept constant. Diffusion is the 
only mode of mass transport across DBLs, and in stagnant liquids (e.g., pore-water) this 
becomes very slow and inefficient over long (cm) distances. 
As a result of the DBL, the internal O2 partial pressure (pO2) within the lacunar system of 
seagrasses is affected by the flow-velocity of the water layers surrounding the leaves. This 
was described in a study by Binzer et al. (2005), that showed a pronounced decline in 
internal pO2 with decreasing flow-rates (in darkness) as a result of an increase in 
the thickness of the DBL. The transport of O2 through the lacunar system connecting the 
leaves and rhizome/roots relies primarily on efficient gas-phase diffusion (about 10.000 
times faster than in water), which is sufficient to support the O2 demand of the below-
ground tissue (Pedersen et al. 1998, 2004). The internal O2 transport in seagrasses is driven 
by partial pressure gradients and is therefore predominantly unidirectional from leaves to 
rhizomes and finally to the roots (Borum et al. 2006). 
 
The seagrass rhizosphere 
Coastal marine sediments typically become anoxic within the first few millimetres of depth 
due to a combination of microbial respiration and the sediment surface DBL which limit O2 
diffusion from the overlying water column (Jørgensen & Revsbech, 1985; Borum et al. 2005; 
Glud, 2008). Within this anoxic environment, anaerobic metabolism results in the formation 
of reduced phytotoxic compounds such as hydrogen sulphide (H2S). The production of 
gaseous H2S results from the activity of sulphate-reducing bacteria (SRB) which uses 
sulphate (SO42-) as an electron acceptor for respiration (e.g. Jørgensen, 1982; Isaksen & 
Finster, 1996; Lamers et al. 2013). The chemical sulphide speciation in the porewater 
depends on the porewater pH, where H2S predominates at pH <7 and HS- at higher pH 
levels. To prevent intrusion of phytotoxic H2S into their tissue, seagrass utilises their internal 
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lacuna system to transport O2 from the leaf region to the rhizome and roots (Figure I) where 
it may be released into the sediment (known as radial O2 loss or “ROL”) and react with H2S 
to form non-toxic oxidised sulphur compounds (Pedersen et al. 1998; Jensen et al. 2005; 
Frederiksen & Glud 2006; Colmer, 2003; Hasler-Sheetal & Holmer, 2015). During day-time, 
photosynthetically-derived O2 production results in high ROL to the immediate rhizosphere 
of the seagrass, resulting in the formation of oxic microshields; i.e. below-ground oxic 
microzones that surrounds the root apical meristems (the root-caps) of the plant (Pedersen 
at al. 1998; Jensen et al. 2005; Frederiksen & Glud, 2006). During night-time, the seagrass is 
totally dependent on passive diffusion of O2 from the water column into the above-ground 
tissue in order to provide sufficient O2 to the below-ground tissues through the lacunar 
system. The fitness of the seagrass is therefore strongly affected by fluctuations in the night-
time bulk water O2 concentration (Pedersen et al. 1998, 2004; Borum et al. 2005, 2006).  
ROL mostly occurs  ~1-2 mm behind the root-apex (Jensen et al. 2005, 2007), and has been 
detected in different seagrass and wetland species, e.g., Zostera marina (Jensen et al. 2005; 
Frederiksen & Glud, 2006), Halophila ovalis (Connell et al. 1999), Phragmites australis 
(Armstrong et al. 2000) and Cymodocea rotundata (Pedersen et al. 1998), as well as at the 
rhizome of Potamogeton perfoliatus (Caffrey & Kemp 1991). Apart from at the root apex, 
many of these previous studies have shown an almost complete barrier to ROL across most 
of the mature part of the roots, especially in older root-bundles (Jensen et al. 2005; 
Frederiksen & Glud, 2006). This barrier to ROL is believed to serve a two-way function, as it 
ensures sufficient internal transport of O2 towards the more distal parts of the plant 
(Colmer, 2003), but may also function as a protective mechanism against intrusion of 
phytotoxins, such as H2S (Armstrong & Armstrong 2001). As such, the barrier to ROL is likely 
an adaptation to inhabiting highly reduced and anoxic sediments, ensuring that sufficient O2 
supply is provided to the active parts of growing roots to cover both respiration and ROL 
(Armstrong, 1979). Due to their continued growth, these tissues are unable to form a barrier 
to block sediment-derived phytotoxic compounds and therefore rely on sufficient O2 supply 
and ROL for protection. In general, reducing/anoxic conditions have been shown to induce 
stronger barriers to ROL in the below-ground tissue (Armstrong & Armstrong 2001), which is 
likely accomplished through the presence of suberised lamellae in the exodermis of the 
plant roots (Enstone et al. 2003). This is supported by Barnabas (1996), who suggested that 
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Casparian band-like structures composed of suberin protect plants from sediment 
phytotoxins after observing them in the root hypodermis of many marine angiosperms 
including Zostera marina.  
 
The below-ground oxic microshields 
The oxic microshields formed around the below-ground tissue as a result of ROL, have been 
suggested to function as a chemical defence mechanism, preventing H2S from invading the 
below-ground tissue as O2 spontaneously reacts with H2S in the immediate rhizosphere to 
form non-phytotoxic compounds (Pedersen et al. 1998; Jensen et al. 2005; Borum et al. 
2006; Figure II).  
 
Figure II. Conceptual diagram, illustrating internal aeration, the below-ground oxic 
microshield and potential hydrogen sulphide (H2S) intrusion in seagrasses. (a) Rhizospheric 
oxic microshield present as a result of a sufficient O2 supply from the leaves. Radial O2 loss 
(ROL) from below-ground tissue leads to spontaneous chemical re-oxidation of phytotoxic 
H2S to non-toxic sulphate (SO42-). (b) Inadequate internal aeration may result in H2S 
intrusion, enhancing the risk of seagrass mortality, owing to chemical suffocation. 
Transversal sections (blue) visualize the extensive internal lacunar system (i.e. aerenchyma) 
of seagrasses. Black shadow indicates that O2 is present. Redrawn from Pedersen et al. 
(1998) with permission from Ole Pedersen (University of Copenhagen, Denmark). 
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The formation of oxic microshields relies on the ability of the plant to maintain a positive O2 
balance within the tissue, as well as in the rhizosphere. To accomplish this, seagrasses 
generally require relatively high levels of incident light, with optimal surface 
photosynthetically active radiation (PAR, 400-700 nm) irradiances up to 6 times higher than 
what is required for many macroalgae (Ralph et al. 2007). The spatial extent and strength, 
i.e. the oxidising capacity, of the oxic microshield, is dependent on the balance between: i) 
the O2 supply from either passive diffusion, which is dependent on the bulk water O2 
concentration, as well as the thickness of the diffusive boundary layer (Binzer et al. 2005), or 
photosynthetically-derived O2 evolution (Pedersen et al. 1998; Pedersen et al. 2004), versus 
ii) the sediment O2 demand (including both bacterial respiration and spontaneous chemical 
reactions with sediment-produced reduced toxic compounds), as well as iii) the plants own 
respiratory needs (Borum et al. 2006). It has recently been shown that the pO2 of the 
meristematic tissue (i.e. the basal leaf meristem) is highly affected by increasing 
temperatures in the ambient water column (Raun & Borum 2013). Raun and Borum (2013) 
showed that increasing temperature (especially >25 °C) had substantial negative impacts on 
meristematic pO2 as a result of increasing plant tissue respiration, which led to the 
suggestion that seagrasses are likely more vulnerable to environmental stressors during 
summer-time when water temperatures generally are higher.  
In summary, photosynthetically-derived O2 evolution is the most important source of O2 for 
internal transport, but passive diffusion of O2 from the water column to below-ground 
tissue during darkness is necessary for maintaining a constant O2 supply to rhizomes and 
roots (Borum et al. 2006). The O2 budget of seagrasses is thus a complex interaction 
between several O2 sources and sinks, and the influence of ROL on rhizospheric 
biogeochemical processes remains largely unknown, e.g. in terms of whether ROL 
supports/stimulates bacterial-mediated sediment detoxification in the seagrass rhizosphere.  
 
 
Rhizospheric plant-microbe interactions  
Like most marine sediments, seagrass sediments harbor a diverse microbial community 
responsible for the biogeochemical cycling of nutrients and carbon (Welsh, 2000; Nielsen et 
al. 2001; Devereux, 2005). From the plant perspective, both beneficial and harmful bacteria 
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are present in the seagrass rhizosphere (Devereux, 2005; Jensen et al. 2007). Sulphate-
reducing bacteria (SRB) increase the exposure of below-ground tissue to phytotoxic H2S, but 
also fix dinitrogen that may become available for plant assimilation (e.g. Hansen et al. 2000; 
Welsh, 2000; Nielsen et al. 2001). Sulphide-oxidizing bacteria (SOB), on the other hand, may 
enhance seagrass fitness by detoxifying the surrounding reduced sediment through 
bacteria-mediated H2S re-oxidation, a process that can be 10.000-100.000 times faster than 
chemical oxidation alone (Jørgensen & Revsbech, 1983; Nelson et al. 1986). Beggiatoa sp. is 
an example of a sulphide-oxidizing bacteria (SOB) living within the seagrass rhizosphere 
(Holmer et al. 2005), potentially supporting seagrasses by re-oxidizing phytotoxic H2S to its 
non-phytotoxic counterpart elemental sulphur (S) (Jørgensen & Revsbech, 1983; Nelson et 
al. 1986). The oxidation of reduced sulphur compounds such as H2S, results in the release of 
protons (H+), which lowers the pH levels of the sediment.  
2O2 + H2S  2H+ + SO42- 
It is thus intriguing to suggest a possible mutual beneficial relationship between SOB and 
seagrasses, where seagrasses support SOB with O2 and root-exudates (dissolved organic 
carbon secreted from the below-ground tissue; Moriarty et al. 1986) and in return, the SOB 
oxidize phytotoxic H2S in the immediate rhizosphere; thereby supporting seagrasses by 
preventing the influx of phytotoxins into their below-ground tissue. 
The seagrass rhizosphere, here focusing on the oxic/anoxic interface, represents an extreme 
micro-habitat that can oscillate from oxic to anoxic over the diel cycle (Jensen et al. 2005; 
Frederiksen & Glud, 2006). This is a result of fluctuations in the photosynthetically-derived 
O2 supply to below-ground tissues (Borum et al. 2005), as well as a result of possibly 
decreased water column O2 concentrations during night time (Greve et al. 2003; Borum et 
al. 2005, 2006). Such fluctuations in O2 supply may lead to a shifting oxic/anoxic interface, 
which in turn may result in shifts in the functionality and composition of the microbial 
community (Jensen et al. 2007). The interaction between seagrass ROL and the microbial 
community surrounding the rhizome/roots of the plant remains largely unexplored, and 
research has mainly focussed on the effects of seagrass-secreted root/rhizome-exudates 
(e.g., sugars and amino acids) (Moriarty et al. 1986; Pollard & Moriarty, 1991; Badri & 
Vivanco, 2009). Jensen et al. (2007) investigated the microbial diversity in the seagrass 
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rhizoplane, showing that rhizospheric O2 availability can modify the bacterial consortia on 
seagrass roots by selecting for a distinct bacterial community composition through 
stimulation of potential symbiotic sulphide-oxidizing bacteria and inhibition of potential 
harmful sulphate-reducing bacteria (SRB). It is also worthwhile mentioning that a potential 
mutualistic beneficial relationship between seagrasses and associated, burrowing lucinid 
bivalves including their endosymbiontic sulphide-oxidizing gill bacteria, has recently been 
demonstrated by van der Heide et al. (2012). Van der Heide et al. (2012) reported reduced 
H2S stress in seagrass meadows inhabited by the lucinid bivalves, as determined from 
observation of an apparent relative increase in seagrass biomass when lucinid bivalves were 
present in the seagrass rhizosphere. This three-stage symbiosis was suggested to function as 
a tripartite mutual beneficial relationship, where the bivalve symbiosis reduces sediment 
H2S levels and in return seagrasses provide below-ground oxic micro-habitats.  
 
Mechanisms of stress and H2S toxicity 
Hot calm summer months, enhanced eutrophication, decreased light availability and quality, 
as well as rapid changes in the water column O2 level, are all conditions that can lead to 
physiological stress in seagrass meadows (Borum et al. 2006; Ralph et al. 2006) or even 
sudden die-off events in seagrass beds (Borum et al. 2005; Raun & Borum, 2013; York et al. 
2015). Seagrass die-offs are believed to be triggered by a low intra-plant O2 status as a result 
of insufficient O2 supply from the leaf region leading to inadequate internal plant aeration 
and subsequent H2S intrusion (Borum et al. 2006). If H2S reaches the below-ground tissue 
surface as a result of a diminished oxic microshield, this may result in high internal H2S 
concentrations potentially leading to H2S poisoning. H2S has been suggested to function as a 
broad-spectrum toxin and has been shown to form a complex binding with iron located in 
the mitochondrial enzyme cytochrome c oxidase, which is essential in the respiratory 
electron transport chain, thus leading to chemical asphyxiation by preventing cellular 
respiration (Eghbal et al. 2004; Pedersen et al. 2004; Truong et al. 2006). In combination 
with increased plant production of reactive oxygen species (ROS) and ethanol from 
anaerobic respiration, such conditions are highly detrimental and may lead to increased 
mortality (Eghbal et al. 2004; Pedersen et al. 2004; Borum et al. 2005; Borum et al. 2006; 
Perez-Perez et al. 2012). H2S toxicity has, furthermore, been linked to reduced nutrient 
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uptake and respiration rates, as well as membrane depolarisation (Raven & Scrimgeour, 
1997; Eghbal et al. 2004). H2S toxicity typically results in a poorly developed root-system 
with blackening of the tissue as a result of the formation of FeS at the tissue surface (also 
known as iron plaques). In contrast, a healthy root-system will typically appear orange-
brown in colour due to a thin coating of iron(III) oxides and hydroxides (Dobermann and 
Fairhurst 2000). 
Although well documented, the direct role of H2S toxicity on seagrass mortality is 
complicated and its role in the worldwide die-back events still remains unclear. A recent 
study by Pulido Pérez and Borum (2010) found that ROS, triggered by H2S toxicity, kills the 
seagrass leaf meristem. ROS, which are produced via respiration in the mitochondria, are 
phytotoxic and can lead to protein degradation and peroxidation of membrane lipids 
(Eghbal et al. 2004; Perez-Perez et al. 2012). A long-term reduction of the seagrass root 
surface may thus lead to a dramatic increase in the formation of internal ROS as a result of 
uncontrolled influx of reduced phytotoxic compounds such as H2S. In plant cells, ROS are 
furthermore produced in chloroplasts, peroxisomes, in the endoplasmic reticulum, as well 
as at the plasma membrane (Perez-Perez et al. 2012) altogether possibly leading to severe 
oxidative stress inside seagrass tissue, which in turn may cause irreversible oxidative 
damage to proteins, lipids and nucleic acids, ultimately leading to seagrass death (Perez-
Perez et al. 2012).  
 
Anthropogenic-induced stressors 
Human activities such as coastal development, eutrophication and boat mooring/activity 
have resulted in severe loss of seagrass cover across the world (e.g. Hastings et al. 1995; 
York et al. 2015). Harbour dredging operations causes re-suspension of abiotic and biotic 
fine sediment particles increasing water turbidity and thus reducing light availability for 
underwater photosynthesis. This has been shown to cause loss of seagrass meadows likely 
as a result of reduced photosynthetic O2 production (Erftemeijer & Lewis 2006; Ralph et al. 
2007). Sediment re-suspension, furthermore, has the potential to adversely affect the O2 
conditions in the water column through suspension of reduced metabolites, enhancing the 
possibility of overnight water-column hypoxia (Erftemeijer & Lewis 2006). Moreover, 
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sediment re-suspension has been shown to increase the likelihood of algae blooms and 
bacterial respiration as a consequence of sediment and nutrient dispersion (Ralph et al. 
2007). Coastal developments thus represent a severe threat to adjoining seagrass meadows, 
and further knowledge of dredging impacts on seagrass health is needed in order to enable 
better coastal management and conservation of this vital marine ecosystem. 
Leaf epiphytes are a natural part of the seagrass microbiome, but increased eutrophication 
e.g. from land run-offs and urban activity has been shown to result in enhanced epiphyte 
overgrowth on seagrass leaves (Borum, 1985), leading to reduced light availability and 
quality for the seagrasses and also potentially resulting in competition for dissolved 
inorganic carbon (DIC) between the seagrass host and the leaf epiphytic assemblage (Drake 
et al. 2003; Maberly, 2014; Costa et al. 2015). The effect of leaf epiphyte overgrowth on 
light availability and photosynthetic activity has been described in detail previously (e.g. 
Drake et al. 2003), but little is known about the effects on the below-ground tissue oxidation 
capacity and thereby the risk of H2S intrusion caused by reduced internal plant aeration. 
 
Important knowledge gaps in seagrass research: a rhizospheric perspective  
Our current understanding of internal O2 movement in seagrasses and the dynamics and 
distribution of rhizospheric O2 in seagrass meadows, is largely based on planar optode and 
microelectrode measurements performed in the rhizosphere and internally at the shoot 
base (i.e. at the basal leaf meristem) (e.g. Pedersen et al. 1998; Connell et al. 1999; 
Pedersen et al. 2004; Borum et al. 2005; Jensen et al. 2005; Sand-Jensen et al. 2005; Borum 
et al. 2006; Frederiksen & Glud, 2006; Raun & Borum, 2013; Jovanovic et al. 2015). These 
recent studies have revealed important information about how seagrasses sustain aerobic 
metabolism in below-ground tissues despite being situated in a highly reduced anoxic 
environment, resulting from an accumulation of organic matter in the sediment. 
Nonetheless, although the intra-plant O2 status and dynamics are well documented they are 
also inherently complex (Borum et al. 2006; Lee et al. 2007), and we still lack important 
knowledge about the effect of seagrass-derived oxic microzones on rhizospheric H2S levels 
and distributions, especially at the plant/sediment interface. Other areas that are subject to 
further investigations include: (i) plant-induced pH changes in the immediate rhizosphere 
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via excretion of allelochemicals where an increase in rhizospheric pH would e.g. result in 
chemical sulphide speciation shifts towards non-tissue-permeable and thus non-phytotoxic 
HS- ions, (ii) potential plant-driven nutrient mobilization in carbonate-rich tropical 
sediments, and (iii) possible beneficial relationships with the rhizospheric microbial 





Outline of PhD project: applied methodology and research aims 
The aim of this PhD project was to determine how changing environmental conditions affect 
the health and performance of seagrasses, with special focus on the dynamics of the below-
ground biogeochemical microenvironment (Figure III).  
 
Figure III. Conceptual diagram outlining the major aims of my PhD project, as well as an 
overview of the chapters that address the different aims specifically. Numbers in brackets 
refers to the respective data chapters wherein new findings of the respective topic is 
presented and discusses in detail. The order on the far right (from top to bottom) denotes 
the general progress in used methodologies as described below.  
 
The major objectives were thus to determine:  
(i) Can seagrasses alter the biogeochemical conditions in their rhizosphere and 
thereby detoxify their surrounding sediment.  
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(ii) Can seagrasses mobilize nutrients in the immediate rhizosphere through plant-
derived allelochemicals.  
(iii) How do environmental stressors such as water-column hypoxia, leaf epiphyte 
overgrowth and sediment re-suspension affect the overall plant performance 
and thereby the below-ground tissue oxidation capacity. 
 
The seagrass rhizosphere is a highly complex and heterogeneous environment, and to 
address these aims we therefore choose an experimental approach where we initially 
limited as many influencing parameters as possible. This was enabled by developing a 
system based on an artificial, transparent and reduced sediment matrix (deoxygenated 
seawater-agar amended with H2S). The artificial sediment matrix allowed us to define at an 
unprecedented spatial resolution how changing environmental conditions such as light 
intensity and water column O2 conditions affects the physiological responses of seagrasses 
and through that the below-ground biogeochemical microenvironment (described in detail 
in Chapters 1-4). The dynamics of the chemical microenvironment in the seagrass 
rhizosphere was primarily determined in high spatio-temporal resolution by advanced 
microsensor, DET/DGT gel and planar optode technology (e.g. Glud et al. 1996, 1999; Jensen 
et al. 2005; Robertson et al. 2008; Pagès et al. 2011). As we approached a deeper 
understanding for how the plants performance and thereby the below-ground 
biogeochemical microenvironment was affected by individual changes in the surrounding 
environment, we increased the number of influencing environmental parameters in the 
seagrass rhizosphere by introducing rhizosphere microbes (i.e. plant-microbe interactions), 
thereby moving towards more realistic conditions as experienced in natural sediment 
(Chapter 5). Finally, we performed several studies in natural sediment, addressing the 
effects of leaf epiphyte overgrowth on plants performance, as well as potential plant-
derived rhizospheric nutrient mobilization in carbonate-rich sediments (Chapters 6 & 7). We 
also carried out an in situ assessment of the effects of sediment re-suspension on seagrass 
health (Chapter 8). The thesis concludes with a review (Chapter 9) describing important 
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Highlights: This chapter describes a new fine-scale experimental approach to analyse how 
changing environmental conditions affect the below-ground biogeochemical 
microenvironment of aquatic macrophytes. The applied novel split flow-chamber with 
artificial sediment was assembled to enable manipulation of the seagrass leaf environment 
(e.g., flow rate, light intensity, water-column O2 concentration, temperature, etc.) while 
observing the impact on the below-ground biogeochemical microenvironment around the 
rhizome and roots of seagrasses. Seagrass leaves were positioned in free-flowing seawater 
in the “seawater compartment” and the rhizome and roots supported in a transparent, 
deoxygenated and reduced seawater/agar matrix in the “artificial sediment compartment”. 
The dynamics of the below-ground chemical microenvironment were analyzed in high 
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We present a new experimental setup enabling fine-scale examination of how changing 
environmental conditions affect the below-ground biogeochemical microenvironment of 
aquatic macrophytes. By means of microsensor and planar optode technology the influence 
of plant-mediated radial O2 release on the below-ground chemical microenvironment of 
Zostera muelleri and Halophila ovalis was determined in high spatio-temporal resolution. 
The seagrass specimens were cultured in a new split flow-chamber with artificial sediment 
made of a deoxygenated seawater-agar solution with added sulphide. Microelectrode 
measurements revealed radial O2 release from the root-shoot junction of both Z. muelleri 
and H. ovalis during both light stimulation and darkness, resulting in a rapid decrease in H2S 
concentration, and a significant drop in pH was observed within the plant-derived oxic 
microzone of Z. muelleri.  No radial O2 release was detectable from the below-ground tissue 
of Z. muelleri during conditions of combined water-column hypoxia and darkness, leaving 
the plants more susceptible to sulphide invasion. The spatial O2 heterogeneity within the 
immediate rhizosphere of Z. muelleri was furthermore determined in two-dimensions by 
means of planar optodes. O2 images revealed a decrease in the spatial extent of the plant-
derived oxic microzone surrounding the below-ground tissue during darkness, supporting 
the microelectrode measurements. This new experimental approach can be applied to all 
rooted aquatic plants, as it allows for direct visual assessment of the below-ground tissue 
surface during microprofiling, while enabling modification of the above-ground 
environmental conditions.  
 
Keywords: reduced artificial sediment, microelectrodes, planar optodes, changing 






Seagrass meadows provide a diverse range of key ecosystem services such as coastal 
protection from erosion and enhancement of marine biodiversity (Larkum et al. 2006; Orth 
et al. 2006; Waycott et al. 2009), and they are ranked 2-4 times higher than 
mangroves/saltmarshes and coral reefs in ecosystem service value (Costanza, 1997). 
However, seagrass meadows are currently declining at an alarming rate worldwide, mainly 
as a result of anthropogenic stressors including eutrophication from land run-off and coastal 
developments such as harbour dredging and boating activities (Holmer et al. 2009; Orth et 
al. 2006; Ralph et al. 2006; Waycott et al. 2009). Inadequate internal aeration resulting in 
low meristematic (below-ground tissue) O2 content, is considered one of the key factors in 
seagrass die-off events (Borum et al. 2005; Greve et al. 2003; Pedersen et al. 2004; Raun and 
Borum, 2013).  
 
As seagrasses typically inhabit organically enriched, sulphidic sediments, they are challenged 
to provide their below-ground tissue with sufficient O2 in order to sustain aerobic 
metabolism in roots and rhizomes and provide protection against sediment-derived 
phytotoxic compounds (Borum et al. 2006). The internal O2 supply mainly stems from 
photosynthesis in the leaves during daytime or from diffusive supply across the leave 
surface from the surrounding water column during night-time or low light conditions. In the 
plant, O2 is transported from the above-ground tissue to the below-ground tissue via low-
resistance, intercellular gas-filled spaces (aerenchyma) (Borum et al. 2006; Greve et al. 
2003; Jensen et al. 2005; Pedersen et al. 1998; Pedersen et al. 1999). The total amount of O2 
supplied to the root-system is determined by the internal oxygen partial pressure (pO2) of 
the shoots relative to the resistance of the below-ground tissue towards cross-tissue gas 
diffusion, as well as the consumption of O2 via respiration and leakage along the diffusion 
path (Borum et al. 2006). The O2 supply to the below-ground tissue is therefore strongly 
dependent on the environmental conditions, and may be severely limited during the night 
when the water-column O2 concentration is often reduced (Borum et al. 2006; Greve et al. 
2003; Pedersen et al. 2004). Unusually calm weather resulting in lowered flow as well as 
high water-column temperatures have also been shown to impede O2 diffusion to the 
below-ground tissue (Binzer et al. 2005; Raun and Borum, 2013). 
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 Apart from directly restricting metabolic processes, inadequate internal aeration can 
also result in H2S intrusion, leading to seagrass mortality from chemical asphyxiation 
(Holmer and Bondgaard, 2001; Perez-Perez et al. 2012; Raven and Scrimgeour, 1997). 
Previous studies have revealed that seagrasses often leak O2 from their below-ground tissue 
to the surrounding rhizosphere, in particular from the area close to the root-apex 
(Frederiksen and Glud, 2006; Jensen et al. 2005; Pedersen et al. 1998). Such radial O2 loss 
(ROL) to the rhizosphere results in an oxidized microenvironment adjacent to the root 
surface, enabling chemical and/or microbial oxidation of reduced phytotoxic compounds 
(Jensen et al. 2005; Jensen et al. 2007). In this way, healthy seagrasses may be actively 
modifying the geochemical microenvironment within the sediment to accommodate their 
growth (Brodersen et al. submitted).  
 
The current understanding of the chemical microenvironment in the seagrass rhizosphere is 
largely based on microelectrode and planar optode measurements, which provide excellent 
means for describing internal and external O2, H2S and pH variability with high precision and 
high temporal and spatial resolution. (Brodersen et al. submitted; Borum et al. 2005; 
Frederiksen and Glud, 2006; Greve et al. 2003; Jensen et al. 2005; Pedersen et al. 2004; 
Pedersen et al. 1998). Microelectrodes were introduced to seagrass research in the early 
90s (Caffrey and Kemp, 1991) and have since revolutionized the understanding of the 
internal gas transport in seagrass tissue (Borum et al. 2005; Borum et al. 2006; Pedersen et 
al. 2004). Later these findings were supported by planar optode measurements (Frederiksen 
and Glud, 2006; Jensen et al. 2005) enabling non-invasive imaging of the two-dimensional 
microdistribution of O2 within the seagrass rhizosphere.  
Microsensor techniques are limited by the difficulty of precise positioning of the 
microelectrode relative to roots and rhizomes. A commonly used method involves 
uncovering the root for microsensor positioning and subsequent covering with sediment. 
This limits the number of measuring points and can disturb redox conditions in natural 
sediment, especially when attempting microsensor measurements on actively growing roots 
(Jensen et al. 2005; Pedersen et al. 1998). Planar optodes provide a better overview of 
heterogeneity in the O2 dynamics around the below-ground tissue but the biomass must be 
closely associated with the planar optode, which can affect the distribution of solutes in the 
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sediment by acting as a physical barrier to the diffusion of analyte compounds such as O2 
(Frederiksen and Glud, 2006). Most studies of the below-ground chemical 
microenvironment of seagrasses have focused on the O2 microdistribution in the 
rhizosphere, while knowledge about the microdistribution and dynamics of important 
chemical species such as H2S and pH is very limited. Effect of changing environmental 
conditions on seagrass health are thus largely based on several internal microelectrode 
measurements in the meristematic region of the rhizome (Binzer et al. 2005; Borum et al. 
2005; Borum et al. 2006; Pedersen et al. 2004; Raun and Borum, 2013), while knowledge 
about the dynamics of the external below-ground biogeochemical microenvironment is still 
lacking. 
 
In order to address some of the experimental limitations in previous studies, we developed 
a new methodology employing a split flow-chamber wherein seagrass specimens could be 
cultured in a transparent, sulphidic medium with properties mimicking those of typical 
reduced sediment. The setup enables the use of both microsensors and planar optodes for 
rapid determination of changes in the below-ground tissue chemical microenvironment in 
response to changing environmental conditions in the leaf region (i.e. light/dark shifts and 
water-column O2 content). This experimental approach allows for efficient analyses of the 
effect of combined environmental stressors, such as those predicted from climate changes 
or caused by human activity, on the health of seagrasses and other aquatic macrophytes. 
Hence, the aims of this study were to: i) describe a new experimental approach that allows 
for measuring the dynamics of the chemical microenvironment around the tissue surface of 
aquatic macrophytes as a response to experimentally manipulated changing environmental 
conditions, and ii) investigate whether results obtained with this method are comparable to 
below-ground chemical microdynamics previously reported in natural sediment. 
 
MATERIALS AND METHODS 
Flow-chamber design 
The flow-chamber consisted of a “water phase” compartment and an adjoining “sediment” 





Figure 1.1. Schematic drawing of the applied split flow-chamber (top view) visualising the 
position of the examined seagrass specimen, with leaves in the “water” compartment and 
roots/rhizome in the “sediment” compartment (Detailed drawings are available in the 
supplementary information).  
 
The “water” compartment was designed as a conventional flow cell, in which water flows 
uniformly from an inlet towards an outlet on the opposite side of the chamber. Water flow 
was maintained with a submersible pump connected to the chamber via a silicon hose (Fig. 
1.2). The “sediment” compartment was fully closed off except for the narrow opening (5 
mm) to the “water” compartment, through which the seagrass leaves could reach the water 
phase. This narrow opening was closed off by a small polystyrene-wedge after positioning of 
the seagrass specimen. To reduce influx of O2 to the artificial sediment (described below) a 
silicon tube with numerous holes was positioned below the waterline in the “sediment” 
compartment and continuously flushed with humidified N2. The water phase in the 
”sediment” compartment was covered with parafilm to reduce evaporation and advection, 
and lastly, a layer of aluminium foil was applied to further retain the N2 in the chamber and 
to prevent roots being exposed to light. Microsensor measurements were performed 
through a small opening in the aluminium foil which could be closed off between 
measurements. In order to facilitate planar optode measurements (described below) from 
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the underside of the sediment chamber, the bottom of the split flow chamber was made 
from 3 mm thick, highly transparent polycarbonate. Detailed drawings of the flow chamber 
are provided as supplementary information (Fig. S1.1, S1.2, S1.3, S1.4 and S1.5). 
 
 
Figure 1.2.  Schematic diagram of the experimental setup. Data acquisition and microsensor 
positioning was done with dedicated PC software (SensorTrace Pro, Unisense A/S, Denmark; 
VisiSens, PreSense, Germany).  
 
Transparent artificial sediment  
Artificial sediment was constructed to mimic chemical conditions in natural sediment while 
enabling direct visual navigation when performing the below-ground microsensor 
measurements. The artificial sediment (in the “sediment” compartment) consisted of three 
functional layers: 1) a bottom layer (~3 mm) of  Na2S enriched gauze (1  mM H2S) to ensure 
a continued diffusive supply of H2S to the sediment, 2) a viscous, (40 mm thick) anoxic 
layer  of a ~0.2-0.7% agar-seawater solution deoxygenated via N2 bubbling, buffered with 
HEPES buffer (10 mM) and amended with Na2S to a final concentration of 50-200 μM H2S, 
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and 3) a top layer (10-20 mm) of seawater kept hypoxic via continuous bubbling with 
humidified N2 and thus functioning as an O2 sink. 
Filtered (0.22 μm) seawater was used throughout the experiment in order to ensure natural 
ratios of essential nutrients and avoid salinity gradients within the artificial sediment. For 
experiments involving planar optode measurements (see below), the gauze (layer 1) was 
excluded from the area above the planar optode to allow for direct visual inspection of the 
below-ground tissue from below the chamber. The separation of the different layers during 
casting of the artificial sediment was enabled by carefully pouring the upper medium with a 
plastic spoon to lower the impact force on the below medium. 
 
Seagrass collection and maintenance 
The seagrass specimens (i.e., Halophila ovalis and Zostera muelleri subsp. capricorni) were 
collected from shallow waters (less than 2 m depth) at Narrabeen Lagoon and Brisbane 
Waters, NSW, Australia. Specimens were transported to the University of Technology, 
Sydney within 2h of sampling, where the plants were maintained in a glasshouse under a 
natural light regime at a temperature of ~22°C and a salinity of ~ 34. The below-ground 
tissue of the plants selected for measurements was gently washed free of adhering 
sediment particles and left in the water column attached with loose rubber bands to small 
glass jars filled with sand. The latter was done to remove any remaining sediment particles 
from the root surface and root-hairs, without causing any damage to the root tissue. 
Furthermore, to obtain information on the natural chemical conditions in the sediment at 
the sampling site, a sediment core was collected at Narrabeen Lagoon adjacent to the 
seagrass meadow with a plastic tube (inner diameter 6.3 cm) used as corer. 
Prior to each experiment, the seagrass plant was positioned horizontally in the split flow-
chamber with the leaves in the free-flowing “water” compartment and the rhizome and 
roots supported in the deoxygenated agar matrix. Each plant was acclimatized in the split 
flow-chamber for several days prior to measurements and was acclimatized to the 
experimental conditions for a minimum of 3h before each experiment to ensure steady-





Illumination was provided by a tungsten halogen lamp fitted with a collimating lens (KL-
2500, Schott GmbH, Germany). The downwelling photon irradiance (PAR, 400-700 nm) was 
measured with a scalar irradiance minisensor (US-SQS/L, Walz GmbH, Germany) connected 
to a calibrated quantum light meter (LI-250A, LI-COR, USA). The seagrass leaf canopy was 
positioned at the centre of the narrow light beam, thus limiting light exposure to the above-
ground tissue. The plants were illuminated with an incident photon irradiance of 350-500 
μmol photons m-2 s-1. A constant flow (~1 cm s-1) of aerated and thermostated seawater 
(22°C; salinity of 34) was maintained in the free-flowing seawater compartment by the 
submerged pump. Hypoxic water-column conditions (see experimental treatments below) 
were obtained by constantly flushing the supporting water-bath with a mixture of 
atmospheric air and nitrogen. The oxygen concentration of the water bath was monitored 
via a Clark-type O2 microsensor (OX-100, tip diameter of ~100 μm, Unisense A/S, Aarhus, 
Denmark). Plants were cultured in the flow chamber for more than 2 weeks under constant 
conditions (22°C; Salinity of 34; 10:14 h light-dark cycle) and Chl a fluorometry was used to 
determine the longevity of seagrass plants held in the split flow-chamber. 
 
Experimental treatments 
To demonstrate the potential of the novel experimental approach, we aimed to examine the 
impact of following treatments: i) the effect of light exposure on the radial O2 loss (ROL) 
from the below-ground tissue of Halophila ovalis; ii) the effect of light exposure and hypoxic 
(~50% air saturation) conditions in the water column during darkness on ROL from the 
below-ground tissue of Zostera muelleri; iii) the steady state dynamics of the below-ground 
chemical microenvironment modified by Zostera muelleri; and finally, iv) how the oxic 
microshield and the spatial O2 heterogeneity within the rhizosphere of Zostera muelleri is 
affected by a light-dark transition. The Halophila ovalis measurements are mainly included 
in this study to show that the experimental approach can be applied to different aquatic 
macrophytes with e.g. highly different morphological appearance (i.e., the leaves of the 
Zostera muelleri specimens were ~40 cm in length, as compared to Halophila ovalis only ~5 





We used Clark-type O2 and H2S microsensors (OX-50 and H2S-50, tip diameter of ~50 μm, 
Unisense A/S, Aarhus, Denmark; response time <5 and 10 s, respectively; stirring sensitivity 
<2%) to measure the O2 and H2S concentrations of the below-ground microenvironment 
(Jeroschewski et al. 1996; Revsbech 1989). pH values were measured with pH 
microelectrodes (PH-50, Unisense A/S, Denmark; Kühl and Revsbech (2001)). All 
microsensors were mounted on a motorized micromanipulator and connected to a 4-
channel multimeter (Unisense A/S, Denmark) both interfaced with a PC running data 
acquisition and positioning software (SensorTrace PRO, Unisense A/S, Denmark). The 
microsensors were linearly calibrated at experimental temperature and salinity before 
microprofiling commenced (further information on the calibration procedures is provided by 
the manufacture on www.unisense.com). The microsensors were positioned at the seagrass 
tissue surface (defined as 0 μm distance) by means of the micromanipulator. This was done 
by manually moving the microsensors while observing the microsensor tip and tissue 
surface through a stereo-microscope (AmScope, Irvine, CA, USA) equipped with a small 
observation device in the form of a custom-made polycarbonate plastic tube closed off by a 
clear window. The device was carefully submerged into the water column of the sediment 
compartment without disturbing the artificial sediment surface, and enabled a less 
obstructed/distorted view through the microscope by excluding the air/water interface. 
Microprofiles around the below-ground tissue were measured in increments of 50-100 μm, 
whereas microprofiles describing the artificial sediment were measured in vertical step sizes 
of 1000 μm. 
 
Microsensor measurements within natural sediment 
Vertical O2 and H2S microprofiles in natural sediment were obtained as described above. 
The sediment core was submerged into a cylinder-shaped aquarium (~2 L), and stirring was 
achieved via a constant flow of atmospheric air from an air-pump, applied onto the water 
surface through a Pasteur pipette (sediment surface at ~3 cm depth; ~22°C; salinity of 34; 




Planar optode measurements 
The spatial O2 heterogeneity within the immediate rhizosphere of Zostera muelleri was 
mapped with a transparent planar O2 optode (Glud et al. 1996; Jensen et al. 2005) providing 
information on the two-dimensional O2 distribution around the below-ground tissue. The 
planar optode consisted of an O2 quenchable platinum(II)octaethylporphyrin luminophore 
(indicator dye) combined with a light harvesting antenna dye (Macrolex® fluorescence 
yellow 10GN) immobilized in polystyrene on a 125 μm thick, transparent polyester support 
foil and covered with a semi-transparent silicon layer containing carbon powder (Larsen et 
al. 2011). The planar optode was imaged with a compact USB-camera O2 imaging system 
(Visisens, Presens, Germany) interfaced to a PC running the manufacturers imaging software 
system (VisiSens, PreSens, Germany). The detecting unit consisted of a digital camera 
equipped with a long pass filter and violet-blue LEDs for excitation of the planar optode 
(VisiSens, PreSens, Germany). 
The planar optode system used a colour ratiometric imaging approach (Larsen et al. 2011), 
where the LED excites both the reference and the O2 sensitive dye causing dual emission, 
i.e., red luminescence from the O2-quenchable indicator dye and green luminescence from 
the inert reference. The recorded intensity ratio between the recorded luminescence 
intensity in the red and green channel of the USB camera (i.e., Ratio = (Red – Green) / 
Green) provides a measure of the O2 concentration at the surface of the planar optode. The 
planar optode was calibrated in anoxic (N2 flushed) and air-saturated seawater before 
measurements commenced (further information on calibration procedures and image-
recordings are provided in Larsen et al. (2011)). 
The planar optode was fixed on the bottom wall of the “sediment” compartment of the split 
flow-chamber, using a thin layer of non-toxic silicone grease to “glue” the optode to the 
chamber bottom, carefully avoiding formation of air bubbles in between the chamber wall 
and optode. The sides of the optode were fixed with small pieces of tape. A seagrass plant 
was then positioned with the below-ground tissue touching the optode, where after the 
fluid artificial sediment (~36°C) was gently poured into the compartment followed by rapid 
cooling to air temperature (22°C). Finally, a layer of anoxic seawater was established above 
Chapter 1 
35 
the solidified artificial sediment by gently pouring nitrogen flushed seawater over the 
sediment as described above. 
 
Flux calculations 
A cylindrical version of Fick’s first law of diffusion was used to calculate the radial oxygen 
fluxes from the root-shoot junctions (Steen-Knudsen 2002), assuming a perfect 
homogeneous and cylinder shaped oxic microzone: 
J(r)below-ground tissue = φDs (C1 – C2) / rln (r1/r2) 
where φ is the porosity, Ds is the apparent oxygen diffusion coefficient within the artificial 
sediment (here assumed similar to the molecular diffusion coefficient of O2 in seawater, D0), 
r is the tissue radius, and C1 and C2 are the measured O2 concentrations at the distances r1 
and r2, respectively (i.e. the inner and outer distance from the root centre). The porosity of 
the artificial sediment was calculated to be 0.95 from the weight loss of wet-sediment 
(known initial volume) after drying in a 105°C oven until a constant weight was reached. The 
radius of the root-shoot junction was defined under a stereo-microscope. D0 at the 







Chemical properties of the artificial sediment 
The O2 concentration of the seawater layer overlying the artificial sediment (i.e., the O2 sink) 
was ~15 μmol L-1 owing to the continuous flushing with N2 gas, which kept the artificial 
sediment anoxic for the duration of the experiments (Fig. 1.3a). In the first few mm of the 
artificial sediment, O2 concentrations were low and decreased rapidly with depth as typical 
for natural marine sediment (Fig. 1.3a, b). The thin oxic zone was followed by an anoxic 
homogeneous zone, which extended to the bottom of the chamber. The seagrass below-
ground tissue (i.e., root-shoot junction, rhizome and roots) was placed >20 mm below the 
artificial sediment surface to ensure no O2 from the surface would reach the below-ground 
tissue, and all microsensor measurements were performed below this depth. In the anoxic 
part of the artificial sediment, we observed a rapid increase in the H2S concentration with 
depth, reaching a maximum concentration of ~65 μmol L-1 at 3.6 cm depth (i.e. the deepest 
measured point within the artificial sediment ~10 mm below the below-ground tissue (Fig. 
1.3a)). The pH value of the artificial sediment decreased from ~7.5 at the surface of the 
sediment to pH 7 at the deepest point measured (~4 cm depth) (Fig. 1.3a). In comparison, 
the O2 penetration depth within the natural marine sediment was ~ 1 mm and the H2S 






Figure 1.3. (a) Vertical microprofiles of [O2], [H2S] and pH in the artificial sediment from the 
surface of the overlying O2 sink (N2 flushed seawater; ~16 mm deep) until ~10 mm below 
the below-ground tissue at a total vertical depth of ~4 cm. The dotted line represents the 
surface of the artificial sediment. All microsensor measurements are performed after the 
acclimatization period of the plants in the chamber, just prior to the experiments. (b) 
Vertical microprofiles of [O2] and [H2S] in natural sediment originating from Narrabeen 
Lagoon, NSW, Australia. An enlarged plot of the [O2] microprofile across the water-sediment 
interface is inserted. Legends depict the different chemical species. Symbols and error bars 




Seagrass health during cultivation 
Pulse amplitude modulated (PAM) fluorometry measurements of photosynthetic 
performance (Beer et al. 1998; Ralph and Short 2002) confirmed that the plants were still 
healthy and photosynthetic competent after the two week incubation (Fv/Fm ~0.7; Z. 
muelleri). Furthermore, a complete new root-bundle, internode and new leaves developed 
over a 7-8 day period in both species, signifying active growth in the flow chamber. Over the 
duration of the experiment, the new roots reached a length of 3 cm on average, 
corresponding to a growth rate of 0.4 cm d-1, which is comparable to growth rates found for 
Zostera marina growing in natural sediment (Jensen et al. 2005).  
 
Below-ground O2 dynamics in the seagrass rhizosphere 
Light exposure of the above-ground tissue of Zostera muelleri resulted in a ~3-fold increase 
in the radial O2 loss from the root-shoot junction, increasing from 1.05 mmol O2 m-2 h-1 in 
darkness to ~3.0 mmol O2 m-2 h-1 under an incident irradiance of ~350 μmol photons m-2 s-1 
(Fig. 1.4a). The radial O2 loss from the root-shoot junction resulted in the establishment of a 
~300 μm thick oxic micro-niche in the surrounding sediment. Hypoxic conditions (~50% air 
saturation) in the water-column of the “water” compartment resulted in a complete 
disappearance of the oxic microzone surrounding the meristematic region of the rhizome, 
i.e., around the combined rhizome/basal leaf meristem area at the root-shoot junction (Fig. 
1.4a). From the root-shoot junction of Halophila ovalis we found a ~6-fold increase in the 
radial O2 loss as a response to light stimuli, with O2 fluxes increasing from 1.06 mmol O2 m-2 
h-1 in darkness to 6.5 mmol O2 m-2 h-1 under an incident irradiance of ~500 μmol photons m-





Figure 1.4. (a) Radial O2 loss from the root-shoot junction of Zostera muelleri as measured 
with O2 microelectrodes during darkness (triangles), under an incident irradiance of ~350 
μmol photons m-2 s-1 (squares), and in darkness with hypoxic conditions (~50% air 
saturation) in the water-column surrounding the leaves (empty circles). n=3. (b) 
Microelectrode measurements of the radial O2 loss from the root-shoot junction of 
Halophila ovalis measured in darkness (triangles) and under an incident irradiance of ~500 
μmol photons m-2 s-1 (squares). n = 4-5. Plants were investigated at the light intensity they 
were acclimatized to during cultivation/maintenance. Distance (in μm) refers to the distance 
from the below-ground tissue, where x-axis = 0 indicate the below-ground tissue surface. 
Symbols and error bars indicate mean ± SD. 
 
Chemical microenvironment at the below-ground tissue surface 
The chemical microenvironment in the immediate rhizosphere of Zostera muelleri at the 
root-shoot junction during darkness is shown in Figure 1.5. Microelectrode measurements 
revealed a decrease in the H2S concentration within the oxic microshield, decreasing from 
~11.3 to 0 μmol H2S L-1 at the below-ground tissue surface over a distance of ~1 mm, 
demonstrating complete re-oxidation and removal of phytotoxic H2S at the tissue surface. 
The pH value decreased from 6.8 in the immediate rhizosphere to 4.7 at the tissue surface, 
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likewise with a relatively steep gradient within the ~400μm thick oxic micro-niche (Fig. 1.5). 
The O2 concentration at the below-ground tissue surface was ~65 μmol O2 L-1 (Fig. 1.5). 
 
 
Figure 1.5. The chemical microenvironment at the meristematic region of the rhizome of 
Zostera muelleri measured with O2, H2S and pH microelectrodes. Legend depicts the 
different chemical species: O2 concentration (empty circles); H2S concentration (squares); 
pH values (triangles). Distance (in μm) refers to the distance from the below-ground tissue, 
where x-axis = 0 indicate the below-ground tissue surface. Average; no error bars. n = 2.  
 
Distribution of O2 within the rhizosphere of Zostera muelleri  
The two-dimensional planar optode images, visualising the spatial O2 microdistribution at 
the root-shoot junction, revealed O2 loss from the below-ground tissue of Zostera muelleri 
both from roots of the first actively growing root-bundle and from the root-shoot junction. 
This lead to the establishment of oxic microzones with O2 concentrations reaching up to 
~60% air saturation in light (~300 μmol photons m-2 s-1; Fig. 1.6). Light stimulation of the leaf 
canopy resulted in an expansion of the oxic microzones and enhanced O2 leakage into the 





Figure 1.6. The spatial O2 heterogeneity within the rhizosphere of Zostera muelleri mapped 
via planar optodes during light-dark transitions. Measurements were taken at quasi-steady 
state at a temperature of 22°C, a salinity of 35 and a water column flow-velocity of 1 cm s-1. 
The legend shows the O2 concentration in % air saturation. 
 
DISCUSSION 
The new split flow-chamber with transparent, artificial sediment enables investigations with 
high spatio-temporal resolution and replication to resolve effects of changing environmental 
conditions on seagrasses and their ability to modify the chemical microenvironment around 
their below-ground tissue. We examined the effect of light-dark transitions and hypoxic 
water column conditions on the oxidation capability of the below-ground tissue. The O2 flux 
rates measured at the below-ground tissue of both seagrass species were similar to previous 
reported O2 flux rates from the roots of Cymodocea rotundata in natural sediment 
(Pedersen et al. (1998); 2.3 and 5.3 mmol O2 m-2 h-1 in darkness and light at equivalent 
incident irradiance, respectively). The radial O2 loss (ROL) resulted in a 200-400 μm oxic 
microzone surrounding the root-shoot junction (Fig. 1.4), with a slight enhanced spatial 
distribution during light stimulation (~50 μm), owing to additional O2 in the leaf aerenchyma 
due to photosynthesis (Fig. 1.4). The extent of the oxygenated microzones is defined by the 
balance between the rate of ROL and the total O2 consumption rate of the surrounding 
sediment and were similar in extension to what has been found in previous studies in 
natural sediment (Jensen et al. 2005). Hence, the artificial sediment in the split flow-
chamber setup appeared to mimic basic properties of natural sediment. Furthermore, 
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seagrass sediments are generally very rich in organic matter and therefore exhibit high 
microbial activity, which in combination with a low O2 solubility in water and low diffusion 
rate, results in very low O2 penetration depths (often only a few mm; as seen on Figure 
1.3b). As such, by far most of the seagrass below-ground biomass resides in anoxic 
sediment, and therefore, we find that the chosen method to a reasonable extent replicates 
natural conditions. While the present study focuses on chemical dynamics, the setup could 
be further modified to include natural sediment pore-water with its abundance of microbes. 
This would allow for the development and quantification of biogeochemical processes (such 
as microbial sulphide oxidation) in the setup, which likely would influence the chemical 
microenvironment around the below ground tissue. Such studies are underway. 
 
When atmospheric O2 was introduced to the seawater overlying the artificial sediment (O2 
sink) during measurements, the O2 concentration of this sink depended on the total time 
that was spent on measuring during an experiment. During prolonged measurements (>4h), 
the O2 concentration reached a maximum of ~40 μmol O2 L-1 (data not shown), whereas the 
O2 concentration of the sink was ~0 μmol O2 L-1 in between measurements, as a result of the 
covering of the “sediment” compartment containing the artificial sediment (based on initial 
measurements in the sink just after removing the cover; data not shown). Importantly, 
however the increase in O2 concentration did not extend to the deeper parts of the artificial 
sediment, where the seagrass rhizome and roots persisted in anoxia. Nevertheless, it is 
advisable to limit the measuring time and completely cover the “sediment” compartment of 
the split flow-chamber between measurements to flush out the small amount of O2 
introduced during measurements. To avoid movement (wobbling) of the artificial sediment, 
the flow rate of N2 had to be limited, resulting in the less than optimal O2 removal efficiency 
during measurements. However, this issue may be alleviated by increasing the agar 
concentration of the artificial sediment at the cost of a significantly reduced visibility 
through the sediment. 
 
The planar optode images revealed O2 leakage from both the root-shoot junction and from 
the new and actively growing roots of Zostera muelleri (Fig. 1.6). The spatial distribution of 
O2 expanded during light stimulation of photosynthesis in the leaf canopy, thus supporting 
the microelectrode findings (Fig. 1.4). Both the microelectrode and planar optode 
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measurements confirmed decreased oxidation capability of the below-ground tissue during 
darkness. In addition, hypoxic conditions in the water column resulted in an inability to 
sustain the external oxic microshield around the meristematic region of the rhizome, likely 
as a result of inadequate internal aeration (Fig. 1.4). This confirms a dependency of Z. 
muelleri on passive diffusion of O2 from the water column during night time, as previously 
reported in other seagrass species (e.g., Pedersen et al. 2004; Borum et al. 2005), 
particularly during summertime where plant respiration rates may be high, as a result of 
elevated seawater temperatures (Raun and Borum, 2013). 
The presence of the oxic microshield seemed to reduce the concentration of H2S in the 
rhizosphere, most likely as a result of chemical oxidation of H2S with O2 (2O2 + H2S → 2H+ + 
SO42-). This process leads to formation of protons and can therefore explain the observed 
decrease in pH within the oxic microzone (Fig. 1.5). This phenomenon was also observed in 
a recent study, describing the dynamics of the chemical below-ground microenvironment of 
Z. muelleri under changing environmental conditions (Brodersen et al. submitted). 
Interestingly, a drop in pH within the oxic microzone towards the tissue surface (as seen on 
Fig. 1.5), would likely lead to dissolution of carbonates and concomitant release of 
sediment-bound phosphorus, which is generally a limiting nutrient in carbonate-rich 
sediments.  
Prolonged periods of darkness thus have a significant negative impact on the oxidation 
capacity of the below-ground tissue, and in combination with decreased water column O2 
content, this could leave seagrasses more sensitive to H2S in the sediment as a result of 
inadequate internal aeration (Borum et al. 2005; Pedersen et al. 2004). Anthropogenic 
activities resulting in poor light conditions in the seagrass canopy, such as in the case of 
dredging operations where water-column turbidity is greatly increased (Erftemeijer and 
Lewis 2006), may thus have a substantial negative impact on the health of seagrass 
meadows, especially if enhanced respiration rates in the water column results in overnight 
hypoxia.  
 
The presented experimental approach has broad applications within aquatic macrophyte 
ecophysiology and ecology. In this study, we focussed on the impact of environmental 
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changes to the below-ground microenvironment, but effects on the above-ground 
microenvironment can easily be addressed as well. This could include investigations of: i) 
how the thickness of the diffusive boundary layer around the leaves is affected by 
decreased water motion due to epiphyte growth on the leaf surface; and ii) how the internal 
O2 levels in leaves and rates of photosynthesis and respiration are affected by water 
turbidity. The main advantage of the presented experimental approach, as compared to 
previous used methodology (e.g. Jensen et al. 2005; Pedersen et al. 1998) is, however, that 
it simplifies the use of microsensors for measurements of the chemical microenvironment in 
the immediate rhizosphere, allowing for more frequent and detailed measurements with 
minimal risk of breaking the fragile microsensor tip. The artificial sediment allows for exact 
determination of the position of the microelectrode tip relative to the tissue surface, which 
is essential when doing quantitative calculations of fluxes and metabolic rates from 
microgradients. Such measurements can now be combined with planar optode 
measurements to get a more detailed mapping of the heterogeneity in the chemical 
microenvironment around the below-ground tissue, which otherwise would be challenging 
to obtain in natural sediment. 
In summary, the experimental approach described in this paper has broad application within 
all micro-scale studies of aquatic macrophytes including plant-sediment interactions. A 
detailed understanding of how changing environmental conditions affect the health of 
aquatic macrophytes such as seagrasses, through its effect on the plants performance and 
its interaction with the surrounding sediment biogeochemistry, can lead to important new 
insight enabling better direction of coastal management resources, as well as provide a 
better understanding of the consequences of anthropogenic-induced stressors such as 
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SPLIT FLOW-CHAMBER DRAWINGS 
 
 
Fig. S1.1: Schematic drawing of the split flow-chamber (top view). 
 





Fig. S1.2: Schematic drawing of the split flow-chamber (front view). Illustrating the upper 
compartment (flow cell) containing the free-flowing seawater. 
 





Fig. S1.3: Schematic drawing of the split flow-chamber (side view). Illustrating the inlet wall 
at the side of the chamber and the division of the chambers. 
 
  





Fig. S1.4: Schematic drawing of the applied split flow-chamber (in 3-D) visualising the 
position of the examined seagrass specimen. Illustrated by DOTMAR Engineering Plastic 
Products (DOTMAR EPP) Pty Ltd, NSW, Australia (www.dotmar.com.au). 
 





Fig. S1.5: 3-D animation of the applied split flow-chamber. Double-click to open Acrobat 
document (animation provided by DOTMAR Engineering Plastic Products (DOTMAR EPP) Pty 
Ltd, NSW, Australia; www.dotmar.com.au). 
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Highlights: This chapter describes how Zostera muelleri ssp. capricorni modifies the 
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root/shoot junctions (including the basal leaf meristem with leaf sheath), resulted in 
pronounced sediment detoxification within the plant-derived rhizospheric oxic microshields. 
Moreover, this chapter describes how changing environmental conditions, such as overnight 
water-column hypoxia, affect the plants performance. 
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ABSTRACT 
Seagrass is constantly challenged to transport sufficient O2 from above- to below-ground 
tissue via aerenchyma to maintain aerobic metabolism and provide protection against 
phytotoxins. 
Electrochemical microsensors were used in combination with a custom-made experimental 
chamber to analyse the below-ground biogeochemical microenvironment of Zostera 
muelleri under changing environmental conditions.  
Measurements revealed high radial O2 release of up to 500 nmol O2 cm-2 h-1 from the base 
of the leaf sheath, maintaining a ~300 μm wide plant-mediated oxic microzone and thus 
protecting the vital meristematic regions of the rhizome from reduced phytotoxic 
metabolites such as H2S. Hydrogen sulphide intrusion was prevented through passive 
diffusion of O2 to below-ground tissue from leaf photosynthesis in light, as well as from the 
surrounding water-column into the flow-exposed plant parts during darkness. 
Under water-column hypoxia, high below-ground H2S concentrations at the tissue surface 
correlated with the inability to sustain the protecting oxic microshield around the 
meristematic regions of the rhizome. We also found increased pH levels in the immediate 
rhizosphere of Z. muelleri, which may contribute to further detoxification of H2S through 
shifts in the chemical speciation of sulphide.  
Zostera muelleri can modify the geochemical conditions in its immediate rhizosphere 
thereby reducing its exposure to H2S. 
 
Keywords: Radial oxygen release, oxic microshield, biogeochemistry, microelectrodes, 
Zostera muelleri, rhizosphere, plant-sediment interactions 
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INTRODUCTION 
Seagrasses (angiosperms) are considered crucial ecological engineers as they provide 
important ecosystem services that have a significant positive impact on their physical, 
chemical and biological surroundings (Costanza, 1997; Larkum et al., 2006; Orth et al., 2006; 
Waycott et al., 2009). Over the past century, seagrass meadows have faced worldwide 
decline, mainly as a result of anthropogenic impacts such as eutrophication and coastal 
development (Orth et al., 2006; Ralph et al., 2006), resulting in an increasing number of 
seagrass die-off events (Seddon et al., 2000; Plus et al., 2003; Borum et al., 2005), ranging 
from frequent small scale events (Carlson et al., 1994; Zieman et al., 1999) to isolated 
episodes of mass mortality (Robblee et al., 1991). The exact causes leading to such die-offs 
remain largely unknown, but combined stressors such as high temperatures, high salinity, 
low flow-rates and water-column hypoxia, causing plant tissue anoxia, in combination with 
H2S invasion from the surrounding sediment, have been suggested as likely causes (Carlson 
et al., 1994; Zieman et al., 1999; Borum et al., 2005; Frederiksen et al., 2006b; Holmer et al., 
2009; Raun & Borum, 2013). 
Because seagrasses mostly grow in highly reduced sediments (Borum et al., 2006), they are 
constantly challenged to supply sufficient O2 to their below-ground tissue to sustain aerobic 
metabolism, as well as to provide protection against invasion of reduced phytotoxic 
compounds such as H2S from the surrounding sediment (Armstrong, 1979; Borum et al., 
2005; Borum et al., 2006). To facilitate this, seagrasses have well-developed aerenchyma 
(lacunar system), which enables rapid internal gas-phase diffusion of O2 to the roots, 
rhizomes and basal meristems. During daytime, photosynthesis in the seagrass leaves 
coupled with efficient gas transport in the aerenchyma ensures an adequate O2 supply to 
the below-ground tissues. At night time, on the other hand, seagrasses are completely 
dependent upon passive diffusion of O2 into leaves from the water column (Pedersen et al., 
1998; Borum et al., 2006); a process that is influenced by the O2 concentration in the 
surrounding water, the thickness of the seagrass leaf diffusive boundary layer (DBL), and 
thereby the flow-velocity of the surrounding water, as well as by the plant respiration rate 
itself (Pedersen et al., 2004; Binzer et al., 2005). This important physiological adaptation 
enables seagrasses to maintain an oxidized microzone (oxic microshield) around their roots 
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(Pedersen et al., 1998; Jensen et al., 2005; Borum et al., 2006; Frederiksen & Glud, 2006), 
typically originating from around the root apex/apical meristem (Jensen et al., 2005; Borum 
et al., 2006) and resulting in a temporally oxidized microzone 1-2 mm behind the root-tip. 
The impact of such O2 release on the biogeochemistry and microbial diversity in the 
seagrass rhizosphere is, however, still under-explored (e.g., Pedersen et al., 1998; Pedersen 
et al., 1999; Jensen et al., 2005; Jensen et al., 2007).  
The O2 budget of seagrass determining the sulphide oxidation capability of the below-
ground tissue is a complex interaction between several sources and sinks. Sources include 
photosynthetically-derived O2 evolution and passive diffusion of O2 into the seagrass leaves 
from the ambient water column. The sinks encompass the sediment O2 demand due to 
biotic and abiotic chemical reactions, as well as the plants own respiration (Greve et al., 
2003; Borum et al., 2005; Borum et al., 2006; Holmer et al., 2006). Plant tissue respiration is 
strongly influenced by changes in water temperature, and increased respiration as a result 
of increasing temperature can lead to decreased O2 supply to below-ground tissue resulting 
in inadequate internal aeration (Raun & Borum, 2013), which in turn may lead to H2S 
intrusion. 
Sulphide is produced by sulphate reducing bacteria in anoxic marine sediment, where it 
exhibits a pH dependent speciation with H2S as the predominant form at porewater pH <7, 
whereas HS- is predominating at higher pH. As dissolved H2S gas is the only form of sulphide 
that can freely permeate the cell membrane, the toxicity of sulphide in sediment not only 
relies on the overall sulphide concentration, but is also strongly affected by the sediment 
pH. High H2S levels have a negative effect on the viability of submerged plants by i) reducing 
photosynthesis, ii) reducing nutrient uptake, and iii) by blocking the mitochondrial 
respiratory electron transport chain through its strong binding with iron in cytochrome c 
oxidase (Goodman et al., 1995; Raven & Scrimgeour, 1997; Holmer & Bondgaard, 2001; 
Perez-Perez et al., 2012).  Hydrogen sulphide is thus considered a broad-spectrum toxin that 
leads to chemical asphyxiation and formation of reactive oxygen species (ROS), which can 
lead to protein degradation and peroxidation of membrane lipids (Raven & Scrimgeour, 
1997; Eghbal et al., 2004; Truong et al., 2006; Perez-Perez et al., 2012). 
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As H2S can be chemically oxidised by O2 (i.e., 2O2 + H2S → 2H+ + SO42-), the influx of H2S into 
plant tissue seems to correlate with the inability to sustain a protective oxic microzone 
around the below-ground tissue (Pedersen et al., 2004; Borum et al., 2005). The thickness 
and efficiency of such an oxic microshield depends on the rate of O2 leakage to the 
rhizosphere relative to the O2 consumption rate in the surrounding sediment. Bacterial 
sulphide oxidation in the immediate rhizosphere may also dramatically lower the half-life of 
H2S in comparison to the spontaneous chemical oxidation alone (Cline & Richards, 1969; 
Chen & Morris, 1972; Almgren & Hagstrom, 1974; Jorgensen & Revsbech, 1983; Pedersen et 
al., 2004) further alleviating the H2S exposure of seagrass roots. Yet another potential 
chemical defence mechanism could involve a local increase of rhizosphere or root surface 
pH, shifting the sulphide speciation away from H2S towards non-permeable and thereby 
non-phytotoxic HS- ions. A detailed description of the pH microheterogeneity within the 
seagrass rhizosphere is, however, still lacking. 
Mature seagrass roots also exhibit a range of anatomical adaptations, including casparian 
band-like structures (Barnabes, 1996) and/or suberized lamellae (e.g., Enstone et al., 2003) 
that reduce cross tissue gas transport. This is likely to increase the efficiency with which O2 
is carried to the roots, thus facilitating the maintenance of aerobic metabolism and possibly 
also reducing H2S intrusion (Armstrong, 1979; Armstrong & Armstrong, 2001; Jensen et al., 
2005). The presence of a strong barrier against cross tissue gas transport has been shown to 
correlate with anaerobic conditions within the sediment, as well as the presence of 
phytotoxins (Colmer et al., 1998; Armstrong & Armstrong, 2001).  
In this study, we elucidate the dynamics of the chemical microenvironment in the 
rhizosphere of Zostera muelleri under changing environmental conditions. We present the 
first detailed micro-scale mapping of O2, H2S and pH gradients around the basal meristems 
with leaf sheath (BM), rhizome and roots of Zostera muelleri and investigate whether local 
pH enhancement and sulphide oxidation contribute to H2S detoxification in the rhizosphere. 
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MATERIALS AND METHODS 
Seagrass samples 
Zostera muelleri ssp. capricorni (Asch.) S.W.L.Jacobs specimens were collected from a 
sheltered lagoon exposed to low flow rates (Narrabeen Lagoon, NSW, Australia). Specimens 
were sampled in shallow waters (~1 m depth) and transported in seawater from the 
sampling site to the laboratory within one hour of sampling. Specimens were kept in a 
greenhouse under a natural light regime (~11:13h light-dark cycle) for a minimum of 72h 
before further handling. Three specimens with similar above-ground and below-ground 
biomass (i.e., two shoots with intact root bundles and more than two internodes) were 
selected for this study. Rhizome and roots were gently washed, and plants were left free of 
sediment over night to aerate roots and rhizomes before placing them in the split flow-
chamber (see below). 
 
Split flow-chamber and artificial sediment 
A seagrass specimen was placed horizontally in a custom-made split flow-chamber (Fig. 2.1), 
with the above-ground tissue positioned in the upper compartment with free-flowing 
seawater and the below-ground tissue inserted in viscous, reduced artificial sediment 
consisting of: 0.19% anoxic seawater-agar (grade J3, Gelita, QLD, Australia) solution 
amended with Na2S to a final concentration of 250 μM H2S and buffered with 10 mM anoxic 
HEPES buffer (N-2-hydroxyethylpiperazine-N’-2-ethanesulfonic acid; pH range 6.8-8.2). 
Natural seawater was used to ensure natural levels and ratios of essential nutrients. The 
artificial sediment was kept anoxic in the chamber by constantly flushing the overlying layer 
of seawater with humidified nitrogen (Fig. 2.1). To ensure a continuous supply of H2S to the 
artificial sediment, pieces of gauze were soaked in anoxic and acidic (pH 4) 1 mM Na2S 
solution and placed in the bottom of the lower chamber before adding the artificial 
sediment. The O2 demand of the reduced artificial sediment was kept relatively high in order 
to mimic natural sediment conditions. This was achieved through the combined effect of the 
added reducing agent (H2S) constantly diffusing up into the artificial sediment from the 
bottom layer and the above-lying oxygen sink (further information on the experimental 
approach is provided in Brodersen et al. (2014)). 





Figure 2.1: (a) Split flow-chamber shown from above, with the free flowing water section 
(upper chamber) and the anoxic artificial sediment compartment (lower chamber) (Split 
flow-chamber illustration provided by Dotmar EPP, Australia). (b) Median section of lower 
part of split flow-chamber illustrating the three layers of the artificial sediment. (c) 
Schematic illustration of Zostera muelleri below-ground tissue, visualizing the spatial 
distribution of the microsensor measurements within the immediate rhizosphere. 
Abbreviations: T = Root tip/Root cap; A = Apical meristem region; E = Elongation zone; M = 
Mature zone (i.e., formation of root hairs); BM = Basal meristem with leaf sheath; N = Node; 
IN = Internode. 
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A constant flow-velocity (~1 cm s-1) of aerated and thermostated seawater (21°C; salinity of 
34) was maintained in the upper compartment via a pump submerged in an aerated, 
temperature controlled water bath. Illumination in the upper compartment (with seagrass 
leaves) was provided by a fibre-optic tungsten halogen lamp (KL-2500, Schott GmbH, Mainz, 
Germany). The downwelling quantum irradiance (PAR) was measured with a calibrated 
quantum irradiance meter (Li-250A, LiCor, USA) equipped with an irradiance sensor (Walz 
GmbH, Effeltrich, Germany) kept at the same distance from the light source as the seagrass 
leaf canopy. 
Plants were acclimatized to the split flow-chamber under standard conditions (~250 μmol 
photons m-2 s-1; 10:14h light-dark cycle) for several days before measurements commenced. 
The seagrass specimens were then acclimatized to different treatment conditions: (i) dark + 
air saturated water-column; (ii) 260 μmol photons m-2 s-1 + air saturated water-column; (iii) 
350 μmol photons m-2 s-1 + air saturated water-column; and (iv) dark + ~50% air saturation 
in the water-column (hypoxia). Treatments were applied for at least 3h prior to the 
microelectrode measurements to ensure steady state biogeochemical conditions (as 
confirmed by repeated microprofile measurements). The hypoxia treatment (i.e., ~50% air 
saturation in the water column of the upper compartment) was achieved by simultaneously 
flushing the water in the supporting water bath with a mixture of N2 and atmospheric air. 
The O2 concentration in the water was constantly monitored by a calibrated Clark-type O2 
microsensor (OX-100, tip size ~100 μm, 90% response time <8 s, stirring sensitivity <1.5%, 
Unisense A/S, Aarhus, Denmark). 36 hours prior to the hypoxia experiment, additional 
sulphide (5 mL, 10mM Na2S) was injected to the bottom layer of the artificial sediment in 
order to re-establish H2S levels as preliminary experiments had shown that photosynthesis-
induced O2 release during the light treatment completely removed H2S from the basal 
meristem microenvironment. The split flow-chamber was left untouched for 36h after the 
injection to ensure steady-state biogeochemical conditions as confirmed by repetitive 
vertical microsensor profiles. Before microelectrode measurements commenced, O2 
microprofiles were performed at the cut end of the rhizome to ensure no O2 release was 
detectable, indicating intact plants and thereby an enclosed aerenchyma. 
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Microsensor measurements 
Pre-contaminated (i.e., pre-exposed to H2S) Clark-type O2 microsensors (OX-50, tip diameter 
~50 μm, Unisense A/S, Aarhus, Denmark; Revsbech, 1989), with a fast 90% response time of 
<5 s and a low stirring sensitivity of <2% were used to measure the radial O2 release from 
the below-ground tissue. Oxygen microelectrodes were linearly calibrated from signal 
readings in 100% air saturated seawater and anoxic seawater (seawater amended with the 
O2 scavenger sodium dithionite) at experimental temperature and salinity. 
H2S concentrations were measured with Clark-type H2S microelectrodes (H2S-50, tip 
diameter ~50 μm, 90% response time <10 s, stirring sensitivity <2%, Unisense A/S; 
Jeroschewski et al., 1996; Kühl et al., 1998) that were linearly calibrated (3-points) in anoxic, 
acidic Na2S (pH 4) solutions of known H2S concentrations (i.e., 0, 50, and 100 μM; at 
experimental temperature and salinity). The microelectrode is only sensitive to H2S 
(Jeroschewski et al., 1996), which is the only sulphide species that is able to penetrate plant 
tissue by liquid-solution permeation of the plasmalemma (Raven & Scrimgeour, 1997). 
pH measurements were done with pH microelectrodes (PH-50, tip diameter ~50 μm, linear 
range pH 4-9, Unisense A/S; Kühl & Revsbech, 2001) with a 90% response time <10 s and a 
detection limit of 0.05-0.1 pH units. The pH microelectrodes were used in combination with 
a reference electrode (REF-RM, tip diameter of ~5 mm, Unisense A/S) immersed in the 
seawater in the flow-through chamber in which measurements were taken. The pH 
microelectrode was linearly calibrated from sensor readings in three pH buffers (pH 4, 7 and 
9; at experimental temperature and salinity). The pH electrode responded linearly to pH 
over the calibration range with a signal to pH ratio of ~52 mV/pH unit.  
All microsensors were connected to a 4-channel multimeter (Unisense A/S, Aarhus, 
Denmark) interfaced with a PC running data acquisition software (SensorTrace PRO, 
Unisense A/S, Aarhus, Denmark). During operation, the microsensors were mounted on a 
PC-interfaced motorized micromanipulator (MM33-2, MC-232; Unisense A/S, Aarhus, 
Denmark) controlled by dedicated positioning software (SensorTrace PRO, Unisense A/S, 
Aarhus, Denmark). All microprofiles were measured in steps of 100 μm (except vertical 
profiles describing the relative difference between the rhizosphere and the artificial 
sediment that were performed in 1000 μm step sizes). Before each microprofile 
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measurement commenced, the microsensors were positioned at the tissue surface 
(indicated as 0 μm on graphs) by means of the micromanipulator, while observing the plant 
tissue surface and microsensor tip in the transparent, artificial sediment through a stereo-
microscope mounted on an articulating arm (SM-6TZ, Amscope, Irvine, CA, US) equipped 
with a hand-held lens (further described in Brodersen et al. (2014)). 
 
Mapping the chemical microenvironment 
Microelectrode measurements were performed at the basal meristems with leaf sheath 
(meristematic regions of the rhizome; base of leaf sheath), at the nodes (meristematic 
regions of the rhizome; root-shoot junctions), on the internodes (3 points/locations along 
the latitude direction), as well as on the first root-bundle (n = 2-4; where “n” represents 
numbers of technical replicates). Note that the meristematic region of the rhizome is a 
combined basal leaf/rhizome meristem area located between the leaf bundle and rhizome 
(Short & Duarte, 2001); in this study divided up in two regions, namely the nodium and the 
basal meristem with leaf sheath ~1 mm apart. The first root-bundle was divided into four 
areas: root mature zone (with completely developed root-hairs; RM), root elongation zone 
(RE), root apical meristem region (area of root cell division; RA) and root-tip (RT) based on 
observations under a stereo microscope (see Figure 2.1).  
 
Flux calculations 
The radial oxygen flux (J(r); nmol O2 cm-2 h-1) from the below-ground tissue was calculated 
via a cylindrical version of Fick’s first law of diffusion, assuming homogeneous O2 release 
from a perfect cylinder (Steen-Knudsen, 2002): 
J(r)root-system = φDs (C1 – C2) / r ln (r1/r2) 
where φ is the porosity, Ds is the diffusion coefficient for oxygen in the artificial sediment, r 
is the radius of the given root/rhizome, ΔC is the oxygen concentration gradient through the 
oxic microzone (i.e., from the tissue surface to the last point of the linear concentration 
gradient ~300 μm away from the tissue surface), r1 and r2 are the distance from the root 
centre (i.e., radius of inner and outer cylinder shell) equivalent to the measured O2 
concentrations C1 and C2, respectively. Radial H2S consumption rates (J(r)H2S; in nmol H2S cm-
2 h-1) were calculated in a similar manner only replacing the respective diffusion coefficient 
(see below).  
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The porosity, φ, of the artificial sediment was calculated to be 0.95, after drying the 
sediment at 105°C in an oven, until a constant weight was reached (known initial volume 
and wet-weight). The following equation was used for the calculation; φ(%) = 
((Mw/Dw)·100)/((Mw/Dw)+(Ma/Da)), where Mw is the weight of seawater, Dw is the density of 
seawater, Ma is the weight of agar and Da is the density of agar. The respective diffusion 
coefficients within the sediment were calculated to be DS,H2S = 1.5251·10-5 cm2 s-1 and DS,O2 = 
2.0138·10-5 cm2 s-1 at experimental temperature and salinity (assuming similar diffusion 
rates as in seawater). The molecular diffusion coefficient for O2 in seawater, D0, and the 
multiplication factor for calculating the molecular diffusion coefficient of H2S at 
experimental temperature and salinity, were taken from tables available at 
www.unisense.com (Ramsing & Gundersen). 
 
Measurements of seagrass health and photosynthetic capacity during cultivation 
Maximum and effective quantum yields of PSII in Z. muelleri were measured by pulse 
amplitude modulated (PAM) fluorometry (PocketPAM equipped with an optical fiber; PAM 
settings: saturating intensity 6, saturating width 0.6s, F>100). The measurements were used 
as a general indicator of the seagrasses health. Light energy absorbed by chlorophylls can 
either be used for photochemistry, re-emitted as fluorescence (i.e., as longer wavelengths) 
or dissipated as heat (non-photochemical quenching (NPQ)). The relative proportions of 
energy directed through each of these different pathways define the health of the 
photosystems, and can be used to determine maximum PSII quantum yield as  
Fv/Fm = (Fm-Fo)/Fm 
and the effective quantum yield of PSII as 
∆F/Fm’ = (Fm’-F)/Fm’ 
where Fm is the maximal fluorescence yield for dark-acclimated plants; Fo is the minimum 
fluorescence yield; and Fm' is the light-adapted maximum fluorescence yield. As quantum 
yields are ratios of fluorescence yield measurements, they have no units (Beer et al., 1998; 
Ralph & Short, 2002). The maximum quantum yield provides a measure of Photosystem II 
(PSII) photochemical efficiency (after a dark adaptation period of minimum 10 min) and the 
effective quantum yield is a measure of PSII photosynthetic activity (measured under 
experimented irradiance levels, i.e., 260 and 350 μmol photons m-2 s-1). Seagrass specimens 
were maintained in the artificial sediment for >14 days prior to experiments (similar 
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conditions as used during the microsensor measurements), to verify long-term health of the 
plants under the experimental conditions. This was confirmed by the observation of active 
growth in both above- and below-ground biomass during cultivation, as well as by measured 
effective and maximum quantum yields. A complete new root-bundle, internode and bundle 
of leaves were developed during cultivation. The rhizome was growing ~0.8 cm and the new 
root-bundle reached an average root length of 2.6 cm over a 7 days period. 
 
Histology 
The base of the leaf sheath of the first shoot and the first internode of each plant were cut 
into 20 to 40 μm transverse tissue sections by means of a cryotome after pre-fixation in 
cryo-gel (Tissue-Tek®, ProSciTech, QLD, Australia). The samples were left embedded in the 
cryo-gel at ~4°C for 24h prior to the cutting process, to ensure efficient tissue penetration. 
The obtained sections of the below-ground tissue were then transferred to microscope glass 
slides where they were gently washed to remove any remaining cryo-gel. The cleaned 
sections were then examined under a stereo microscope and photographed with a digital 
camera (Nikon, Coolpix 995, Tokyo, Japan). 
 
RESULTS 
The detailed mapping of the below-ground chemical microenvironment presented in the 
following originates from three Zostera muelleri plants exposed to similar experimentally 
manipulated environmental conditions, as well as above- and below-ground 
microenvironmental conditions. Results are shown from the two plants examined in most 
detail. 
 
Chemical conditions in the immediate rhizosphere 
Photosynthetic O2 evolution, as well as diffusion of O2 from the ambient water column into 
the aerenchyma, resulted in high radial O2 release to the immediate rhizosphere of Zostera 
muelleri (Figure 2.2; Table 2.1). The O2 release originating from the base of the leaf sheath, 
as well as the rhizome (i.e., node and internodes), resulted in the establishment of a ~300 
μm thick oxic microshield around the basal meristems with leaf sheath (BM), nodes (during 
light and dark treatments; Figure 2.2) and internodes (only during light treatments; Figure 
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2.2). Furthermore, a slightly deeper O2 penetration depth was observed within the 
immediate rhizosphere of Z. muelleri, here defined as from the oxic microshield-reduced 
sediment interface to the last measured point in the rhizosphere (i.e., ~0.3-5 mm distance 
away from the below-ground tissue) as compared to the bulk artificial sediment (Figure 
S2.1, S2.2 and S2.3; except during hypoxic water-column conditions [further described in 
Notes S2.1]). H2S was completely removed from the artificial sediment surrounding the BM, 
as well as from the first sections of the rhizome (until internode 2), and the H2S 
concentration was generally highly reduced (up to 20-fold) within the immediate 
rhizosphere, as compared to the bulk artificial sediment concentrations measured at a 
similar depth (Figure 2.2; Figure S2.1 and S2.2; except during hypoxic water-column 
conditions). Serving as a reference to the measurements at the BM, H2S microprofiles 
performed at the same vertical depth but ~5 mm away from the meristematic regions of the 
rhizome, confirmed that H2S was present at concentrations up to 23 μmol H2S L-1 just 
outside the immediate rhizosphere (Figure S2.4). 
 
  




Figure 2.2: The dynamics of the below-ground chemical microenvironment of Zostera 
muelleri under experimentally changed environmental conditions as mapped with 
microelectrodes, illustrating the rhizome region including basal meristems with leaf sheath: 
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(a) shoot 1; (b) shoot 2. The x- and y-axis are organized spatially, thus reflecting the actual 
orientation of the below-ground microsensor measurements. Y=0 indicate the below-
ground tissue surface. Error bars are ±SD. n=2-4. The illustration of Zostera muelleri 
originates from the IAN/UMCES symbol and image libraries (Diana Kleine, Integration and 




Table 2.1.  
Radial oxygen release (O2 flux), oxygen concentration at the below-ground tissue surface, H2S consumption 
within the oxic microshield, total sulphide concentration at the tissue surface (S) and at the oxic microzone-
reduced sediment interface (I), and ΔpH through the oxic microshield. Calculated for each of the four 
different treatments: dark, 260 μmol photons m-2 s-1, 350 μmol photons m-2 s-1 and hypoxia, at the: Basal 
meristem with leaf sheath (BM); Node (N); Internode (IN); mature zone of roots (RM); and apical meristem 
region of roots (RA). Mean values±SE; except internode and root values which are given as mean ±SD; and 
the total sulphide concentration which is given as a mean (n = 3-15). As flux rates are calculated from mean 
values only SE are provided. (-) Indicates zero flux rate. Additional statistical information confirming the 
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No or low radial O2 release was detectable from the root-bundles, as well as further down 
the rhizome, i.e., away from the growing direction (Figure 2.3; data from root-bundle 2 not 
shown). This correlated with the relatively high H2S concentrations found in the surrounding 
artificial sediment at the root-tips of >200 μmol H2S L-1(Figure 2.3; dark treatment).  
 
Figure 2.3: Microprofiles showing the below-ground microenvironment surrounding the 
roots of the first root-bundle. Y=0 indicates the below-ground tissue surface. Error bars are 
±SD. n=2-4. Abbreviations are explained in the main text (Seagrass illustration from 
ian.umces.edu/imagelibrary/). 
 
In the immediate rhizosphere of the meristematic tissue, pH values reached up to ~7.9 as 
compared to pH ~6.2 in the bulk of the artificial sediment at similar vertical depth (Figure 
2.2; Figure S2.1 and S2.2). Within the immediate rhizosphere, pH decreased towards the 
root-tips (Figure 2.3), reaching pH values of ~6.0 at the root-tip surface. Due to the 
horizontal orientation of the below-ground tissue in the flow-chamber, these findings could 
not have been simply a result of the vertical pH microgradient present in the reduced 
artificial sediment (Figure 2.1; Figure S2.1 and S2.2).  
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Microgradients and oxic microshield 
At an incident irradiance of 350 μmol photons m-2 s-1, radial O2 release rates reached local 
maxima of ~500 nmol O2 cm-2 h-1 at the base of the leaf sheath, located at the meristematic 
region of the rhizome (Figure 2.2; plant 2, node 1; Table 2.1). This correlated with a 
complete removal of H2S in the same region (Figure 2.2). The highest re-oxidation rate of 
H2S was measured at the second internode of plant 2 during the dark treatment, reaching 
approximately 48 nmol H2S cm-2 h-1. This somewhat unexpected region of the rhizome 
consuming most H2S per unit time was likely a result of the almost complete re-oxidation 
and thereby removal of H2S in the immediate rhizosphere of the meristematic regions of the 
rhizome (Figure 2.2, Table 2.1). Hence, flux calculation from this region with the highest O2 
leakage was impossible. The highest O2 release rates were measured at the meristematic 
regions of the rhizome (i.e., BM and nodes), with >3-fold higher release rates, as compared 
to any other regions of the below-ground tissue (Table 1; expect during hypoxia conditions). 
Inside the oxic microshield, pH levels decreased towards the tissue surface with an average 
of ~1 pH unit (Table 2.1). A close-up of the oxic microshield and the overall dynamics of the 
chemical microenvironment within the immediate rhizosphere, as well as throughout the 
oxic microzone is shown in Figure 2.4. 
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Figure 2.4: Selected microprofiles showing the oxic microshield (OM) at the basal meristem 
with leaf sheath. [O2], [H2S] and pH values measured at increasing distance away from the 
below-ground tissue (base of the leaf sheath), illustrating the dynamics of the below-ground 
chemical microenvironment across the oxygen-sulphide interface as well as throughout the 
oxic microzone. Y=0 indicate the below-ground tissue surface. Error bars are ±SD (n=3). The 
microprofiles shown are from the dark treatment. 
 
 
Changing environmental conditions 
The main difference between the light and dark treatments was the establishment of an 
oxic microshield around the first internode during illumination, as a result of radial O2 
release from this section of the plant (Figure 2.2). At the tissue surface of the first internode, 
an average radial O2 release rate of 93 nmol O2 cm-2 h-1 and an average H2S consumption 
rate of 30 nmol H2S cm-2 h-1 was found, under an incident irradiance of 350 μmol photons m-
2 s-1 (Table 2.1).  
The radial O2 release from the meristematic regions of the rhizome increased from 2 nmol 
O2 cm-2 h-1 during hypoxia to 395 nmol O2 cm-2 h-1 at an incident irradiance of 350 μmol 
photons m-2 s-1 in an air saturated water column (Table 2.1). 
The H2S concentration at the surface of this region varied between 0 and 2 μmol H2S L-1 in 
darkness, and between 0 and 1 μmol H2S L-1 under the highest experimental incident 
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irradiance (350 μmol photons m-2 s-1; Figure 2.2). During water column hypoxia, the H2S 
concentration increased to between 8 and 99 μmol H2S L-1 (Figure 2.2).  
The low or lacking radial O2 release from the below-ground tissue during and after water 
column hypoxia thus resulted in high average H2S concentrations at the below-ground tissue 
surface of 56 μmol H2S L-1 (Figure 2.2 and 2.3; Table 2.1). These findings suggest very limited 
consumption and removal of H2S during the hypoxia treatment as a result of the much lower 
oxidation capability of the below-ground tissue. Furthermore, Z. muelleri specimens showed 
low recovery after the hypoxia treatment, where no below-ground radial O2 release was 
detectable for a period of 48h after the exposure (12:12h light-dark cycle; leaf canopy 
exposed to 100% air saturated water column during the recovery time), and a loss of above-
ground biomass was observed (i.e., detachment of leaves; data not shown). 
 
Oxygen source and rhizome histology 
Histological studies of the BM and the surrounding leaf sheath revealed extensive internal 
gas channels (lacunar system) inside the tissue of the leaf sheath at the meristematic region 
of the rhizome, in addition to the internal gas-channels found in the meristematic tissue 
(Figure 2.5). The transverse sections of the first internode, i.e., further away from the 
growth direction, also showed well-developed aerenchyma situated in the cortex in a 
circular orientation close to the tissue centre (Figure 2.5). Moreover, a central stele was 
distinct in the cross-tissue section of the internode, as well as the initial formation of a root-
bundle, clearly impeding the distribution of the aerenchyma, was visible in the cross-tissue 
section of the basal meristem area (Figure 2.5).   
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Figure 2.5: Transverse sections of the rhizome. (a) = Meristematic region of the rhizome, 
including the surrounding leaf sheath; (b) = Internode. Black arrows show aerenchyma, i.e., 
the extensive internal lacunar system. Note the extensive distribution of the internal gas 
channels in the leaf sheath. R = initial formation of a root-bundle. 
 
Pulse amplitude modulated (PAM) fluorometry measurements 
The maximum quantum yields of PSII measured at the centre of each leaf in the middle of 
the leaf canopy was about 0.67 for both plants (Table 2.2). After exposure to hypoxic 
conditions in the water column, the maximum quantum yield decreased 6% to 0.61 
(measured on plant 2, n=4; Table 2.2). The effective quantum yield increased 23% (from 
0.43 to 0.53) when the light intensity was increased from 260 to 350 μmol photons m-2 s-1, 
but decreased by more than 50% (to 0.27) after exposure to hypoxic conditions under an 
incident irradiance of 350 μmol photons m-2 s-1 (Table 2.2). These results verify that the 
measured microprofiles of the chemical microenvironment represent the dynamics of 
healthy and photosynthetic competent seagrasses (under the light-dark treatments) and 
that the seagrass photosynthetic quantum efficiency was affected by the hypoxic conditions 
(measured after a 24h recovery time; 12:12h light-dark cycle). 
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Table 2.2. Maximum and effective quantum yields of PSII measured at the center 
of the leaf in the middle of the leaf canopy of both vertical shoots. The after 
hypoxia measurements were conducted after a 24h (12:12h) light-dark cycle. 
Leafs were exposed to a 100% air saturated water column during the 24h 
recovery time. Means±SD (n = 2-4). 
  Fv/Fm ΔF/Fm'   Incident irradiance 
  max effective   (μmol photons m-2 s-1) 
Plant 1 0.67±0.1 0.43±0.1 260 
Plant 2 0.67±0.1 0.53±0.1 350 




Our results show, that the seagrass Z. muelleri can modify the biogeochemical conditions of 
its immediate rhizosphere, via O2 release from below-ground tissue, resulting in an almost 
complete re-oxidation of phytotoxic H2S around the basal meristems with leaf sheath (BM) 
and rhizome in the growing direction (Figure 2.2 and 2.6). This supports earlier findings in 
studies of Thalassia sp., showing significantly decreased sulphate reduction rates and H2S 
pools in seagrass-vegetated sediment as compared to non-vegetated areas (Borum et al., 
2005; Holmer et al., 2006). The continuous release of O2 from the below-ground tissue of Z. 
muelleri likely ensures the maintenance of an oxic microshield around vital and 
metabolically active parts of the plant (Figure 2.2 and 2.4). The oxic microshield was widest 
at the base of the leaf sheath (Figure 2.2 and Table 2.1), which likely protects this important 
but vulnerable part of the plant from H2S intrusion. The leaf sheath surrounds the 
meristematic plant tissue, that, owing to its compact anatomy, has poorly developed 
aerenchyma, wherefore O2 transport and supply to this sensitive area is impeded (Raun & 
Borum, 2013). This is supported by our observations of the morphological characteristics of 
the aerenchyma in the leaf sheath (Figure 2.5), showing a well-developed lacunar system at 
the basal meristems with large internal gas-channels, thus enabling rapid and extensive O2 
release to the rhizosphere. Furthermore, a slightly deeper O2 penetration and a downward 
movement of the H2S front were found within the immediate rhizosphere as compared to 
the bulk artificial sediment (Figure S2.1 and S2.2), a result of plant-mediated alterations of 
the below-ground biogeochemical microenvironment, whereby the plants promote their 
own growth. 
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Figure 2.6: Conceptual diagram visualizing the results of the microelectrode measurements 
performed in the below-ground microenvironment of Zostera muelleri and presented here 
in this study. The colour gradient in the immediate rhizosphere indicates the relative 
concentration of the chemical species (blue = oxygen; yellow = H2S; red = pH value 
[indicated as the relative amount of hydrogen ions]). Seagrass illustration from 
ian.umces.edu/imagelibrary/. 
 
The calculated radial O2 fluxes from the meristematic regions of the rhizome (up to 5 
mmol O2 m-2 h-1 in light and 3.32 mmol O2 m-2 h-1 in darkness; Figure 2.2 and Table 2.1) are 
similar to previously reported rates measured in the rhizosphere of Cymodocea rotundata 
[5.25 mmol O2 m-2 h-1 in light and 2.28 mmol O2 m-2 h-1 in darkness (Pedersen et al., 1998)]. 
Earlier studies have shown, that photosynthetically-derived O2 evolution during illumination 
results in an enhanced O2 partial pressure in the internal gas channels of the plant, as 
compared to in darkness, where the below-ground tissue is only supported by passive 
diffusion from the surrounding water column through the leaf tissue and into the lacunar 
system (Greve et al., 2003; Sand-Jensen et al., 2005; Borum et al., 2006). This is supported 
by our findings of higher O2 release during light exposure, as well as the formation of an oxic 
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microshield around the first internode as a result of O2 release from the rhizome under an 
incident irradiance of 350 μmol photons m-2 s-1 (Figure 2.2). The thickness of the oxic 
microshield (~300 μm; Figure 2.2 and 2.4) surrounding the rhizome of Z. muelleri was similar 
to previous measurements around Zostera marina in natural sediment, where Jensen et al. 
(2005) found an ~500 μm thick O2 microzone surrounding the root-tip. The high O2 demand 
of the surrounding reduced artificial sediment in our experimental setup was thus of similar 
magnitude as in natural settings. Previous O2 microelectrode and planar optode studies of Z. 
marina roots (Jensen et al., 2005; Frederiksen & Glud, 2006) demonstrated a heterogeneous 
microdistribution of O2 along the first actively growing root-bundle, with O2 mainly leaking 
out from around the apical meristem of the root-tip (i.e., 1-2 mm away from root-apex). 
Low rates of O2 release were also observed from the meristematic region of the rhizome of 
Z. marina by Jensen et al. (2005), indicating an analogous protection mechanism provided 
by the leaf sheath to the diminished gas channels in the compact meristematic tissue in this 
particular Zostera species. This is also supported by findings by Caffrey and Kemp (1991), 
who detected O2 release to the rhizosphere from both roots and rhizomes of Z. marina. 
The observed co-existence of H2S and O2 within the oxic microzone (Figure 2.2 and 2.4), 
suggests that spontaneous chemical re-oxidation was the dominant sulphide oxidizing 
mechanism in this experiment, as bacteria-mediated oxidation is 104 to 105 times faster 
than the chemical oxidation and thus rarely allows for co-existence to such temporal and 
spatial extent (Jørgensen & Revsbech, 1983; Nelson et al., 1986; Pedersen et al., 2004). 
However, microbially mediated oxidation of H2S is likely more important in natural 
sediments in which the bacterial abundance is much higher than in the artificial sediment 
employed in this study. As such, the presence of sulphide-oxidizing bacteria would lead to 
shorter turnover time of H2S and decrease the likelihood of H2S to reach the rhizome in the 
presence of O2 (Jørgensen & Revsbech, 1983; Nelson et al., 1986).  
The decreased pH levels found within the oxic microshield of the meristematic regions of 
the rhizome may be a result of the formation of sulphuric acid as a by-product of the 
spontaneous chemical reactions between O2 and H2S (Figure 2.2 and 2.4). Interestingly, such 
locally decreased pH levels could lead to the release of sediment bound phosphorus, which 
is often considered a limiting nutrient in carbonate-rich marine sediments (Fourqurean & 
Zieman, 2002; Holmer et al., 2006), thus allowing for these plants to grow in phosphorus-
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limited regions (Holmer et al., 2006). The increased pH just outside the oxic microshield, as 
compared to the bulk artificial sediment (Figure 2.2 and 2.4), indicates that Z. muelleri may 
secrete chemical substances (allelochemicals) to compensate for the generally decreased pH 
levels in the oxic microzone. An increase in the sediment pH would furthermore lead to a 
decrease in the H2S levels in the immediate rhizosphere as a result of a pH-induced change 
in the sulphide equilibrium towards non-phytotoxic HS- ions, thus acting as a counterbalance 
to the supposedly plant-induced formation of sulphuric acid. The enhanced pH level in the 
rhizosphere could consequently act as an additional chemical defence mechanism against 
toxic H2S. This potential importance of pH changes in the rhizosphere of aquatic 
macrophytes has largely been overlooked in previous studies (Caffrey & Kemp, 1991; 
Pedersen et al., 1998; Jensen et al., 2005). 
 
The limited O2 release during water column hypoxia (Figure 2.2), resulted in the 
deterioration of the oxic microshield and a concomitant increase in the flux of H2S towards 
the tissue surface (Table 2.1). This likely enhanced the risk of H2S intrusion into the plant 
tissue as H2S reaches the tissue surface as a consequence of inadequate internal aeration 
(Table 2.1; Figure 2.2). Particularly interesting is the observation of H2S intrusion to the 
mature zone of roots when exposed to hypoxic conditions (Figure 2.3). This was not 
observed in any of the other treatments (i.e., an influx of H2S) and thus strongly suggests 
that this happened as a result of lowered O2 release from the rhizome and less O2 support 
to roots (Figure 2.3). These results are supported by findings of Pedersen et al. (2004), 
showing H2S intrusion into seagrass meristem tissue at low-moderate water column O2 
concentrations (~35% of air saturation). In our study, we found a slightly enhanced O2 
compensation point of ~50% of air saturation in the water column, i.e. the O2 level where 
the total O2 demand exceeds the rate of passive O2 diffusion from the surrounding water 
column. This can most likely be explained by relatively thicker diffusive boundary layers over 
the leaves (Binzer et al., 2005), although enhanced plant respiration and a higher O2 
demand of the artificial sediment are also possible explanations. 
A recent study by Raun and Borum (2013) showed, that internal meristematic anoxia (or 
hypoxia) occurred in Z. marina at a water column O2 concentration of ~30% air saturation at 
15°C, but already at ~60% air saturation at 25°C. High temperatures can thus have a 
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substantial negative impact on the O2 levels of the meristematic tissue as a result of 
increased plant tissue respiration. The experiments of Raun and Borum (2013) were 
conducted in water-filled jars, i.e., with the above- and below-ground tissue experiencing 
exact same conditions, and did not take into account the potential importance of bacterial 
respiration and spontaneous chemical reactions such as H2S re-oxidation. Hence, a slight 
decrease or increase in one of the numerous sinks or sources of O2 could explain the higher 
O2 compensation point seen in our experiment (Figure 2.2, Table 2.1). 
No radial O2 release was found from the roots of Z. muelleri (Figure 2.3). A barrier to radial 
O2 release from the root-region of seagrasses has previously been shown to be restricted to 
the mature zone of the roots of Z. marina, with O2 leaking out from around the root-cap 
(Jensen et al., 2005). Roots growing in reduced environments rely on a continued supply of 
O2 to the active apical meristem during elongation. A barrier to O2 release, such as provided 
by casparian band-like structures composed of suberin (Barnabes, 1996), can ensure an 
efficient transport of O2 to the roots, as well as provide protection against intrusion of 
phytotoxic compounds such as H2S. Additionally, the oxic microzone described in this study 
forms a protective oxidized zone, in which new roots can form and reach maturity with 
developed barriers to O2 release and H2S intrusion (Figure 2.7). 
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Figure 2.7: Conceptual diagram illustrating the protecting oxic microshield at the 
meristematic region of the rhizome (cross tissue section of the basal meristem with leaf 
sheath). The presence of the oxic microshield leads to a plant-derived oxidation of sediment 
produced H2S (a). Inadequate internal aeration may result in H2S intrusion (b).  
 
Loss of seagrass meadows has been related to H2S poisoning during water column hypoxia 
(Pedersen et al., 2004; Borum et al., 2005), as the internal O2 partial pressure of the 
aerenchyma has been found to be highly correlated with the water column O2 content 
(Pedersen et al., 2004; Borum et al., 2005). Water column hypoxia leads to inadequate 
internal aeration, which in turn may result in H2S intrusion. Our results strongly support 
these previous findings showing that seagrass is more sensitive to water column hypoxia 
during nighttime, where there is no photosynthesis-driven O2 supply to the rhizosphere. 
This underlines the importance of the diffusive supply of water column O2 over the seagrass 
leaf DBL during the night. Sufficient oxygen support from the water column in darkness 
ensures the maintenance of a protecting oxic microshield around meristematic regions of 
the rhizome, and is thus vital for seagrass survival in highly reduced sediments. 
 
In conclusion, we found that Z. muelleri is able to modify the chemical conditions of its 
immediate rhizosphere, resulting from high radial O2 release from the base of the leaf 
sheath surrounding the meristematic regions of the rhizome. This enables oxidation of 
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ambient phytotoxic H2S, and thereby acts as a chemical defence mechanism, protecting the 
most vulnerable meristematic tissue. In addition, plant-mediated pH increase in the 
immediate rhizosphere likely reduces the concentration of phytotoxic H2S by shifting the 
speciation of sulphide towards non-phytotoxic HS- ions, thus leading to further 
detoxification of the below-ground microenvironment. Water column hypoxia may lead to 
an inadequate internal O2 supply to the below-ground tissues, resulting in H2S intrusion as a 
consequence of the degradation of the protecting oxic microshield. Prolonged or sudden 
degradation of the oxic microshield protecting the vital basal meristems may thus be the 
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Figure S2.1 and S2.2: The vertical distribution of O2, H2S and pH in the immediate 
rhizosphere of Zostera muelleri as compared to the reduced, bulk artificial sediment.  
 
Figure S2.3. Conceptual diagram roughly illustrating the approximate position of the 
microprofile measurements, as well as the in this study defined zones of interest within the 
artificial sediment. 
 
Figure S2.4. Microprofile of the H2S concentration in the “bulk” artificial sediment (at a 
~5mm horisontal distance away from the basal meristem with leaf sheath of Zostera 
muelleri), thus serving as a reference to the H2S measurements just at and at increasing 
distance away from the below-ground tissue surface. 
 
Figure S2.5. The O2 concentration at the meristematic tissue surface (in μmol L-1) under 
three different treatments. 
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NOTES S2.1 
The below-ground microenvironment of Zostera muelleri was investigated by means of 
microelectrodes, enabling mapping of the spatial microdistribution of O2, H2S and pH in the 
seagrass rhizosphere. The seagrass specimens were cultured in reduced, fluid artificial 
sediment (i.e., a deoxygenated ager-seawater solution with added Na2S, HEPES buffer and 
nutrients), wherein we examined how changing environmental conditions affected the 
chemical microenvironment around below-ground tissue. We applied a novel custom-made 
split flow-chamber with an added compartment of seawater-agar, in which the leaves of the 
plant were in the free-flowing water section and the roots supported in the agar matrix. The 
split flow-chamber enabled us to manipulate the seagrass leaf environment, i.e., light/dark 
and water-column oxygen concentration, while observing the impact on the chemical 
microenvironment around the seagrass root-system. The plants were growing in anoxic, 
reduced artificial sediment containing hydrogen sulfide concentrations of 200-300 μM to 
mimic natural conditions. The lower compartment of the split flow-chamber containing the 
artificial sediment consisted of a tripartite-layer in the vertical orientation, that is, a ~10 mm 
thick layer of nitrogen flushed seawater working as an oxygen sink, followed by a ~45 mm 
thick layer of artificial sediment (as from above) and finally at the bottom a ~5 mm thin 
highly phytotoxic (~1000 μM Na2S) and anoxic bottom layer, continuously supporting the 
artificial sediment with H2S. The lower compartment was covered by parafilm and then 
Aluminium-foil, to minimize the exposure to O2 and keep the below-ground tissue in 
darkness. 
 
H2S levels in the transparent, reduced artificial sediment under different experimental 
conditions 
No bacterial community was added to the artificial sediment in this experimental setup. At 
time t0, the H2S concentration within the sediment was homogenous (with equal amounts of 
Na2S added to the initial identical volume of artificial sediment), but was then reduced via 
chemical re-oxidation throughout the experiment as a result of the radial O2 loss from the 
below-ground biomass (especially during light exposure). Slight differences in below-ground 
and above-ground tissue surface areas and cultivation time could have resulted in different 
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total oxidation capabilities between plants and lower H2S concentrations in the artificial 
sediment as a result of the longer cultivation time, respectively. Furthermore, after light 
exposure and before the hypoxia treatment, H2S was injected to layer 3 (the highly 
phytotoxic bottom layer) of the artificial sediment to re-establish the initial H2S 
concentration as preliminary studies had shown total removal of H2S during light exposure. 
Hence, the altered background H2S levels seen under different experimental conditions are 
most likely due to the above-mentioned methodology and variances in oxidation capacity 
between the examined plants. 
As such this experiment does not examine the response to certain H2S concentrations within 
the seagrass rhizosphere. Instead, we investigated whether the plants were able to actively 
modify the biogeochemical conditions in the immediate rhizosphere to promote their own 
growth and how such below-ground microenvironments were affected by changing 
environmental conditions. 
 
SUPPLEMENTARY RESULTS AND FIGURES 
Figure S2.1a-i and S2.2a-f shows vertical microsensor measurements of O2, H2S and pH in 
the immediate rhizosphere of Z. muelleri (i.e., measured at ~1 mm horizontal distance away 
from the meristematic region of the rhizome, at the first root bundle; black dots and lines), 
as compared to the bulk reduced fluid artificial sediment measured at ~3 cm distance away 
from the below-ground tissue (grey dots and lines). Microprofiles illustrated in Figure S2.1 
originate from plant 1, and Figure S2.2 from plant 2. The vertical microprofiles were 
performed from the surface of the oxygen sink down to below the below-ground tissue 
(located at ~25 mm depth). The vertical microprofiles were measured under four different 
treatments: dark + 100% air saturated water-column (leaf region); 260 μmol photons m-2 s-1 
+ 100% air saturated water-column; 350 μmol photons m-2 s-1 + 100% air saturated water-
column; and dark + 50% air saturation in the water-column, i.e., hypoxic conditions (n=2); 
Performed in the above-presented chronological order. The vertical microdistribution of the 
chemical species elucidates the effect of the experimentally changed environmental 
conditions as well as differences between plant-vegetated and non-vegetated areas. Y=0 
indicate the surface of the oxygen sink (i.e., the nitrogen bubbled seawater). The reduced, 
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anoxic artificial sediment surface was at ~10 mm depth. The position of the below-ground 
tissues was at ~25 mm depth. Error bars are ± SD. Figure legends are beneath the last graph 
of the figures. Notice as fewer measurements were performed on the roots-system of plant 
2 the total culture time in the artificial sediment of this plant decreased. Hence, plant 2 had 
less time to modify the biogeochemical condition in the immediate rhizosphere. 
 
Supporting results and discussion 
Our results suggest that O2 release from the meristematic region of the rhizome, and 
possible secretion of allelochemicals, leads to higher pH values and lower H2S 
concentrations in the immediate rhizosphere (< 5 mm distance from the tissue surface) at 
the position of the below-ground meristematic tissue (at ~ 25 mm depth) as compared to 
the bulk artificial sediment (Figure S2.1 and S2.2). Furthermore, such leakage from the 
below-ground meristematic tissue results in a slightly deeper O2 penetration depth and a 
downward movement of the sulphide front in the immediate rhizosphere as compared to 
the bulk artificial sediment (Figure S2.1 and S2.2). The observed differences between the 
immediate rhizosphere and the bulk artificial sediment were thus due to plant-mediated 
alterations of the local chemical microenvironment.  
Moreover, a limitation of the constructed artificial sediment used in this experiment, is that, 
there is no natural microbial community in the sediment (e.g., sulphate reducing bacteria) 
providing a constant source of H2S to the immediate rhizosphere. Such studies are 
underway.  
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FIGURE S2.1 
(a) DARK O2 concentrations: Vertical microprofiles of the oxygen concentration in the 
immediate rhizosphere (black) as compared to in the bulk artificial sediment (grey), 
showing a somewhat similar thickness of the oxygenated zone, but with much higher 
oxygen concentrations, ~75 μmol O2 L-1 at 1.5 cm depth, within the immediate 
rhizosphere. 
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(b) DARK H2S concentrations: Vertical microprofiles of the hydrogen sulphide 
concentration in the immediate rhizosphere as compared to in the bulk artificial 
sediment, showing a downward movement of the initial presence of hydrogen 
sulphide, ~7 mm, within the immediate rhizosphere. 
 
(c) DARK pH values: Vertical microprofiles of the pH value in the immediate rhizosphere 
as compared to in the bulk artificial sediment, showing much higher pH values, ~1 pH 
unit, within the immediate rhizosphere at the approximate location of the below-
ground tissue. 
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(d) 260 LIGHT O2 concentrations: Vertical microprofiles of the oxygen concentration in 
the immediate rhizosphere as compared to in the bulk artificial sediment, showing a 
thicker oxygenated zone, ~1 cm, within the immediate rhizosphere under an incident 
irradiance of 260 μmol photons m-2 s-1. 
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(e) 260 LIGHT H2S concentrations: Vertical microprofiles of the hydrogen sulphide 
concentration in the immediate rhizosphere as compared to in the bulk artificial 
sediment, showing a downward movement of the initial presence of hydrogen 
sulphide, ~1 cm, within the immediate rhizosphere under an incident irradiance of 
260 μmol photons m-2 s-1. 
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(f) 260 LIGHT pH values: Vertical microprofiles of the pH value in the immediate 
rhizosphere as compared to in the bulk artificial sediment, showing much higher pH 
values, ~1 pH unit, within the immediate rhizosphere at the approximate position of 
the below-ground tissue under an incident irradiance of 260 μmol photons m-2 s-1. 
 
(g) HYPOXIA O2 concentrations: Vertical microprofiles of the oxygen concentration in 
the immediate rhizosphere as compared to in the bulk artificial sediment, showing a 
very similar oxygen penetration depth under hypoxic conditions in the leaf region. 
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(h) HYPOXIA H2S concentrations: Vertical microprofiles of the hydrogen sulphide 
concentration in the immediate rhizosphere as compared to in the bulk artificial 
sediment, showing a deeper initial presence of hydrogen sulphide, ~1 cm, within the 
immediate rhizosphere under hypoxia.  
 
(i) HYPOXIA pH values: Vertical microprofiles of the pH value in the immediate 
rhizosphere as compared to the bulk artificial sediment, showing much higher pH 
values, ~1.1 pH units, at the approximate position of the below-ground tissue within 
the immediate rhizosphere.  
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Figure S2.1. The vertical distribution of [O2], [H2S] and pH values in the immediate 
rhizosphere of Zostera muelleri (Plant 1) as compared to in the reduced artificial sediment 
elucidating the effect of the experimentally changed environmental conditions as well as 
differences between plant-vegetated and non-vegetated areas. Grey lines represent profiles 
in the bulk artificial sediment; Black lines represent profiles the immediate rhizosphere. 
Vertical microprofiles in the immediate rhizosphere were performed in the region of the 
basal meristem. Y=0 indicate the surface of the nitrogen bubbled seawater (oxygen sink). 
The artificial sediment surface is at ~10 mm depth; the below-ground tissue at ~25 mm 
depth. Error bars are ± SD. n=2.  




(a) 350 LIGHT O2 concentrations: Vertical microprofiles of the oxygen concentration in 
the immediate rhizosphere (black) as compared to in the bulk artificial sediment 
(grey), showing a thicker oxygenated zone, ~1 cm, within the immediate rhizosphere 
under an incident irradiance of 350 μmol photons m-2 s-1. 
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(b) 350 LIGHT H2S concentrations: Vertical microprofiles of the hydrogen sulphide 
concentration in the immediate rhizosphere as compared to in the bulk artificial 
sediment, showing a downward movement of the initial presence of hydrogen 
sulphide, ~6 mm, within the immediate rhizosphere under an incident irradiance of 
350 μmol photons m-2 s-1. 
 
 
Chapter 2. Supporting Information 
103 
(c) 350 LIGHT pH values: Vertical microprofiles of the pH value in the immediate 
rhizosphere as compared to in the bulk artificial sediment, showing slight higher pH 
values just above the approximate position of the below-ground tissue within the 
immediate rhizosphere under an incident irradiance of 350 μmol photons m-2 s-1. 
 
(d) HYPOXIA O2 concentrations: Vertical microprofiles of the oxygen concentration in 
the immediate rhizosphere as compared to in the bulk artificial sediment, showing 
very similar thickness of the oxygenated zone during water-column hypoxia. 
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(e) HYPOXIA H2S concentrations: Vertical microprofiles of the hydrogen sulphide 
concentration in the immediate rhizosphere as compared to in the bulk artificial 
sediment, showing slightly higher hydrogen sulphide levels, ~25 μmol H2S L-1, within 
the immediate rhizosphere at the approximate location of the below-ground tissue 
during water-column hypoxia. 
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(f) HYPOXIA pH values: Vertical microprofiles of the pH value in the immediate 
rhizosphere as compared to in the bulk artificial sediment, showing higher pH values, 
~0.4 pH units, within the immediate rhizosphere at the approximate position of the 
below-ground tissue during water-column hypoxia. 
 
 
Figure S2.2. The vertical distribution of [O2], [H2S] and pH values in the immediate 
rhizosphere of Zostera muelleri (Plant 2) as compared to in the reduced artificial sediment 
elucidating the effect of the experimentally changed environmental conditions as well as 
differences between plant-vegetated and non-vegetated areas. Grey lines represent profiles 
in the bulk artificial sediment; Black lines represent profiles in the immediate rhizosphere. 
Vertical microprofiles in the immediate rhizosphere were performed at the basal meristem. 
Y=0 indicate the surface of the nitrogen bubbled seawater (oxygen sink). The artificial 
sediment surface is at ~10 mm depth; the below-ground tissue at ~25 mm depth. Error bars 
are ± SD. n=2. Notice as fewer measurements were performed on the roots-system of plant 
2 the total culture time in the artificial sediment of this plant decreased. Hence, plant 2 had 








Figure S2.3. Conceptual diagram roughly illustrating the approximate position of the 
microprofile measurements (black dots), as well as the in this study defined zones of 
interest within the artificial sediment (area enclosed by dotted lines). Note that the 
chemical microprofiles of the below-ground tissue, describing the dynamics of the chemical 
microenvironment of Z. muelleri (abbreviated microprofiles in the figure), covers both the 
oxic microzone and the immediate rhizosphere (solid black line). IR represents the profiles 
measured within the immediate rhizosphere of Z. muelleri (i.e. the plant-vegetated area) as 
compared to the bulk artificial sediment (Bulk). Reference is the approximate position of the 
basal meristem H2S concentration reference. Arrows indicate the respective distances from 
the below-ground tissue surface. 
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FIGURE S2.4 
The H2S concentration within the artificial sediment measured at the same vertical depth as 
the basal meristem tissue of Z. muelleri but at a ~ 5mm distance away from the tissue 
surface was ~23 μmol L-1 (Figure S2.4). The measurement serves as a reference to the 
measurements performed at the tissue surface of the meristematic region of the rhizome 
(plant 2; under an incident irradiance of ~350 μmol photons m-2s-1) and was achieved by 
using the motorized micromanipulator. 
 
 
Figure S2.4. The H2S concentration in the artificial sediment at a ~5mm horisontal distance 
away from the basal meristem of Zostera muelleri (plant 2). The graph serves as a reference 
to the H2S measurements just at and at increasing distance away from the below-ground 
tissue surface. Y = 0 indicate the same vertical depth as the surface of the meristematic 
tissue. Error bars indicate ± SD. n = 2. 
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FIGURE S2.5 
Statistical analysis confirming the resemblance between plant 1 and 2 based on O2 concentration 
measurements at the surface of the meristematic region of the rhizome (Students t-test; p ≥ 0.3, all 
treatments; df = 8-9 [dark treatments: p=0.9, light treatments: p=0.4, hypoxia treatments: p=0.3]). 
 
 
Figure S2.5. The O2 concentration at the meristematic tissue surface (in μmol L-1) under 
three different treatments. Values are mean values calculated as an average of both plants. 
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Highlights: This chapter describes a new methodology to analyse the below-ground 
chemical microenvironment of aquatic macrophytes, such as seagrasses, in high spatio-
temporal resolution by means of advanced optical nanoparticle-based sensor technology. As 
seagrass beds currently are declining with alarming rates worldwide, new insight into the 
dynamics of the below-ground biogeochemical microenvironment is crucial for the 
preservation of this vital marine ecosystem. Our novel microenvironmental approach 
determined, for the first time, the O2 dynamics and distribution around the rhizome and 
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Seagrass communities provide important ecosystems services in coastal environments but 
are threatened by anthropogenic impacts. Especially the ability of seagrasses to aerate their 
below-ground tissue and immediate rhizosphere to prevent sulfide intrusion from the 
surrounding sediment is critical for their resilience to environmental disturbance. There is a 
need for chemical techniques that can map the O2 distribution and dynamics in the seagrass 
rhizosphere upon environmental changes and thereby identify critical stress thresholds of 
e.g. water flow, turbidity and O2 conditions in the water phase. In a novel experimental 
approach, we incorporated optical O2 sensor nanoparticles into a transparent artificial 
sediment matrix consisting of pH-buffered deoxygenated sulfidic agar. Seagrass growth and 
photosynthesis was not inhibited in the experimental setup when the below-ground 
biomass was immobilized in the artificial sulfidic sediment with nanoparticles and showed 
root growth rates (~5 mm day-1) and photosynthetic quantum yields (~0.7) comparable to 
healthy seagrasses in their natural habitat. We mapped the real-time below ground O2 
distribution and dynamics in the whole seagrass rhizosphere during experimental 
manipulation of light exposure and O2 content in the overlaying water. Those manipulations 
showed that oxygen release from the belowground tissue is much higher in light as 
compared to darkness and that water column hypoxia leads to diminished oxygen levels 
around the rhizome/roots. Oxygen release was visualized and analyzed on a whole 
rhizosphere level, which is a substantial improvement to existing methods relying on point 
measurements with O2 microsensors or partial mapping of the rhizosphere in close contact 
with a planar O2 optode. The combined use of optical nanoparticle-based sensors with 
artificial sediments enables imaging of chemical microenvironments in the rhizosphere of 
aquatic plants at high spatio-temporal resolution with a relatively simple experimental setup 
and thus represents a significant methodological advancement for studies of environmental 





Seagrasses are marine flowering plants that provide a range of essential eco-engineering 
services, such as facilitating carbon sequestration, improving water clarity and protecting 
coastal areas against erosion (Orth et al. 2006). Despite being considered as a high-value 
ecosystem, providing nursery areas and feeding grounds to numerous important commercial 
marine fish and crustacean species, seagrass meadows are currently declining with alarming 
rate mainly due to human activity (Larkum et al. 2006; Waycott et al. 2009). Seagrass plants 
mostly inhabit shallow coastal sediments, where they form an important coastal ecosystem 
with high productivity and biodiversity (Larkum et al. 2006; Orth et al. 2006). However, the 
below-ground biomass of seagrasses is anchored and grows in organic rich, reduced and 
often sulphidic sediments, which present a challenge to the plants and can potentially be 
involved in die-off events (Holmer & Bondgaard, 2001; Holmer et al. 2005). Sulfide, and 
especially dissolved H2S is highly toxic for seagrasses (Pérez-Pérez et al. 2012; Lamers et al. 
2013) that have developed a variety of structural defense mechanisms such as the presence 
of an intracellular gas-filled lacunar system (aerenchyma) enabling rapid and low-resistance 
exchange of gasses between the above- and below-ground tissue and rhizosphere (Borum et 
al. 2006). However our understanding of the function of this system and its role for the 
survival of seagrasses under environmental stress is still incomplete. The chemical 
microenvironment in the seagrass rhizosphere exhibits a high spatio-temporal heterogeneity 
that remains to be studied in detail. Especially the O2 dynamics in the rhizosphere is of 
importance as radial O2 loss from the below-ground biomass can act as a microshield against 
toxic H2S from the surrounding sediment (Connell et al. 1999; Jensen et al. 2005; Brodersen 
et al. 2015). Inadequate O2 transport from seagrass leaves to the below-ground tissue is 
regarded a key mechanism in seagrass die-off events (Pedersen et al. 2005; Borum et al. 
2005) upon anthropogenic impacts such as dredging and eutrophication affecting the 
transparency and/or O2 level in the overlaying water (Erftemeijer & Lewis, 2006).  
It has recently been shown that O2 released from the meristematic region of the rhizome of 
the seagrass species Zostera muelleri subsp. capricorni alters the local below-ground 
chemical microenvironment by chemically re-oxidizing H2S and thereby detoxifying the 
surrounding sediment (Brodersen et al. 2015). This chemical defense mechanism is highly 
affected by hypoxic water-column conditions during darkness, as the oxidation capacity of 
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the below-ground tissue of seagrasses is completely dependent on the passive diffusion of 
O2 from the surrounding water-column, across diffusive boundary layers and into the 
aerenchyma when no O2 is evolved via photosynthesis (Pedersen et al. 2004; Borum et al. 
2005; Brodersen et al. 2015).   
Most studies of the O2 dynamics in the seagrass rhizosphere have used electrochemical or 
optical microsensors (Pedersen et al. 1998; Connell et al. 1999; Jensen et al. 2005; Brodersen 
et al. 2015) that enable measurements with a very high spatio-temporal resolution but only 
at a limited set of measuring points. Therefore studying different regions of the rhizome is 
very tedious and it is impossible to account for the complete O2 distribution around the 
below-ground biomass. There is thus a need for techniques that can map the heterogeneous 
O2 microdistribution and dynamics around the rhizome and roots of seagrasses over larger 
spatial scales. 
Imaging of chemical parameters using planar optical sensor foils, i.e., planar optodes, is a 
powerful alternative to microsensor measurements (Schäferling, 2012). While planar 
optodes are excellent tools for visualizing dynamic processes in sediments (Glud et al. 2001; 
Polerecky et al. 2006; Kühl & Polerecky, 2008), this approach is not as straight forward for 
investigations of the rhizosphere, where a good contact between the sensor foil and the 
plant tissue is needed. Achieving such a good contact is not easy and obviously only possible 
for selected parts of the roots at once (Frederiksen & Glud, 2006; Jovanovic et al. 2015). 
Depending on the root geometry and the planar sensor layer thickness, diffusive smearing of 
the true O2 distribution can also be induced due to the presence of the O2-impermeable 
sensor foil up against the biomass (Meysman et al. 2010). 
In the present study we used O2 sensitive optical nanosensors (Borisov et al. 2009) in 
combination with an artificial, semi-transparent sulphidic sediment matrix to simultaneously 
map the O2 dynamics in the whole rhizosphere of the seagrass Zostera muelleri. We present 
the new methodology and show its application for mapping responses in the rhizosphere O2 





MATERIALS AND METHODS 
Materials for the nanosensors: 
Platinum(II) meso(2,3,4,5,6-pentafluoro)phenyl porphyrin (PtTFPP) was bought from 
Frontier Scientific (www.frontiersci.com), Macrolex® fluorescence yellow 10GN (MY) was 
obtained from Kremer Pigments (http://kremerpigments.com). The styrene maleic 
anhydride copolymer (PSMA with 8% MA, Mw: 250000 g*mol-1) XIRAN® was generously 
provided by Polyscope (http://www.polyscope.eu). Tetrahydrofuran (THF) was obtained by 
Sigma-Aldrich.  
 
Materials for the transparent, artificial sediment: 
Agar powder for microbiology (gel point ~35°C; gel strength >300 g cm-2), HEPES buffer (N-
(2-Hydroxyethyl)piperazine-N’-(2-ethanesulfonic acid; pKa (at 25°C) = 7.48; useful pH 
range=6.8-8.2) and sodium sulfide nonahydrate (Na2S*9H2O) were purchased from Sigma-
Aldrich (www.sigmaaldrich.com).   
 
Nanosensor preparation: 
The sensor nanoparticles were prepared according to the previously described method by 
Mistlberger et al. (2010). Briefly, 200 mg of PSMA, 3 mg of MY (reference dye) and 3 mg of 
PtTFPP (O2 indicator) were dissolved in 20 g of THF. This mixture was quickly poured into 200 
ml of vigorously stirred distilled water. After evaporating the THF under an air stream, the 
particle suspension was concentrated at elevated temperature (60°C) until a concentration 
of 5 mg per ml was reached. The concentration was checked by drying and subsequent 
weighing of 1 ml of the particle suspension. The obtained particles have a size of several 
hundred nm and a strongly negative zeta potential of around -30 mV as shown elsewhere 
(Mistlberger et al. 2010). The particle suspension could be stored over several weeks 
without any signs of sedimentation, color change or change in the calibration characteristics.  
 
Seagrass Collection: 
Seagrass specimens of Zostera muelleri subsp. capricorni (Asch.) S.W.L.Jacobs were collected 
from a shallow (<1 m deep) coastal site at Brisbane Waters, NSW, Australia. The plants were 
transported (in water from the sampling site) to a greenhouse facility at the University of 
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Technology Sydney, where they were kept under natural light at a salinity of ~34 ppt and a 
temperature of ~22°C. Prior to the experiments, specimens were gently washed free of any 
adhering sediment particles before transferring them to the experimental chamber. 
 
Experimental setup 
The experimental chamber (inner dimensions 10x130x120 mm) consisted of a custom-made 
narrow, transparent acrylic chamber with a removable front window made of polycarbonate 
for ease of access when casting the sediment and improved optical properties during 
imaging, respectively (See Fig. 3.1 and supplementary video). Illumination of the plant leaves 
was provided by a tungsten halogen lamp equipped with a collimating lens (KL-2500, Schott 
GmbH, Germany). Stirring and aeration of the water-column was obtained via a submerged 
Pasteur pipette connected to an air pump or a gas mixer (Sensorsense, The Netherlands).  
 
Preparation of the Artificial Sediment 
The transparent, artificial sediment consisted of a de-oxygenated ~0.5% (w/w) agar-
seawater solution (100 mL), buffered with HEPES (final concentration of 10 mM), amended 
with O2-sensitive nanoparticles (2% w/w) and Na2S to a final H2S concentration of 250 μM 
(at pH 7). Prior to casting the sediment, the agar powder had been pre-washed over night in 
cold seawater to improve clarity. The reduced, artificial sediment was thus constructed to 
mimic chemical settings in natural sediment while allowing for direct visual investigation of 
the below-ground tissue during measurements. 
The sensor nanoparticles were added to the heated artificial sediment mixture during the 
preparation. Oxygen sensor nanoparticles could be homogeneously incorporated into the 
artificial sediment matrix with no visible formation of larger sensor particle aggregates in the 
agar. To ensure this, the timing of the nanoparticle addition to the agar is important and this 
should be done shortly before the artificial sediment is poured into the chamber (i.e., at 
~38°C). The concentration of nanoparticles in the agar ensured a good measuring signal, 
while preserving a good visual transparency. To further avoid potential limitations of 
transparency, we placed the seagrass rhizome close to (without touching) the polycarbonate 
plate of the experimental chamber when pouring the agar with nanoparticles (at an agar 
matrix temperature of ~ 36°C that rapidly cooled to room temperature upon contact with 
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the experimental chamber). The chamber could then be sealed and positioned in front of 
the imaging system. Gas supply from a gas mixer was ensured and a fiber-optic optode 
(Pyro-Science GmbH, Germany) was introduced to continuously monitor the O2 
concentration in the water column. The leaf canopy was kept in the upper stirred water-
phase. A schematic of the setup can be seen in Fig. 3.1. A detailed video documentation of 
these preparation steps can be found in the supplemental information. 
 
 
Figure 3.1: A: Experimental setup. The below-ground tissue of the seagrass is embedded in 
the artificial sediment containing the O2 sensitive nanoparticles. A SLR camera and LED are 
mounted perpendicular to the transparent chamber wall. Gas supply and reference optode 
are immersed in the overlaying water. B: Calibration curve of the sensor nanoparticles in the 
artificial sediment. Symbols and error bars represent means ± SD (n=3). The red curve shows 
a fit of an exponential decay function to the calibration data (R2>0.999). 
 
Imaging setup: 
We used a ratiometric RGB camera setup for O2 imaging (Larsen et al. 2011). The system 
consisted of a SLR camera (EOS 1000D, Canon, Japan) combined with a macro objective 
(Macro 100 f2,8 D, Tokina, Japan) equipped with a 455 nm long pass filter (Uqgoptics.com). 
Excitation of sensor particles was achieved with a 405nm multichip LED equipped with a 
bandpass filter (NT43-156, Edmundoptics.com). The LED was powered by a USB-controlled 
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LED driver unit for fluorescence imaging applications (available from http://imaging.fish-n-
chips.de). Image acquisition control of the SLR and LED were done with the software 
look@RGB (http://imaging.fish-n-chips.de). 
 
Image analysis and calibration: 
Acquired images were split into red, green, and blue channels and analyzed using the freely 
available software ImageJ (http://rsbweb.nih.gov/ij/). In order to obtain O2 concentration 
images the following steps were performed: First the red channel (O2 sensitive emission of 
PtTFPP) and green channel (emission of the reference dye MY) images were divided using 
the ImageJ plugin Ratio Plus (http://rsb.info.nih.gov/ij/plugins/ratio-plus.html). Afterwards, 
the obtained ratio-image was fitted with the previously obtained calibration curve using the 
Curve Fitting tool of ImageJ (exponential decay). The calibration curve was generated to 
follows. A small piece of nanosensor-containing non-sulfidic agar was immobilized in the 
chamber. Oxygen levels of the water on top of the agar were altered with the help of 
compressed air and nitrogen, which were mixed by a PC- controlled gas mixer (SensorSense, 
The Netherlands). Simultaneously, the O2 level in the water column was monitored by 
means of a calibrated O2 optode system (Oxygen dipping probe connected to Piccolo2 
meter; PyroScience GmbH, Aachen, Germany). To ensure that equilibrium was reached, each 
calibration step was held for 60 min. The calibration was obtained by linking the measured 
image ratios to the measured O2 level (Fig. 3.1). A visualization of the calibration process can 
be found in the supporting information.   
 
Seagrass photosynthetic performance: 
We assessed the photosynthetic competence of various parts of the seagrasses using a fiber-
optic pulse amplitude modulated (PAM) fluorometer (PocketPAM, Walz GmbH, Germany) 
measuring the quantum yield of the PSII photosynthetic electron transport in the dark 
adapted state (Fv/Fm=the maximal quantum yield) and in the presence of actinic light 
(YII=the effective quantum yield) (Ralph & Short, 2002). 
 
Experimental treatments: 




i) During a light-dark transition, where the plant leaves were first illuminated with an 
incident photon irradiance of ~500 μmol photons m-2 s-1 for 90 min to ensure that 
equilibrium conditions were reached in the light. Thereafter, the external illumination was 
switched off and the plant was left in the dark for 3 hours. During the dark incubation, the 
image acquisition could be automated, while measurements in light required switching the 
external light source off for a brief period just before and during image acquisition. 
ii) During decreasing O2 contents in the water-column, from 100% air saturation down to 
~0% air saturation. The plant was first kept at an irradiance of ~500 μmol photons m-2 s-1 for 
90 min in air saturated water to ensure that equilibrium conditions was reached. Then the 
external illumination was switched off and the overlaying water was flushed with N2 gas for 
2.5 hours to simulate water column hypoxia. Finally the water-column was again bubbled 
with air and the plant was still kept in the dark for another 4.5 hours. The O2 concentration 
in the water-column was monitored simultaneously by the above-mentioned fiber-optic O2 
optode. Image acquisition was performed as described above.  
 
 
RESULTS AND DISCUSSION 
Introduction of optical sensor nanoparticles into the artificial sediment did not affect the 
sensor performance. The calibration curve of the agar-immobilized O2 nanoparticles showed 
the expected exponential decay typical for optical O2 sensors based on luminescence 
quenching (Meier et al. 2013) (Fig. 3.1).  
Obviously, it is important to assess potential effects of the artificial sediment with 
nanosensors on the seagrass health. In this study, we evaluated two plants of the species Z. 
muelleri. Both plant specimens tolerated the artificial sediment with nanoparticles well and 
new root growth (at a rate of ~5 mm d-1) was actually observed in both plants after a few 
days. Good plant health was also confirmed by measurements of photosynthetic 
performance of the two plants (Table 3.1). PAM fluorometry measurements in both plants 
revealed a high quantum efficiency of photosynthesis in the leaf canopy (shoot 1); i.e., 
maximum and effective quantum yields of PSII ~0.7 and ~0.6 (at a light intensity of 500 μmol 
photons m-2 s-1), respectively. As seagrasses are considered healthy when maximum PSII 
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quantum yields of the shoot are around 0.7 (Macinnis-Ng & Ralph, 2003), we concluded that 
the two studied plants cultivated in the artificial sediment were healthy. Besides the shoot, 
the photosynthetic performance of the prophyllum, i.e., single leaves originating from the 
horizontal rhizome, was also evaluated. Whereas plant 1 had photosynthetically active 
prophyllums, albeit with a lower photosynthetic quantum efficiency than the fresh leaves, 
plant 2’s prophyllums showed no photosynthetic activity (Table 3.1); these observations 
were also supported by the respective images of O2 concentration around these structures 
(see Fig. 3.2). The presence of photosynthetically active prophyllums was a surprising 
finding, as these older plant structures are typically considered inactive. A more detailed 
investigation of this finding was, however, beyond the scope of this study and will be 
examined in future work. 
 
 
Table 3.1: Maximum (Fv/Fm) and effective (Y(II)) quantum yields of PSII-related 
photosynthestic electron transport in seagrass leaves of plants mounted in the experimental 
setup with artificial sediment + O2 nanoparticles  (mean ± SD; n = 4-6). (-) indicates no 
photosynthetic activity. 
 Shoot Prophyllum Prophyllum 
Plant 1 Nodium 1 Nodium 5 Nodium 8 
Fv/Fm 0.74±0.01 0.61±0.02 0.59±0.02 
Y(II) 0.60±0.01 0.48±0.02 0.39±0.01 
    
    
 Shoot Prophyllum Prophyllum 
Plant 2 Nodium 1 Nodium 2 Nodium 5 
Fv/Fm 0.73±0.01 (-) (-) 
Y(II) 0.58±0.02 (-) (-) 
    
 
While the presented O2 nansosensor methodology is not applicable to natural non-
transparent sediments, it is well suited to investigate the below-ground chemical 
microenvironment of seagrasses embedded in artificial transparent sediment matrices that 
mimic key aspects of the sediment biogeochemistry such as high sulfide contents (Brodersen 
et al. 2015). With the experimental setup, both structural images of the two plants as well as 
images of O2 concentration surrounding their below-ground biomass could be recorded (Fig. 
3.2). Both images were taken after exposing the plants to an irradiance of 500 μmol photons 
m-2 s-1 for 90 minutes. The O2 distribution in the belowground environment was evidently 
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very different between the two investigated specimens. In plant 1, photosynthetically active 
prophyllums (one marked as P in each picture) oxidized the sediment, while plant 2 mainly 
showed O2 leakage around the nodiums (marked as N), the basal meristem (B) and at the 
root tips. One of the benefits of the method presented here is that aligned structural and 
chemical (O2 concentration) images can easily be obtained. While the chamber is illuminated 
by an external light source a structural image can be taken and by switching off the external 
light source and triggering the LED illumination, a luminescence image can be acquired that 
leads to an O2 concentration image. In this way the position of structural elements (e.g. 
roots, rhizome) can be precisely aligned with the chemical information. A slight drawback is 
that due to the emission filter in front of the SLR camera, the structural picture appears 




Figure 3.2: Structural images of the seagrass Z. muelleri mounted in the artificial sediment 
(A, C) and the respective false color images of the O2 concentration distribution (B, D) 
around plant 1 (top) and plant 2 (bottom) recorded after 90 min illumination of the leaves 
with 500 μmol photons m-2 s-1. Several plant structural elements are pointed out: S – shoot, 




The O2 imaging showed that it is possible to simultaneously map the O2 distribution within 
the entire seagrass rhizosphere (Fig. 3.2, 3.3), and the method is well suited to observe 
changes in sediment oxygenation under different environmental conditions. Light exposure 
of the leaf canopy thus dramatically changed the O2 status around the roots and rhizome 
(Fig. 3.3). Under high irradiance, seagrass leaf photosynthesis produced O2 that was 
transported to the below-ground biomass of the plant, where it supported aerobic 
metabolism and leaked into the immediate rhizosphere leading to locally increasing O2 levels 
during illumination (Fig. 3.3A, 3.3C; region of interest (ROI), 1-3). During illumination, 
leakage of O2 was also observed at the node region (ROI 2) and the basal meristem (ROI 3). 
In contrast to the area on top of one of the prophyllums (ROI 1), this leakage did not 
originate from photosynthesis at the spot, but was due to diffusive transport through the 
aerenchyma. 
In darkness, O2 diffuses into the leaves from the surrounding water, across the diffusive 
boundary layer (DBL) and is then transported to the below-ground tissue. This caused less 
oxygenation of the rhizosphere, due to a relatively lower O2 supply from the above-ground 
tissue and owing to O2 consumption along the diffusive transport path (Fig. 3.3; ROI 1-3 and 
line profile). To visualize the changes between high light and dark conditions, we calculated 
an O2 concentration difference picture by subtracting the dark O2 image (time point 240 
min) from the high light O2 image (time point 90) (Fig. 3.3B). This showed that the O2 
production in the prophyllum had a high local impact, but clear differences were also 
evident at the root tips, close to the nodium and the basal meristem. Such O2 leakage into 
the rhizosphere can protect the seagrass from H2S intrusion through development of an oxic 
microshield around the below-ground tissue that prevents H2S from reaching the tissue 
surface, via chemical oxidation with O2 (i.e. 2O2 + H2S → 2H+ + SO42-) (Brodersen et al. 2015). 
Furthermore, the line profile in Fig. 3.3D showed significant O2 leakage around the root tips. 
This leakage may have a particular important defense role for the plant as this may enable 





Figure 3.3: A: False color image of the O2 concentration around the seagrass roots taken 
after 90 min illumination of the leaves with 500 μmol photons m-2 s-1. B: An O2 depletion 
image visualizing the change in O2 concentration between the end of the light period (i.e. 
onset of darkening) and 130 min later. C: time profile of the 3 regions of interest (ROIs) over 
the light-dark exposure experiment. D: line profile (line shown in A) across some small roots 
at the time points 90 min and 240 min.  
 
 
While light-dark shifts appear on a diel basis, other environmental changes such as O2 
depletion in the water column appear more rarely in the natural environment. Hypoxic 
water-column conditions may be caused by anthropogenic impacts such as eutrophication 
(e.g. due to land run-off and nutrient loadings) and/or by dredging operations in areas close 
to the seagrass meadows. During the latter, re-suspended anoxic sediment attenuates light 
and consumes O2 in the water column leading to hypoxia (or even anoxia) (Erftemeijer & 
Lewis, 2006). This is especially critical for seagrasses during night-time, where 
photosynthetic O2 supply in the leaves is absent. To investigate such effects, we monitored 
how defined changes in the O2 content of the water column affected the rhizosphere O2 
microenvironment of the seagrass (Fig. 3.4). In 5 of the selected ROIs, O2 was rapidly 
depleted in the seagrass rhizosphere under dark anoxic conditions in the overlaying water. 
After re-establishing full atmospheric saturation in the water column, O2 diffusion from the 
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water column into above-ground tissue resulted in increased below-ground O2 levels in the 
rhizosphere that approached steady state (Fig. 3.4; ROI 2, 3, 5 and 6). This was further 
confirmed by measuring line profiles of the O2 concentration across some smaller roots (Fig. 
3.4F).  Notably, ROI 1 in Fig. 3.4 showed no increase in O2 concentration indicating that the 
prophyllums were not supplied with O2 via the aerenchyma. The presented experimental 
setup thus provides important information about the oxidation capability of the below-
ground tissue of seagrasses under various environmental scenarios. Spatially explicit 
investigations are important, especially seen in the light of recent studies linking seagrass 
die-backs with hypoxic water-column conditions, leading to internal anoxia, and thereby 
making the plants more susceptible to sulfide intrusion (Pedersen et al. 2004; Borum et al. 
2005; Brodersen et al. 2015). 
In Fig. 3.4, ROI 4 was chosen to follow the O2 dynamics in the artificial sediment in close 
proximity to the artificial sediment surface. This area showed efficient O2 diffusion into the 
uppermost few mm’s within the time frame of the experiments. The sulfide in the top layer 
of the artificial sediment thus gets depleted over time, when O2 is present in the overlaying 
water and such depletion has to be considered as this limits the long-term applicability of 
the experimental setup. Possible ways to avoid such oxygenation over longer incubation 
times are presented elsewhere (Brodersen et al. 2014). The O2 concentration difference 
images comparing high light and darkness (under water column anoxia) showed pronounced 
changes around the photosynthetic prophyllum (Fig 3.4B), while O2 leakage was 
predominantly observed at the root tips and the nodiums when diffusion from the water 





Figure 3.4: A: False color image of the O2 concentration around the seagrass roots taken 
after 90 min illumination of the leaves at 500 μmol photons m-2 s-1. Oxygen dynamics 
pictures visualizing the change in oxygenation between the time points 0 min (light) and 135 
min (anoxic water) (B) and between the time points 135 min (anoxic water) and 405 min 
(airsaturated water) (C). D-E: time profile of the 6 ROIs. F: line profile across some small 
roots at the time points 0, 120 and 240 min.  
 
While planar optrodes only generate luminescence images when the focal plane of the 
camera matches with the plane of the optrode, the method presented here enables imaging 
at different focal planes. As the entire artificial sediment is stained with optical sensor 
nanoparticles it is in principle possible to image at different focal planes. In the 
supplemental information O2 distribution images at six different focal plains within the 
artificial sediment are shown. Only in one of the pictures is the rhizome in focus the others 
present focal planes in front and in the back of the rhizome. The further away from the 
actual roots the picture is taken the lower the O2 concentration. This explains why close 
contact to the roots is required when working with planar optrodes. When the sensor film is 
further away from the roots only a blurry image can be observed.  
 
In conclusion, the use of O2 sensitive nanoparticles in artificial transparent sediment 
represents a powerful new tool to analyze the microenvironment of the below-ground 
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biomass of seagrasses and to quantify O2 dynamics at high spatio-temporal resolution in the 
whole rhizosphere upon environmental changes. The possibility of mapping the whole 
below-ground O2 distribution and dynamics in the seagrass rhizosphere enables 
identification of particular hot spots with different O2 supply mechanisms. In contrast to 
microsensor measurements, this method can thus generate data for multiple parts of the 
plant simultaneously significantly accelerating studies of the chemical dynamics in the 
rhizosphere of aquatic plants. In future studies, O2 mapping can be easily supplemented 
with detailed spot measurements with microsensors for O2 and other chemical parameters 
such as pH and H2S (Brodersen et al. 2014, 2015), where the selection of specific measuring 
sites can be guided by O2 sensitive nanoparticle maps. The application of this new 
experimental approach is not limited to seagrasses and can easily be adapted to studies of 
other waterlogged plants and environments. For example, studies of O2 dynamics in rice 
with the new approach presented here could easily be combined with other techniques for 
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Figure S3.1: Visualization of the calibration process.  
Acquired images were split into red, green, and blue channels and analyzed using the freely 
available software ImageJ (http://rsbweb.nih.gov/ij/). In order to obtain O2 concentration 
images the following steps were performed: First the red channel (oxygen sensitive emission of 
PtTFPP) and green channel (emission of the reference dye MY) images were divided using the 
ImageJ plugin Ratio Plus (http://rsb.info.nih.gov/ij/plugins/ratio-plus.html). This gave pictures as 
shown in the top left. For the calibration the obtained pictures were correlated to the measured 
O2 levels in the water column. There different regions were measured and used to generate the 
calibration plot. This calibration cure could then be used to transfer an ratio image to an O2 
image (top right) 
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Figure S3.2: Oxygen pictures (scale in % air saturation) in focus and out of focus. It can be seen 
that in the focal plane of the rhizome the greatest level of detail can be obtained. Out of focus 
the picture gets blurry and only parts of the structures can be visualized.  
For planar optrodes this can be a resolution limiting factor as close contact of the rhizome to 
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Highlights: By means of novel optical nanoparticle-based O2 and pH sensors, this chapter 
describes how seagrasses (Zostera marina L.) alter the biogeochemical conditions in their 
immediate rhizosphere through plant-derived changes in the rhizosphere pH 
microenvironment and via radial O2 loss from the below-ground tissue. Local pH 
enhancements protect the plants from sediment-derived H2S via chemical sulphide 
speciation shifts towards non-tissue-permeable HS- ions, thereby further detoxifying the 
surrounding sediment. Plant-derived microniches of low-pH may lead to nutrient 
mobilization especially in carbonate-rich sediments. Moreover, this study gives novel insight 
into the microdynamics and heterogeneity of the rhizosphere pH microenvironment of 
seagrasses on a whole rhizosphere level (which is an improvement to existing methods such 
as via microsensors and planar optodes), and how the rhizosphere oxidation capacity of 
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Seagrasses can modulate the geochemical conditions in their immediate rhizosphere 
through the release of chemical compounds from their below-ground tissue. This is a vital 
chemical defence mechanism, whereby the plants detoxify the surrounding sediment.  
Using novel nanoparticle-based optical O2 and pH sensors incorporated in reduced and 
transparent artificial sediment, we investigated the spatio-temporal dynamics of pH and O2 
within the entire rhizosphere of Zostera marina L. during experimental manipulations of 
light and temperature. We combined such measurements with O2 microsensor 
measurements of the photosynthetic productivity and respiration of seagrass leaves. 
We found pronounced pH and O2 microheterogeneity within the immediate rhizosphere of 
Z. marina, with higher below-ground tissue oxidation capability and rhizoplane pH levels 
during both light exposure of the leaf canopy and elevated temperature, where the 
temperature-mediated stimuli of biogeochemical processes seemed to predominate. Low 
rhizosphere pH microenvironments appeared to correlate with plant-derived oxic 
microzones stimulating local sulphide oxidation and thus driving local proton generation, 
although the rhizoplane pH levels generally where much higher than the bulk sediment pH.  
Our data show that Z. marina can actively alter its rhizosphere pH microenvironment 
alleviating the local H2S toxicity and enhancing nutrient availability in the adjacent sediment 
via geochemical speciation shift.  
Keywords: microbial metabolism, nanoparticles, O2, pH, plant-sediment interactions, 






To accommodate growth in often highly reduced, sulphidic sediment environments, 
seagrasses possess aerenchymal tissue composed of a system of interconnected gas 
channels facilitating rapid transport of O2 from the seagrass leaves to the below-ground 
tissue (Larkum et al. 1989; McComb et al. 1999). Aerenchymal O2 supply supports aerobic 
metabolism at the root apical meristems, and also facilitates radial O2 loss (ROL) to the 
immediate rhizosphere from the basal meristems with leaf sheath, rhizome and the root 
apical meristems (Pedersen et al. 1998 and 1999; Jensen et al. 2005; Frederiksen & Glud, 
2006; Brodersen et al. 2014, 2015a; Koren et al. 2015). The below-ground ROL drives local 
chemical oxidation of the surrounding sediment in plant-derived oxic microniches, wherein 
new actively growing roots can form and reach maturity with protective barriers to ROL and 
sulphide intrusion (Barnabas, 1996; Enstone et al. 2003; Brodersen et al. 2014, 2015a). Most 
of these barriers to ROL are induced by anoxic, sulphidic conditions (Armstrong & 
Armstrong, 2001 and 2005) and inhibit gas-exchange over most of the root surface area 
ensuring an efficient internal gas transport to the apical parts of growing roots (Colmer, 
2003). 
Seagrasses can thus actively alter their rhizosphere microenvironment through the release 
of O2 from their below-ground tissue, thereby enhancing the redox potential of the 
immediate rhizosphere and stimulating re-oxidation of sediment-produced reduced 
phytotoxins, such as H2S (Lamers et al. 2013; Brodersen et al. 2014, 2015a). The oxidation 
capacity of the below-ground tissue is determined by numerous O2 sources and sinks 
(Borum et al. 2006), where the most important regulating parameters include the O2 
conditions in the water column during night-time as the plants are completely dependent 
on passive diffusion of O2 into their leaves when photosynthesis ceases (O2 source) (Greve 
et al. 2003; Pedersen et al. 2004; Borum et al. 2005; Frederiksen & Glud, 2006; Brodersen et 
al. 2015a), the light availability and quality during day-time strongly regulating rates of shoot 
photosynthesis (O2 source) (Brodersen et al. 2015a,b), ambient water temperature affecting 
plant and sediment respiratory needs and reaction kinetics (mainly regulating the O2 sinks, 
but also affects rates of leaf photosynthesis) (Raun & Borum, 2013), as well as the thickness 




surrounding water-column and thereby the water flow (thus negatively affecting the O2 
source) (Binzer et al. 2005; Brodersen et al. 2015b).  
Recently, Brodersen et al. (2015a) showed that the seagrass Zostera muelleri subsp. 
capricorni can modulate the pH microenvironment in its immediate rhizosphere, further 
alleviating the risk of H2S intrusion through local sediment pH enhancements. This chemical 
defence mechanism, whereby pH enhancement changes the sulphide speciation in the 
rhizoplane towards non-permeable HS- ions, is still poorly understood and there is therefore 
a need to elucidate the sediment pH microheterogeneity on a whole rhizosphere-scale.  
Possible mechanisms behind such pH changes in the immediate rhizosphere are plant-
derived allelochemicals. Rhizome/root exudation of organic carbon to the rhizosphere, as a 
result of internal carbon translocation, leads to enhanced bacterial productivity and growth 
in the seagrass rhizosphere (Moriarty et al. 1986). Rates of sulphate reduction have been 
coupled to plant photosynthesis and below-ground biomass (Pollard & Moriarty, 1991; 
Blaabjerg et al. 1998; Blaabjerg & Finster, 1998; Hansen et al. 2000; Nielsen et al. 2001) and 
young seagrass roots have also been found to stimulate the growth of epsilon- and gamma-
proteobacteria that can utilize O2 and nitrate as electron acceptors to re-oxidize sulphide 
(Jensen et al. 2007). Interestingly, the younger plant structures often leak O2 from around 
the root-cap, where the presence of sulphide oxidizers overlaps with the plant-derived 
oxygenated microniches (Jensen et al. 2005; Frederiksen & Glud, 2006; Brodersen et al. 
2014). 
The root-shoot junctions (including the basal leaf meristem) and the root apical meristems 
(Moriarty et al. 1986) have been suggested as sites of exudation, with rhizome/root organic 
carbon exudation amounting up to 18% of the total carbon fixed by the seagrass host 
(Hansen et al. 2000). The highest sulphate reduction rates in the seagrass rhizosphere have 
correspondingly been observed at the seagrasses rhizomes and roots, where, for example, 
Pollard and Moriarty (1991) found 6 times higher sulphate reduction rates in seagrass-
vegetated sediment as compared to non-vegetated areas. Sulphate reducing bacteria 
associated with the below-ground tissue of seagrasses show high O2 tolerance (Blaabjerg & 
Finster, 1998), and several studies have shown that increasing temperature and light 




sulphate reduction rate (Isaksen & Jørgensen, 1994; Isaksen & Finster, 1996; Blaabjerg et al. 
1998). Sulphate reduction can have a positive impact on the availability of phosphate in 
marine sediment owing to its reducing properties (Pollard & Moriarty, 1991), adding to the 
growing evidence of a specific relationship between the seagrass host and sulphate reducing 
bacteria based on a reciprocal exchange of nutrients (Moriarty et al. 1986; Blaabjerg et al. 
1998; Hansen et al. 2000; Nielsen et al. 2001). 
The consumption or production of protons as a result of microbial metabolisms and/or 
plant-derived allelochemicals plays an important role in the determination of sediment pH 
(Srinivasan & Mahadevan, 2010; Brodersen et al. 2015a). Such sediment pH alterations can 
influence the chemical speciation and availability of vital nutrients (e.g. ammonium and 
phosphate) at the plant/sediment interfaces (Pollard & Moriarty, 1991; Pagès et al. 2011, 
2012; Brodersen et al. 2015a). Yet the understanding of rhizosphere pH dynamics in 
seagrasses is underexplored and data on pH microheterogeneity at plant/sediment 
interfaces are lacking.  
In present study, we used novel O2 and pH sensitive optical nanosensors incorporated in 
artificial, transparent sediment to investigate the pH and O2 microdynamics in the 
rhizosphere of Zostera marina L. during light/dark transitions and temperature elevations. 
Our results provide new insights into the pH microheterogeneity and O2 distribution in the 
Zostera marina L. rhizosphere during changing environmental conditions. We discuss how 
such pH and O2 microgradients may alter the geochemical speciation of vital chemical 





MATERIALS AND METHODS 
Seagrass sampling 
Zostera marina L. specimens were collected in shallow waters (less than 2 m depth) near 
Rungsted Harbour, Denmark and were transported in seawater from the sampling site to 
the laboratory within 1h of sampling. The collected seagrass specimens were transplanted 
into sieved sediment from the sampling site to exclude burrowing animals from the holding 
tank. Specimens were held in a 30 L aquarium continuously flushed with aerated seawater 
(5 L h-1; salinity of 34‰; temperature of ~12°C) under a 14:10 h light/dark cycle. Illumination 
with a photon irradiance (400-700 nm) of ~200 μmol photons m-2 s-1 was provided by a 
combination of fluorescent and halogen lamps. Prior to experiments, selected plants were 
gently washed free of any adhering sediment particles and rhizome ends were carefully 
sealed with petroleum jelly to avoid gas leakage from damaged older rhizome parts, before 
placement in the custom-made, narrow split flow chamber (described below; Fig. 4.1). 







Figure 4.1. Schematic diagram of the experimental setup, showing the custom-made 
aquarium equipped with the narrow split flow-chamber and the ratiometric bio-imaging 
camera system (a). Image of the below-ground plant tissue structure during O2 
measurements (b). Image visualising the below-ground plant tissue structure during pH 
measurements (c). Note that the difference in brightness seen on the structural images (b, 
c) is due to the specific long pass filters used for luminescence imaging. 
 
Experimental setup and artificial, transparent sediment 
The applied experimental chamber consisted of a custom-made narrow, transparent acrylic 
split flow chamber attached to the side of a 30 L aquarium (inner dimensions 1×13×12 cm; 
Fig. 4.1). The split flow chamber was divided into an upper and lower compartment by 
means of an acrylic wall with numerous holes (inner diameter of ~1mm) and was equipped 
with a removable front window for ease of access when casting the sediment and 
positioning the seagrass. A seagrass specimen was positioned in the upper compartment 
with the above-ground tissue in the free-flowing seawater phase and the below-ground 
tissue embedded in reduced, artificial sediment (Fig. 4.1). The artificial, transparent 
sediment with embedded nanosensors was designed to mimic chemical settings in natural 




below-ground tissue during measurements (Fig. 4.1; further described in Koren et al. 2015). 
The transparent artificial sediment consisted of a deoxygenated ~0.5% (w/v) agar-seawater 
gel, buffered with HEPES (final concentration of 10 mM; pH ~7), amended with O2 or pH 
sensitive nanoparticles (~3 and 7 % v/v, respectively) and Na2S*9H2O to a final H2S 
concentration of 500 μM (at pH 7). The agar powder was pre-washed in continuously stirred 
cold seawater to improve clarity. The lower compartment of the split flow chamber 
contained a highly sulphidic (final H2S concentration of 2500 μM) deoxygenated ~0.5% (w/v) 
agar-seawater solution buffered with HEPES (10 mM), ensuring a continuous supply of H2S 
to the above artificial sediment with nanosensors during experiments, thereby maintaining a 
constantly high O2 demand in the sediment (Brodersen et al. 2014, 2015a). After positioning 
of the plant and casting the sediments, the chamber was sealed and placed in front of the 
imaging system (described below). 
Illumination of the leaf canopy was provided by a fibre-optic tungsten halogen lamp (KL-
2500; Schott GmbH, Mainz, Germany) equipped with a collimating lens. The incident photon 
irradiance (PAR, 400-700 nm) at the level of the seagrass leaf canopy was measured with a 
calibrated irradiance sensor (Walz GmbH, Effeltrich, Germany) connected to a quantum 
irradiance meter (LI-250; LiCor, Lincon, NE, USA). A constant flow of seawater (salinity of 
34‰) was maintained in the water-column of the upper flow chamber compartment via a 
connected pump submerged in an aerated and temperature-controlled seawater tank. The 
below-ground pH and O2 microenvironment within the Zostera marina L. rhizosphere was 
investigated during light/dark transitions (incident photon irradiance of 500 μmol photons 
m-2 s-1) and at two different experimental temperatures (~16 and 24°C). Plants were 
acclimatized to the experimental conditions for a minimum of 4h prior to start of 
measurements to ensure steady-state biogeochemical conditions in the rhizosphere (as 
confirmed from repetitive image recordings). Temperature changes were induced by slowly 
increasing the temperature of the seawater reservoir for ~3h until the desired temperature 
was reached and the plants were then allowed to acclimatize to the experimental 






Optical nanoparticle-based sensors 
The optical nanoparticle-based pH sensors were prepared based on a modified literature 
method (Xie et al. 2013; Wang et al. 2012). Briefly, 1 mg of perylene (Sigma-Aldrich), 1 mg of 
lipophilic indicator1-hydroxypyrene-3,6,8-tris-bis(2-ethylhexyl)sulfonamide (lipo-HPTS) 
(generously provided by Dr. Sergey Borisov TU Graz; Borisov et al. 2009) and 100 mg of the 
triblock copolymer Pluronic® F-127 (Sigma-Aldrich) were dissolved in 15 mL of 
tetrahydrofuran (THF). The mixture was poured into 100 mL of continuously stirred distilled 
water, the THF was evaporated under an air stream, and the particle suspension was 
concentrated to a final concentration of 5 mg mL-1 at 60 °C. The obtained pH sensor nano 
particles had an average size of <100nm as shown in the literature (Xie et al. 2013). The pH 
sensor nanoparticles were added to the pre-heated and previously deoxygenated artificial 
sediment in the last stage of the casting procedure, i.e., during cooling at ~38 °C to obtain a 
final concentration of ~7 % (v/v) in the agar matrix. 
A detailed description of the optical nanoparticle-based pH sensors, including optical 
properties and calibration procedures is provided in the supporting information (Fig. S4.1-
4.4 and S4.6; Notes S4.1). 
Artificial sediment with optical O2 sensor nanoparticles was prepared according to Koren et 
al. (2015). Briefly, 3 mg of platinum(II) meso-(2,3,4,5,6-pentafluoro)phenyl porphyrin 
(PtTFPP; indicator dye), 3 mg of Macrolex fluorescence yellow 10GN (MY; reference dye) and 
200 mg of the styrene maleic anhydride copolymer (PSMA with 8% MA) XIRAN were 
dissolved in 20 g of Tetrahydrofuran (THF). This mixture was then poured into 200 mL of 
continuously stirred distilled water. THF was evaporated under an air stream, and the 
particle suspension was concentrated to a final concentration of 5 mg mL-1 at 60°C. The 
optical O2 sensor nanoparticles were added to the pre-heated and previously deoxygenated 
artificial sediment in the last stage of the casting procedure at an agar temperature of ~38°C 
to obtain a final concentration of ~ 3% (v/v) in the agar matrix. 
Calibration curves of the optical O2 sensor nano particles at the two different experimental 





Imaging setup and data acquisition 
A RGB camera setup (Larsen et al. 2011) was used for ratiometric pH and O2 imaging (Fig. 
4.1). The imaging system consisted of a SLR camera (EOS 1000D, Canon, Japan) mounted on 
a tripod and equipped with a macro objective lens (Macro 100 f2,8 D, Tokina, Japan) and a 
long pass filter (pH imaging, 455 nm; O2 imaging, 530 nm; Uqgoptics.com). Excitation of the 
luminescent sensor nano particles was achieved by means of a multichip LED (LedEngin Inc, 
RS Components Ltd, Corby, UK) combined with a bandpass filter (pH imaging, 405 nm; O2 
imaging, 455 nm). The applied LEDs were powered by a USB-controlled LED driver unit 
designed for luminescence imaging applications (imaging.fish-n-chips.de). Data acquisition 
and control of the SLR exposure and LED light were achieved with a PC running custom 
software “look@RGB” (imaging.fish-n-chips.de).  
 
Image calibration and analysis 
The obtained SLR images were first split into red, green and blue channels and were then 
analysed via the Java-based image processing software ImageJ (rsbweb.nih.gov/ij/). In order 
to achieve images of pH and O2 dependent ratios, raw images were divided using the ImageJ 
plugin Ratio Plus (rsb.info.nih.gov/ij/plugins/ratio-plus.html). For O2 imaging, this implied 
dividing the red channel (emission of the O2 sensitive dye) with the green channel (emission 
of the reference dye). For pH imaging, the red channel (indicator dye) was divided with the 
blue channel (reference dye). The obtained ratio images were fitted with previously 
obtained calibration curves (Fig. S4.4 and S4.5) using the Curve Fitting function in ImageJ, by 
means of linking the ratio images to the respective O2 concentrations or pH units (see 
further details in Larsen et al. 2011; Koren et al. 2015).  
 
Net photosynthesis and plant respiration rates 
A seagrass leaf was positioned in a custom-made sample holder consisting of two 2 mm 
plexiglass plates to ensure a steady sample during microsensor measurements. Profiles 




sample holder was positioned in a flow chamber (25×8×5 cm), which was connected to an 
aquarium pump ensuring a steady flow of ~3 cm s-1 of aerated seawater (salinity = 34) from 
a 25 L aquarium, wherein the temperature was kept constant at either ~16 or 24°C by a 
thermostate (F25-HD, Julabo GmbH, Germany). Light was provided with a fiber-optic 
tungsten halogen lamp (KL-2500 LCD, Schott GmbH, Germany) positioned at a 45° angle 
above the sample. The experimental photon irradiance (PAR) was 500 μmol photons m-2 s-1, 
measured at the position of the sample, i.e., the leaf canopy, with a calibrated quantum 
irradiance meter (ULM-500, Walz GmbH, Germany) connected to an submersible spherical 
micro-quantum-sensor (US-SQS/L, Walz Gmbh, Germany). 
Vertical profiles of O2 concentration were measured in 50 μm increments from 0.5 mm 
above the leaf towards the tissue surface, using a Clark-type O2 microsensor with a tip 
diameter of <25 μm (OX-25, Unisense, Denmark; Revsbech, 1989), with a fast response time 
(t90<0.5 s) and a low stirring sensitivity (1-2%). The microsensor was mounted on a 
motorized micromanipulator (MU-1, PyroScience GmbH, Germany) and connected to a pA-
meter (OXY-meter, Unisense, Denmark) that was interfaced to a PC via an A/D converter 
(DCR-16, PyroScience GmbH, Germany). Microsensor positioning and data acquisition were 
controlled by dedicated software (Profix, PyroScience GmbH, Germany).  
Net photosynthesis and dark respiration rates were calculated from Fick’s 1st law of 
diffusion: 
 
where D0 is the salinity and temperature dependent diffusion coefficient of O2 in seawater 




Rates of photosynthesis and respiration 
The net photosynthesis and respiration rates of Zostera marina L. at the two experimental 




leaf tissue surface (Fig. 4.2). Measurements revealed a 2.2 times higher net photosynthesis 
rate at 24°C as compared to 16°C, amounting to an increase in O2 efflux from 0.117 to 0.252 
nmol O2 cm-2 s-1; and a 1.4 times higher respiration rate at 24°C as compared to 16°C, which 
amounted to an increase in O2 influx from -0.116 to -0.159 nmol O2 cm-2 s-1. The measured 
temperature-induced enhancement in the rate of net photosynthesis and respiration 
corresponded to Q10 temperature coefficients of 2.6 and 1.5, respectively. 
 
Figure 4.2. Vertical O2 concentration microprofiles measured towards the leaf tissue surface 
of Z. marina during light-dark transitions (incident irradiance (PAR) of 500 μmol photons m-2 
s-1) at the two experimental temperatures (~16 and 24 °C). Y = 0 indicate the leaf tissue 
surface. Symbols with error bars represent the mean ±SD. n = 3; leaf level replicates. 
 
O2 distribution and microdynamics 
The two-dimensional O2 distribution in the Z. marina L. rhizosphere at 16 and 24°C during 
light-dark transitions is shown in Figure 4.3. The O2 images showed an O2 release, i.e., radial 
oxygen loss, especially from the root-shoot junctions (nodiums) and the rhizome, leading to 
several oxic microniches in the immediate rhizosphere of Z. marina L. The seagrass was able 






Figure 4.3. O2 distribution and microdynamics within the rhizosphere of Zostera marina L. 
determined via optical nanoparticle-based O2 sensors (O2 colour coded image). The steady-
state O2 images were obtained at two different temperatures (16 and 24 °C) during light-
dark transitions (photon irradiance (PAR) of 500 μmol photons m-2 s-1). Legends depict the 
O2 concentration in % air saturation. The presented images represent an average of 2 
images. 
 
The O2 concentration images revealed a distinct increase in the belowground tissue 
oxidation capacity at 24°C as compared to 16°C; this temperature effect predominated over 
light stimulation of the plants photosystems (Fig. 4.3). The extent of oxygenated regions and 
the below-ground tissue surface O2 concentration did only increase slightly during light 
exposure of the leaf canopy (incident irradiance of 500 μmol photons m-2 s-1; Fig. 4.3). Some 
of the prophyllums (single leaves originating from the rhizome at the nodiums), as well as 
the leaf sheath at the base of the shoot also released O2 to the rhizosphere. The maximal 
width of the oxic microniches around the rhizomes was ~5.0 mm at nodium 7 during light 
exposure at a temperature of 24°C, corresponding to an oxic microshield thickness of ~0.75 
mm surrounding the respective root-shoot junction (data obtained by subtracting the 
diameter of the rhizome), which is similar to previous findings in natural sediment (e.g. 




regions of interest (ROIs) in the Z. marina rhizoplane confirmed these observations (Fig. 4.4; 
Table 4.1). Based on O2 concentration measurements in ROI 1-7, we calculated a mean of a 
1.1-fold increase in the oxidation capability of the belowground tissue as a result of the 
dark/light transitions as compared to a 1.3-fold increase in response to the 8°C temperature 
elevation. The highest rhizome surface O2 levels were found at the root-shoot junctions 
(nodium 4, 5 and 7) corresponding to O2 concentrations reaching up to 122 μmol L-1 (ROI 3, 
4 and 5 in Fig. 4.4; Table 4.1). The O2 imaging thus documented pronounced spatial 
microheterogeneity and high spatio-temporal microdynamics of the belowground oxic 
microzones around the rhizome of Z. marina that was modulated by changes in light and 
temperature. 
 
Figure 4.4. Selected regions of interest (ROI) within the immediate rhizosphere of Zostera 
marina L. used to determine the O2 distribution during light/dark transitions (incident 
irradiance (PAR) of 500 μmol photons m-2 s-1) at the experimental temperatures (~16 and 
24 °C). Boxes and numbers indicate the measured ROI. Mean O2 concentration values 






Table 4.1. O2 concentrations at selected regions of interest (ROI) within the immediate 
rhizosphere of Zostera marina L. Boxes and numbers indicate the measured ROI. O2 
concentrations are given in both % air saturation and μmol L-1 at ~16 and 24 °C during light-
dark transitions. 
~16°C ~24°C 
[O2] Dark Light Dark Light 
% air sat. μmol L-1 % air sat. μmol L-1 % air sat. μmol L-1 % air sat. μmol L-1 
ROI 1 5.8 (14.6) 6.2 (15.4) 11.8 (25.5) 14.2 (30.6) 
ROI 2 8.9 (22.3) 9.0 (22.5) 10.7 (23.1) 13.2 (28.6) 
ROI 3 37.2 (93.2) 37.5 (94.0) 49.3 (106.6) 54.9 (118.6) 
ROI 4 32.3 (81.0) 36.1 (90.6) 50.3 (108.7) 52.7 (113.9) 
ROI 5 34.6 (86.7) 35.1 (88.0) 47.3 (102.3) 56.3 (121.8) 
ROI 6 12.2 (30.6) 12.5 (31.3) 18.2 (39.3) 23.2 (50.3) 
ROI 7 24.0 (60.2) 25.6 (64.3) 35.2 (76.0) 42.3 (91.5) 
ROI 1 represents measurements at the non-illuminated part of the shoot; ROI 2 = at the 
root-shoot junction (nodium 2); ROI 3 = at the base of the prophyllum close to the root-
shoot junction (nodium 4); ROI 4 = at the root-shoot junction (nodium 5); ROI 5 = at the 
root-shoot junction (nodium 7); ROI 6 = internode 7 with prophyllum; ROI 7 = at the 
rhizome-end. 
 
pH heterogeneity and dynamics 
We found a high degree of pH heterogeneity within the seagrass rhizosphere, with distinct 
microzones of very low pH (down to ~pH 4), as well as rhizome/rhizoplane pH levels well 





Figure 4.5. pH heterogeneity and microdynamics within the rhizosphere of Zostera marina L. 
determined via optical nanoparticle-based pH sensors (pH colour coded image). The steady-
state pH images were obtained at two different temperatures (i.e. ~16 and 24 °C) during 
light-dark transitions (incident light intensity (PAR) of 500 μmol photons m-2 s-1). Legends 
depict the pH value. BM indicates the basal leaf meristem; N indicates nodium 4; RM 
indicates the mature zone of roots in root-bundle 7. Images represent the average of 3 
measurements. Note that white areas on leaves/prophyllums (marked with black arrows on 
the figure) should be interpreted with caution as some of these high pH microniches (pH of 
≥9) seemed to be caused by epiphyte-derived red background luminescence (for further 
information see Notes S4.1; Figure S4.6). 
 
Comparison of O2 and pH images revealed that areas of low pH overlapped with oxic 
microniches in the seagrass rhizosphere, whereas the high pH levels predominantly were 
measured on the surface of the mature part of the roots, the prophyllums and at the end of 
the rhizome, although patchy distributions of relatively high pH levels (as compared to bulk 
sediment pH levels) were observed on the surface of the entire belowground tissue. 
Selected regions of interest (ROIs) within the immediate rhizosphere of Z. marina exhibited 
higher pH levels (ΔpH of 0.02 - 0.31) in the rhizoplane during light exposure of the leaf 
canopy as compared to dark conditions at both experimental temperatures (ROI 1-7; Fig. 
4.6; Table 4.2). The light-driven pH microdynamics was surpassed by the effect of the 8°C 
temperature elevation showing much higher pH levels (ΔpH of 0.46 - 0.88) in the rhizoplane 




(ROI 1-3 and 5-7; Fig. 4.6; Table 4.2). A distinct hotspot of low pH was measured in the 
region of nodium 7, internode 7 and nodium 8 with an up to 5.2 mm wide zone of pH <5. 
The lowest rhizosphere pH levels were measured within this distinct zone with pH levels 
reaching the lower detection limit (pH 4) of the pH indicator (Fig. 4.5 and 4.6). The region of 
the belowground tissue with the highest pH levels was also found adjacent to nodium 7, 
corresponding to ROI 7 in Figure 4.6 (Table 4.2). 
 
 
Figure 4.6. Selected regions of interest (ROI) within the immediate rhizosphere of Zostera 
marina L. used to determine the pH heterogeneity and dynamics during light-dark 
transitions (incident irradiance (PAR) of 500 μmol photons m-2 s-1) at the two experimental 
temperatures (~16 and 24 °C). Boxes and numbers indicate the measured ROI. Mean pH 
values representing the entire ROI are presented in Table 4.2. Note that the white areas on 
leaves/prophyllums (marked with black arrows on the figure) should be interpreted with 
caution as some of these high pH microniches (pH of ≥9) seemed to be caused by epiphyte-






Table 4.2. pH values in selected regions of interest (ROI) within the immediate rhizosphere 
of Zostera marina L. Values are given as a mean of the entire ROI ± S.E; and as the relative 
difference in pH between the experimentally changed environmental conditions (ΔpH). n = 
5-18. The average pH of the bulk, artificial sediment at similar vertical depth as the below-
ground biomass was ~ 5.7±0.0 (includes all treatments). 
  16°C 24°C 16°C 24°C dark light 
dark light dark light dark/light dark/light 16/24°C 16/24°C 
  pH pH pH pH  ΔpH ΔpH ΔpH ΔpH 
ROI 1 5.8±0.0 5.8±0.0 6.4±0.0 6.4±0.0 0.0 0.1 0.6 0.6 
ROI 2 5.6±0.0 5.7±0.1 6.3±0.0 6.5±0.1 0.1 0.2 0.7 0.8 
ROI 3 5.6±0.0 5.7±0.1 6.3±0.0 6.4±0.1 0.1 0.2 0.7 0.7 
ROI 4 6.7±0.0 6.7±0.1 6.6±0.0 6.8±0.0 0.0 0.2 -0.1 0.1 
ROI 5 3.9±0.0 4.2±0.1 4.8±0.0 4.9±0.0 0.3 0.1 0.9 0.7 
ROI 6 5.9±0.0 6.0±0.1 6.3±0.0 6.6±0.1 0.1 0.3 0.5 0.7 
ROI 7 6.6±0.1 6.9±0.2 7.1±0.0 7.4±0.1 0.2 0.2 0.5 0.5 
ROI 1 represents measurements at the basal leaf meristem (nodium 1); ROI 2 = the root-
shoot junction (nodium 4); ROI 3 = at the base of the prophyllum close to the root-shoot 
junction (nodium 4); ROI 4 = root-bundle at nodium 6; ROI 5 = internode 7 with prophyllum; 
ROI 6 = at the rhizome-end; ROI 7 = root-shoot junction (nodium 7). 
 
pH microheterogeneity at interfaces 
Extraction of cross-tissue pH values along line profiles in the pH images revealed 
pronounced pH microheterogeneity at interfaces (Fig. 4.7). The pH increased relative to the 
ambient sediment across internode 3 with the surrounding prophyllum, reaching pH levels 
of up to 8.3 on the rhizome surface and correlating with rapidly increasing pH levels at the 
rhizome/sediment interface (Fig. 4.7b; CTS 1). Interestingly, the cross tissue pH profile 
across internode 4 with prophyllum close to nodium 4 showed increasing pH levels at the 
approximate position of the oxic/anoxic interface with pH levels reaching up to 8.0 during 
light exposure of the leaf canopy (Fig. 4.7c; CTS2). This was contrary to the 
rhizome/sediment interface where decreasing pH levels down to 4.1 were observed on the 
rhizome surface (measured during light exposure at 16 °C), thus indicative of proton 
consuming and producing biogeochemical processes altering the geochemical 





Figure 4.7. Cross tissue line sections (CTS) determining the pH microdynamics at the 
plant/rhizosphere interface and on the plant tissue surface. The steady-state cross tissue 
line sections were determined at the two experimental temperatures (i.e. ~16 and 24 °C) 
during light-dark transitions (under an incident photon irradiance (PAR) of 500 μmol 
photons m-2 s-1). (a) Structural image of the seagrass Z. marina L. embedded in the artificial, 
transparent sediment with pH sensitive nanoparticles (pH colour coded image), illustrating 
the positions of the respective cross tissue line sections (CTS1-5). (b) Line microprofile 
across internode 3 with attached prophyllum (CTS1). (c) Line microprofile across internode 4 
with prophyllum close to nodium 4 (CTS2). (d) Line microprofile across root from root-
bundle 6 (CTS3). (e) Line microprofile across internode 7 with propyllum at the base of the 
prophyllum (CTS4). (f) Line microprofile across nodium 9 at the end of the rhizome with 




(marked with black arrows on the figure) should be interpreted with caution, as some of 
these high pH microniches (pH of ≥9) seemed to be caused by epiphyte-derived red 
background luminescence (Notes S4.1; Figure S4.6). 
 
A line microprofile across a root from root-bundle 6 showed similar microheterogeneity as 
found at internode 3, with increasing pH levels at the root/sediment interface, and root 
surface pH levels of up to 7.6 (Fig. 4.7d; CTS 3). Cross tissue microprofile 4 across internode 
7 with prophyllum showed a pronounced decrease in pH at the approximate position of the 
oxic/anoxic interface with pH levels within the low pH hotspot approaching the lower 
detection limit of the pH indicator (Fig. 4.7e; CTS 4). Across nodium 9 at the end of the 
rhizome with a degraded prophyllum, pH increased at the approximate position of the 
rhizome up to pH 8.7 (Fig. 4.7f; CTS5). These observations were supported by vertical pH 
microprofiles measured from the seawater/sediment interface down to the bottom of the 
pH sensitive sediment (Fig. 4.8). A rapid decrease in pH was observed within the uppermost 
5 mm as typically observed in natural marine sediments (Stahl et al. 2006; Zhu et al. 2006), 
with pH levels decreasing from about ~ 7 at the water/sediment interface down to pH ~6 at 





Figure 4.8. Vertical pH microprofiles (VM) illustrating the pH heterogeneity and 
microdynamics in the rhizosphere of Z. marina L. The vertical pH microprofiles were 
determined at steady-state conditions during light-dark transitions (photon irradiance (PAR) 
of 500 μmol photons m-2 s-1) at ~16 and 24 °C. (a) Structural image of the Z. marina L. plant 
illustrating the spatial positions of the vertical pH microprofiles (colour coded image). (b) 
Vertical pH microprofile from the water/sediment interface across the first prophyllum and 
the basal meristem with leaf sheath to the bottom of the artificial sediment (VM1). (c) 
Vertical pH microprofile from the water/sediment interface across the base of the fifth 
prophyllum and the rhizome (internode 7) to the bottom of the artificial sediment (VM2). 
(d) Vertical pH microprofile from the water/sediment interface across the root-shoot 
junction at nodium 8 to the bottom of the artificial sediment (VM3). Y-axis = 0 indicate the 
artificial sediment surface. The approximate position of the below-ground tissue is indicated 
on the graphs by means of colour coded boxes (i.e. P = Prophyllum (blue), BM = Basal 
meristem with leaf sheath (green), R = Roots (brown); IN7P = Internode 7 at the base of the 
prophyllum (green); N = Nodium 8 (green)). n = 3. Note that the white areas on 
leaves/prophyllums (marked with black arrows on the figure) should be interpreted with 
caution, as some of these high pH microniches (pH of ≥9) seemed to be caused by epiphyte-





A vertical pH microprofile extracted from pH images (VM1; Fig. 4.8b) showed the pH 
microdynamics and microheterogeneity at the interfaces between the sediment and the 
first prophyllum, as well as between the sediment and the basal meristem with leaf sheath. 
An increase in pH was measured at the position of the basal meristem with leaf sheath, i.e., 
the meristematic region of the rhizome, and along roots of the first root bundle (Fig. 4.8b). 
This was in contrast to pH conditions at the prophyllum/sediment interface, where we 
observed a rapid increase in pH towards the leaf tissue surface followed by a rapid decrease 
across the prophyllum, possibly due to oxic conditions and/or biological re-oxidation of H2S 
(Fig. 4.8b; VM1). Another vertical pH microprofile (Fig. 4.8c; VM2) showed a rapid pH 
decrease at the interface between the sediment and the base of the fifth 
prophyllum/internode 7. At nodium 8 (root-shoot junction), a rapid increase in pH was seen 
at the approximate position of the oxic/anoxic interface with pH levels up to 8.4, followed 
by a strong decrease in pH across the rhizome tissue with pH levels decreasing to ~4.6 (Fig. 
4.8d; VM3). A root from root-bundle 8 may have interfered with the interpretation of the 
pH microdynamics at nodium 8 (see Fig. 4.8d; VM3; ~26 mm depth). Nevertheless, our 
results clearly showed that plant-derived alterations of the belowground chemical 
microenvironment caused pH changes in the rhizoplane with a high degree of spatial 
microheterogeneity.   
 
DISCUSSION 
Our results showed a high spatio-temporal pH and O2 microheterogeneity in the rhizosphere 
of Z. marina, where the chemical conditions in the immediate rhizosphere were highly 
affected by the plant host (Fig. 4.3 and 4.5). Radial O2 loss (ROL) from the below-ground 
tissue of Z. marina resulted in oxic microniches around the root-shoot junctions and the 
rhizome (Fig. 4.3 and 4.4). Such oxic microniches have recently been shown to facilitate 
chemical re-oxidation of sediment-produced H2S, and ROL is therefore an important 
chemical defence mechanism whereby the plants can actively detoxify phytotoxins in the 






Oxidation capacity of the below-ground tissue 
The higher oxidation capacity of the below-ground tissue observed at 24°C as compared to 
16°C (Fig. 4.4; Table 4.1) was due to a relatively higher rate of shoot photosynthesis (Fig. 
4.2). The light-independent reactions, i.e., the enzyme-controlled reactions in the 
photosystems, are highly temperature dependent and the rate of photosynthesis, therefore, 
increases in direct proportion to temperature until it reaches a temperature optimum for 
the given plant, where after it rapidly decreases e.g. due to enzyme denaturation (Staehr & 
Borum, 2011). The optimum temperature for oxygenic photosynthesis in summer 
acclimated Z. marina plants is ~24°C (Staehr & Borum, 2011). The higher ROL from the 
rhizome in darkness at 24°C as compared to 16°C (Fig. 4.3 and 4.4) may be explained by a 
significantly higher O2 diffusion coefficient in the temperature elevated water. As a water 
column temperature elevation of 8°C results in a ~ 25% increase in the rate of O2 diffusion 
across the diffusive boundary layer (DBL) and into the above-ground tissue from the 
surrounding aerated water column (Ramsing & Gundersen, 2015), thus allowing enhanced 
internal O2 supply through the aerenchyma (low-resistance internal gas channels) to the 
belowground tissue during darkness. This enhancement of the internal O2 concentration 
gradient may be supported by a simultaneous temperature-induced increase in ROL owing 
to (i) the relatively increased lateral molecular O2 diffusion rate across the epidermal layer 
of the belowground tissue at higher temperatures (although this might be counter-balanced 
by the higher tissue respiration), and (ii) the high leaf surface-to-volume ratio of the small Z. 
marina specimens used in this study leading to a relatively high efflux of O2 from the leaves 
into the water column in light and a relatively high influx of O2 from the water column into 
leaves in darkness.  
Most prophyllums seemed to release O2 into the rhizosphere (Fig. 4.3), and where 
prophyllum 1-5 potentially could be fueled by O2 from the water-column, the fully buried 
prophyllum 6 at nodium 9 must be supplied with O2 from the rhizome. Only a minor O2 
leakage was detected from the roots of the 2nd root-bundle close to the basal meristem 
during light exposure and a temperature of 24°C (Fig. 4.3). Structural tissue barriers to ROL 
(e.g. suberin; Barnabas, 1996) minimize cross tissue gas permeability of mature roots (e.g. 
Colmer, 2003; Jensen et al. 2005; Frederiksen & Glud, 2006; Brodersen et al. 2015a). 




and suggested that O2 leakage from Z. marina roots eventually ceased. Our results further 
support such anatomical root adaptation of Z. marina to a life in a hostile reduced sediment 
environment. Barriers to ROL protect the plants against exposure to sediment-derived 
reduced phytotoxins such as H2S and increase the amount of internal O2 transported to the 
apical root meristems ensuring aerobic metabolism in distal parts of the plants.  
 
 
pH microheterogeneity in the rhizosphere 
The novel pH sensitive nanosensors incorporated in the transparent sediment matrix 
enabled the first detailed mapping of the spatio-temporal pH microheterogeneity in the 
whole rhizosphere of Z. marina (Fig. 4.5). A similar pattern was recently observed in the 
rhizosphere of Zostera muelleri spp. capricorni by means of point measurements using 
electrochemical microsensors (Brodersen et al. 2015a). Regions in the immediate 
rhizosphere of Z. marina with very low pH levels (pH <5) seemed to correlate with the plant-
derived oxic microniches. Such acidification could be due to proton formation as a 
byproduct of the spontaneous chemical reactions between plant-released O2 and sediment 
H2S within the oxic microzone (Fig. 4.5 and 4.6). We also measured slightly lower pH values 
in the immediate rhizosphere during darkness as compared to in light (Fig. 4.5 and 4.6), 
owing to plant and sediment respiration processes in addition to the aforementioned plant-
derived spontaneous chemical re-oxidation of H2S.  
 
At the end of the rhizome around nodium 9, the pH imaging revealed high pH levels in the 
adjacent sediment (Fig. 4.7f). We speculate that such local pH enhancement may be due to 
high levels of accessible organic carbon in this specific region of the rhizoplane, as a result of 
tissue degradation and rhizome exudates, leading to proton consumption through microbial 
metabolisms such as sulphate reduction (Isaksen & Finster, 1996; Blaabjerg et al. 1998; 
Hansen et al. 2000; Nielsen et al. 2001). These plant-microbial mediated local changes in the 
rhizosphere pH microenvironment are potentially very important for seagrasses as 
enhanced pH levels in the immediate rhizosphere lead to a shift in the sulphide speciation 
away from H2S and towards non-permeable and thus non-phytotoxic HS- ions. Besides 
formation of oxic microniches due to ROL (see above), rhizosphere pH changes represent 




sediment to accommodate their own growth in the often reduced, anoxic environments 
(Brodersen et al. 2015a). 
 
Biogeochemical processes 
The enhanced photosynthetic activity of Z. marina L. at its photosynthetic temperature 
optimum (~24°C) (Fig. 4.2), positively affects the production of photosynthates and thereby 
lead to diurnal increases in the secretion of root/rhizome exudates and ROL (Moriarty et al. 
1986; Blaabjerg et al. 1998; Nielsen et al. 2001) that may stimulate the microbial activity 
(such as sulphate reduction and sulphide oxidation, respectively) on the root/rhizome 
surface and in the immediate rhizosphere. The overall higher pH levels measured in the 
immediate rhizosphere at 24°C as compared to 16°C (Fig. 4.5 and 4.6), may thus be a result 
of a temperature-induced enhancement in the plants photosynthetic activity leading to 
increased rhizome/root exudation of organic carbon to the rhizosphere (Moriarty et al. 
1986; Blaabjerg et al. 1998). Such exudation could either directly increase the pH levels in 
the immediate rhizosphere and on the below-ground tissue surface through secreted 
allelochemicals like amines (although this would be an expensive chemical defence 
mechanism for the plants) and other alkaline substances, and/or indirectly via stimulation of 
microbial processes such as sulphate reduction (as indicated at the plant-derived 
oxic/anoxic interfaces (Fig. 4.7c and 4.8d)), in combination with the generally temperature-
mediated increase of the sulphate reduction rates owing to reaction kinetics (Isaksen & 
Finster, 1996; Blaabjerg et al. 1998). Sulphate reduction rates associated with rinsed Zostera 
muelleri spp. capricorni roots/rhizomes have been found to be up to 11 times higher than in 
the bulk sediment (Hansen et al. 2000), and both rhizome and roots have been shown to be 
important habitats for sulphate-reducing and N2-fixing bacteria (Blaabjerg & Finster, 1998; 
Nielsen et al. 2001). Sulphate-reducing bacteria associated with rhizomes/roots possess a 
high N2-fixing activity that can cover up to 65% of the nitrogen needed by the seagrass 
plants (Hansen et al. 2000; Nielsen et al. 2001). 
Notably, high sulphate reduction rates in the seagrass rhizosphere, furthermore, leads to a 
sulphide-induced release of sediment-bound phosphorus, as the reduction of 
Fe(III)(oxyhydroxides) to Fe(II) results in phosphate release to the pore water, which then 
becomes available for plant growth (Pollard & Moriarty, 1991; Pagès et al. 2011; Pagès et al. 




sulphate reducing bacteria in the rhizoplane seems therefore likely during non-stressed 
environmental conditions, where the sulphate reducing bacteria provides nutrients in the 
form of nitrogen and phosphate to the plant host as a response to plant-mediated 
rhizome/root exudates. However, we note that this hypothesis remains speculative and 
needs further experimental support. Our study did not aim to investigate the role of 
sulphate reducing bacteria in the Z. marina rhizosphere, and as we have used a sterile 
artificial sediment any sulphate reducing bacteria in the immediate rhizosphere must have 
originated from the non-sterile plant tissue. Future studies could e.g. involve artificial 
sediment based on extracted pore water or even cultures of sulphate reducing bacteria in 
combination with quantification of bacteria around the root biomass, e.g. using FISH with 
group-specific probes. 
 
In other microniches associated with the formation of oxic microzones (Fig. 4.7c and 4.8d) 
biological and/or spontaneous chemical sulphide re-oxidation processes reduced the 
rhizoplane pH levels (Fig. 4.5). Such hotspots of low pH may well be due to a relatively 
higher abundance of sulphide oxidizing bacteria at that specific region, as microbes 
associated with the below-ground tissue of seagrass show a patchy distribution (Nielsen et 
al. 2001).  
 
Optical nanoparticle-based sensors incorporated into transparent artificial sediment 
The combined use of O2 and pH sensitive nanoparticles with transparent artificial sediments 
enabled combined chemical and structural imaging on the whole rhizosphere level. This 
novel application of optical nanoparticle-based sensors represents an important supplement 
to existing methods, such as planar optodes and microsensors, when elucidating the 
rhizosphere of aquatic macrophytes, as the former rarely allows close contact to the entire 
belowground tissue at once and the latter rely on precise point measurements, which 
makes mapping the entire rhizosphere extremely tedious if not impossible. In addition, the 
optical nanoparticle-based sensors enable close spatial alignment of pH and O2 
concentration mapping thus facilitating co-localization of these important chemical 
parameters relative to particular plant/sediment and oxic/anoxic interfaces within the 
rhizosphere. However, at the current state, the present nanoparticle methodology only 




The strengths of employing such reduced artificial sediment, as compared to natural 
sediment, encompass: (i) significantly improved visual assessment within the investigated 
rhizosphere, thus allowing for determination of the exact position of the entire below-
ground tissue during imaging, which is a necessity when determining the effects of 
plant/sediment interactions on the rhizosphere biogeochemistry, and (ii) changes observed 
within the homogenous artificial sediment can be assigned to plant-mediated alterations, 
which can be difficult to conclude in highly heterogeneous natural sediment. Weaknesses of 
using an artificial sediment matrix, as compared to natural sediment, include: (i) a 
significantly reduced microbial abundance in the bulk sediment, and (ii) a potential lower 
sediment pH buffering capacity, which may lead to slightly overestimated responses. 
Moreover, a minor limitation of current ratiometric pH imaging is that high energy 
excitation light has to be used when exciting the pH sensitive indicator dyes, potentially 
causing artefacts in the pH images owing to, for example, chlorophyll-derived red 
background luminescence. Further information on how to avoid/limit such potential 
artefacts in the pH images is available in the supporting information (Notes S4.1; Fig. S4.6). 
Nevertheless, nanoparticle-based imaging provides detailed information about the 
geochemical conditions and dynamics in the rhizosphere of aquatic macrophytes at high 
spatio-temporal resolution without the potential smearing effects seen with planar optodes 
and allows the first investigations of pH and O2 dynamics in the entire seagrass rhizosphere 
in real-time and at all below-ground tissue/sediment interfaces. Nanoparticle-based imaging 
thus has the potential to further resolve important plant-sediment interactions, such as, for 
example, plant-derived sediment detoxification processes, in addition to, simply directing 
precise microsensor measurements to biogeochemical hotspots within natural sediment. 
 
In conclusion, novel optical nanoparticle-based imaging revealed a pronounced spatio-
temporal pH and O2 microheterogeneity in the immediate rhizosphere of Z. marina L. Light 
stimulation of the leaf canopy and temperature elevation to the plants photosynthetically 
temperature optimum, i.e., from ~16 to 24°C, lead to higher oxidation capacity of the 
belowground tissue and higher pH levels in the immediate rhizoplane, where the 
temperature-induced stimulation seemed to predominate. Low rhizosphere pH levels 




pH levels were found on the tissue surface, and cross tissue pH microprofiles revealed 
enhanced pH levels at selected oxic/anoxic interfaces. We speculate that the higher pH 
levels on the tissue surface and at the oxic/anoxic interface may be due to a plant-derived 
stimulation of proton consuming microbial metabolisms such as sulfate reduction and 
excretion of alkaline substances. Protons produced or consumed during microbial 
metabolisms, in addition to plant-mediated allelochemicals and chemical re-oxidation of 
H2S, thus seemed responsible for the photosynthesis/temperature-driven alterations of the 







Supplementary material is available online. 
Figure S4.1. Luminescence spectra of the optical pH nanosensors. 
Figure S4.2. Calibration of pH nanosensor luminescence. 
Figure S4.3. Calibration curves for optical pH nanoparticle-based sensors. 
Figure S4.4. pH microprofiles in the bulk, artificial sediment containing pH sensitive 
nanoparticles measured with both a calibrated pH microelectrode and the optical 
nanoparticle-based pH sensors. 
Figure S4.5. Calibration curves of optical O2 nanoparticle-based sensors. 
Figure S4.6. Potential artefacts in pH images. 
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SUPPORTING FIGURES AND NOTES 
Figure S4.1. 
Luminescence spectra of the optical pH nanosensors in alkaline (pH 10; green) and acidic 
(pH 3; orange) solutions, showing a marked drop in luminescence in the yellow-orange-red 
wavelength interval (~550-675 nm) combined with an increase in the violet-blue-green 
wavelength interval (~430-530 nm) under acidic conditions. The nanoparticles were excited 
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Figure S4.2 
Calibration of pH nanosensor luminescence. Ratio images, i.e., the ratio of red and blue 
channels extracted from the recorded RGB image, were quantified in small transparent glass 
vials with pH nanoparticle-containing agar buffered to defined pH levels spanning pH 4-10.  
The pH sensor nanoparticles were calibrated as follows. A solution of ~0.5% (w/w) agar-NaCl 
water (with a salinity of 34) was poured into small glass vials (3 mL volume). To adjust the 
pH value, 300 μL of a 100 mM buffer solution (citrate, phosphate or TRIS) were added. At a 
temperature of ~40°C, a small volume of the pH sensitive nanoparticles was added to a final 
concentration as used in the artificial sediment. After a short mixing step the agar was left 
to solidify. The glass vials were kept at constant temperature (16°C or 24°C) in a 
thermostated water bath and were then imaged with the ratiometric camera system using 
identical settings as for the seagrass sample. The ratio (red/blue channel) images were then 
correlated to the known pH values.  
 
  




Figure S4.3. Calibration curves for optical pH nanoparticle-based sensors at the two 
experimental temperatures 16 and 24 °C. Mean ratio values were fitted with a sigmoidal 
function (r2 = 0.99 and 0.97, respectively). Error bars are ± SD (n=3). 
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Figure S4.4. 
Vertical pH microprofiles in the bulk, artificial sediment containing pH sensitive 
nanoparticles measured with both a calibrated pH microelectrode (pH-50, tip diameter of 
~50 μm; Unisense A/S, Aarhus, Denmark; Kühl & Revsbech, 2001) and the optical 
nanoparticle-based pH sensors. There was a high resemblance between pH microprofiles 
(and thereby the sediment pH levels) determined with the two different sensor types. The 
pH levels of the bulk, artificial sediment dropped rather rapidly in the first 0-5 mm depth 
from ~pH 7.5 at the seawater/sediment interface to ~pH 6 at the approximate position of 
the below-ground biomass, thus mimicking chemical settings in natural sediment (Burdige 
and Zimmerman, 2002; Stahl et al. 2006; Zhu et al. 2006) (further information about the 
casting procedure of the reduced, artificial sediment is provided in Brodersen et al. (2014)). 
pH microelectrode measurements. The pH microelectrode was mounted on a 
micromanipulator (Unisense A/S, Denmark) and used in combination with a reference 
electrode (tip diameter of ~5 mm; Unisense A/S) immersed in the supporting water 
reservoir; both connected to a pH/mV-Meter (Unisense A/S). Before measurements 
commenced, the pH microelectrode was linearly calibrated from sensor readings in three 
pre-known pH buffers (pH 4, 7 and 9; linearly responding over the pH calibration range with 
a signal to pH ratio of 51 mV/pH unit) at experimental temperature and salinity. The 
microelectrode measurements were performed in the custom-made narrow split-flow 
chamber (Fig. 4.1), in the same area as the extracted vertical pH microprofiles obtained via 
the pH sensitive nanosensors, by manually handling the micromanipulator (increments of 1 
mm). The artificial sediment surface was determined by manually moving the microsensor 
towards the seawater/sediment interface, while observing the microsensor tip and the 
sediment surface through a magnifying glass, as well as from signal readings. 
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Figure S4.4. pH microprofiles measured in the bulk, artificial sediment containing pH 
sensitive nanoparticles with a pH microelectrode (red symbols; mean ± SD; n=3 ) and with 
the optical nanoparticle-based sensors (black line). Y = 0 indicates the artificial sediment 
surface.   
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Figure S4.5. 
Calibration curves of optical O2 nanosensors measured at the two experimental 
temperatures (Blue = 16°C; Red = 24°C; mean red/green ratio values were fitted with an 
exponential decay function, r2 = 0.99). The optical O2 nanoparticle-based sensors 
incorporated in the artificial, transparent sediment were calibrated as described in Koren et 
al. (2015).  
 
 
Figure S4.5. Calibration curves of optical O2 nanoparticle-based sensors measured at the 
two experimental temperatures (16°C and 24°C). Mean ratio values were fitted with an 
exponential decay function (r2 = 0.99 for both curves). Legend depicts the different 
temperatures. Error bars are ± SD. n=3. 
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Notes S4.1. 
When working with optical (luminescence-based) sensors several factors can lead to 
artefacts and consequently misinterpretation of the results. The following paragraph 
intends to create awareness of potential problems and gives direction for possible solutions. 
Intensity, ratiometric and lifetime based imaging:  
In general, three different types of luminescence imaging are used for readout of optical 
chemical sensors. The most error prone is simple luminescence intensity-based imaging, 
where the intensity of a pixel or region is correlated to the analyte concentration. This 
approach is affected by numerous potential artefacts such as fluctuations in the illumination 
source, uneven illumination and/or distribution of the luminescent indicator, interference 
from background illumination and bleaching of the sensor material. In order to overcome 
some of these potential artefacts, a ratiometric imaging approach (where the ratio between 
the luminescence intensity of an analyte-sensitive indicator dye and the luminescence 
intensity of an inert reference dye is correlated to the analyte concentration) can be used to 
correct for uneven illumination or sensor distribution, and fluctuations in the illumination 
source. In terms of bleaching effects, a similar bleaching rate of the indicator and reference 
dyes is favourable; if one of them bleaches more easily than the other, this will lead to 
erroneous analyte concentrations. Background light and autofluorescence remains a 
problem in ratiometric imaging. Ratiometric imaging can be realized with relatively simple 
camera systems, like the SLR camera system used in this study (Larsen et al. 2011). Lifetime-
based imaging, where the analyte-dependent change in the indicator luminescence decay 
time is monitored, is a very good and reliable alternative method but involves complicated 
and expensive instrumentation. Further details on this topic can be found in Meier et al. 
(2013). 
Planar optodes vs. nanoparticle-stained artificial sediments 
As this study utilizes nanoparticle-based sensors incorporated into transparent, artificial 
sediment we want to briefly discuss the benefits, but also potential artefacts, of this novel 
methodology in particular in comparison to the more commonly used planar sensor optode 
methods. Further details about the planar sensor optode method can be found in Santner et 
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al. (2015). In brief, the use of planar optodes enables chemical imaging in the plane of an 
optical sensor foil. Analysis of complex structures like the below-ground tissue of seagrasses 
requires a close proximity of the planar optode to the tissue surface. This is often difficult, if 
not impossible, to achieve and can limit the part of the belowground tissue that can actually 
can be analysed. In contrast, the nanoparticle method applied in this study enables 
simultaneous imaging of the entire below-ground tissue of seagrasses on a whole 
rhizosphere level (Koren et al. 2015). 
An advantage of planar optodes is that an optical isolation can be applied on top of the 
sensor film. This protects the sensor from external light and protects the structure to be 
analyzed from the sensor excitation light (Glud et al (1996)). The latter is particularly 
important when high energy light (e.g. UV light) is used for excitation as this can easily cause 
background fluorescence from biological samples. An optical isolation layer can obviously 
not be applied in case of the nanoparticle stained transparent, artificial sediment. This 
means that things like background fluorescence from the sample have to been taken into 
account when interpreting the images.  
Avoiding artefacts when working with intensity or ratiometric based imaging 
In general the following rules apply when trying to avoid potential artefacts 
- Use an excitation light that will not cause autofluorescence in the biological sample. 
o If this is not possible, as the indicator requires a certain excitation 
wavelength, try to image the sample without the sensor particles to see how 
high the background is and subtract this if needed in the subsequent image 
analysis.  
- Be aware of color-dependent scattering 
o Use as thin a layer of artificial sediment as possible, to reduce the light path, 
and use color-corrected optics 
- Avoid background light  
o If not possible, e.g. if darkening of the room is not entirely possible; take an 
image with the excitation light source off. This “dark” picture can then be 
subtracted from the images with the excitation light on. Nevertheless, it is 
advisable to get the surroundings as dark as possible. 
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- Bleaching: In case long-term light exposure is planned, it is recommended to test 
photostability prior to the measurements and account for potential photobleaching.  
- Calibration: It is recommended to calibrate the sensor with the exact same 
conditions/settings as planned for the later measurements. 
 
In the present study, all of the above-mentioned precautions were followed/secured during 
imaging. As UV light had to be used for pH imaging (e.g. Larsen et al. 2011), a few potential 
artefacts associated with the high energy excitation light were observed and are discussed 
below. All other above mentioned sources of potential artefacts could be excluded from the 
images. 
 
Artefacts seen in the pH images  
Artefacts are often easier to discover in the raw images of the different colour channels of 
the recorded RGB images. As seen in Figure S4.6, the blue colour channel appears to have a 
homogeneous intensity distribution (A), while the red channel shows some spots of high 
light (B). Especially in biological samples, this can e.g. be due to background fluorescence 
induced by the sensor excitation light. As the ratio of the two colour channels is used to 
calculate the pH image, such artefacts results in locally false pH readings. For example, 
Figure S4.6 depicts 4 small areas with very high red luminescence (white arrows, B) 
associated with leaves and prophyllums, that are probably partly covered by epiphytes, 
where the blue excitation light induced chlorophyll-derived red background luminescence. 
In contrast to other regions that show dynamics in response to altered environmental 
conditions (such as at the rhizome; Fig. S4.6, A), the 4 high red luminescence areas remain 
unchanged.  
All images were therefore interpreted with caution. Potential artefacts were thoughtfully 
analysed, as demonstrated in Figure S4.6. Signals from regions potentially affected by 
artefacts (such as epiphyte-derived red background luminescence) were excluded from 
further analysis and marked on presented images by arrows, to ensure sufficient precaution 
was/are taken into account when interpreting the images. This is, as previously mentioned, 
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a minor limitation of current pH imaging, as high energy excitation light has to be used when 
exciting the pH sensitive indicator/reference dyes. 
 
 
Figure S4.6. Visualization of potential artefacts in the obtained pH images (images are from 
the 16°C treatment). The blue and red channel images are obtained by splitting the original 
RGB picture into its respective colour channels. The blue channel image (A) appears quite 
homogeneous in terms of intensity, while the red channel image (B) shows several high 
intensity regions. When merging the two channels (C) it can be seen that most of the picture 
appears in a homogeneous pink colour, while the hotspots in the red picture remain. This 
subsequently leads to very high apparent pH values at those spots as the ratio of red and 
blue channel leads to the final pH image (D). In contrast to other regions (e.g. low pH 
hotspot at the rhizome; A) those spots do not change over time and in response to the 
altered light levels and/or temperature. An additional artefact is presented by the region on 
top of the artificial sediment (e.g. square in the pH image; D). In this region the measured 
intensities are not due to the optical nanoparticle based sensors and only represent noise 
such as scattered light, wherefore this region has been excluded.   
Chapter 4. Supporting Information 
180 
REFERENCE LIST 
Brodersen KE, Nielsen DA, Ralph PJ, Kühl M. (2014). A split flow chamber with artificial 
sediment to examine the below-ground microenvironment of aquatic macrophytes. Marine 
Biology 161(12): 2921-2930. DOI: 10.1007/s00227-014-2542-3. 
Burdige DJ, Zimmerman RC. (2002). Impact of sea grass density on carbonate dissolution in 
Bahamian sediments. Limnol. Oceanogr. 47(6): 1751-1763 
Glud RN, Ramsing NB, Gundersen JK, Klimant I. (1996). Planar optrodes: a new tool for fine 
scale measurements of two- dimensional O2 distribution in benthic communities. Mar Ecol 
Prog Ser 140: 217–226 
Kühl M, Revsbech NP. (2001). Biogeochemical microsensors for boundary layer studies. In: 
Boudreau BP, Jorgensen BB eds. The benthic boundary layer. New York: Oxford University 
Press, New York, 180-210. 
Koren K, Brodersen KE, Jakobsen SL, Kühl M. (2015). Optical sensor nanoparticles in 
artificial sediments – a new tool to visualize O2 dynamics around the rhizome and roots of 
seagrasses. Environmental Science and Technology 49(4): 2286-2292. doi: 
10.1021/es505734b 
Meier RJ, Fischer LH, Wolfbeis OS, Schäferling M. (2013). Referenced luminescent sensing 
and imaging with digital color cameras: A comparative study. Sensors Actuators B Chem. 
177: 500–506. 
Santner J, Larsen M, Kreuzeder A,  Glud RN. (2015). Two decades of chemical imaging of 
solutes in sediments and soils – a review. Anal. Chim. Acta. doi:10.1016/j.aca.2015.02.006 
Stahl H, Glud A, Schröder CR, Klimant I, Tengberg A, Glud RN. (2006). Time-resolved pH 
imaging in marine sediments with a luminescent planar optode. Limnol. Oceanogr.: Methods 
4: 336-345. 
Zhu Q, Aller RC, Fan Y. (2006). Two-dimensional pH distributions and dynamics in 







Seagrass-altered rhizosphere biogeochemistry controls 




TOC figure. Distribution of rhizosphere microbes in artificial sediment with added pore-water 









Citation: Brodersen KE, Siboni N, Nielsen DA, Pernice M, Ralph PJ, Seymour JR. & Kühl M. 
Seagrass-altered rhizosphere biogeochemistry controls microbial community compositions 













Highlights: Potential mutual beneficial relationships between seagrass hosts and their 
rhizosphere microbes were analysed via high-resolution 16S rRNA amplicon sequencing and 
detailed rhizospheric microsensor measurements. This was enabled through a novel 
experimental approach, where the investigated seagrasses were cultured in a reduced, 
artificial sediment matrix that was either enriched with pore-water microbes or sterilized 
(including the below-ground biomass surface). Applying such artificial sediment matrix 
allowed the combined use of molecular and microsensor techniques, without disturbing the 
below-ground biogeochemical microenvironment during detailed microsensor 
measurements. The specific aim was to elucidate if seagrass hosts stimulate the growth and 
activity of sulphide-oxidizing bacteria within seagrass-driven oxic microniches to enhance 
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The seagrass rhizosphere harbors dynamic microenvironments where plant-driven gradients 
of O2 and dissolved organic carbon form microhabitats that select for distinct microbial 
communities. To examine how seagrass-mediated alterations of rhizosphere 
biogeochemistry affect microbial communities at the microscale level, we applied 16S rRNA 
amplicon sequencing of artificial sediments surrounding the meristematic tissues of the 
seagrass Zostera muelleri together with microsensor measurements of the biogeochemical 
conditions at the basal leaf meristem. Higher relative abundances of the sulphate reducing 
bacterial class Clostridia were observed around the meristematic tissues compared to the 
bulk sediment, with particular high abundance of sulphate reducers around the root apical 
meristems. Within plant-driven oxic microniches located at the basal leaf meristem, higher 
abundance of sulphide oxidizing bacteria was observed, but this did not seem to initiate 
beneficial effects in terms of H2S detoxification suggesting a limited symbiotic relationship 







Seagrasses grow in largely anoxic marine sediments (Borum et al. 2005) that are often 
enriched in the potent phytotoxin H2S (Lamers et al. 2013). To accommodate growth in such 
hostile environments, seagrasses release O2 into the rhizosphere from their basal leaf 
meristem and root apical meristems leading to the formation of localised oxic microniches 
(Jensen et al. 2005; Koren et al. 2015). These plant-driven oxic microzones support local H2S 
re-oxidation protecting the most vulnerable parts of the plants against the H2S produced by 
sulphate-reducing bacteria in the surrounding anoxic sediments (Brodersen et al. 2015). 
Significant amounts of labile dissolved organic carbon (DOC) are also exuded from the 
rhizome/roots, especially around the root cap (Moriarty et al. 1986; Pollard & Moriarty, 
1991) stimulating microbial activity, including sulphate reduction, in the rhizosphere 
(Blaabjerg et al. 1998; Nielsen et al. 2001).  
 
Seagrass-driven modulation of the rhizosphere microbial community has been suggested to 
initiate mutualistic relationships between seagrasses and often diazotrophic sulphate-
reducing bacteria based on reciprocal nutrient exchange (Hansen et al. 2000; Welsh et al. 
2000; Nielsen et al. 2001). Sulphide oxidizing bacteria within oxic microenvironments in the 
rhizosphere have also been proposed to play an important role in sediment detoxification 
(Jensen et al. 2007; Cúcio et al. 2016). Bacterial H2S oxidation is 104-105 times faster than 
spontaneous chemical oxidation (Jørgensen & Revsbech, 1983; Nelson et al. 1986) and given 
ample O2 supply, sulphide oxidizing bacteria may thus efficiently remove toxic H2S 
facilitating seagrasses to colonize sulfidic sediments. However, technical constraints in 
examining the distribution and activity of sulphide oxidizing bacteria at the appropriate 
microscale resolution have prevented confirmation of the existence of a beneficial role of 
these bacteria within the seagrass rhizosphere. Here we present a detailed description of 
the microbial diversity surrounding the meristematic tissues of Z. muelleri in combination 
with measurements of plant-modulated micro habitats in the seagrass rhizosphere. The aim 
was (i) to elucidate the potential importance of sulphide oxidizing bacteria in detoxifying 
sediments for seagrasses, relative to plant-derived spontaneous chemical re-oxidation with 






Z. muelleri specimens were cultured in a custom-made split flow-chamber (Brodersen et al. 
2014) with the leaf canopy positioned in aerated, free-flowing seawater and the below-
ground biomass embedded in a reduced, deoxygenated artificial sediment matrix 
(Supplementary Materials and Methods). To enable identification of potential mutual 
beneficial relationships, two treatments were applied, whereby the artificial sediment 
matrix was either (i) sterilized, including the below-ground biomass surface, or (ii) enriched 
with native pore water microbes. The transparent, artificial sediment matrix applied here 
permitted the precise and combined application of microsensor measurements and 
molecular characterisation of microbial communities within specific microzones of interest. 
These included investigations around the root apical meristems (the root-caps), the basal 
leaf meristem (the root/shoot junction) and within the bulk sediment. This approach 
permitted sampling at the desired spatial scales (~1mm radial distance from the below-
ground tissue surface; Supplementary Materials and Methods). The rhizosphere microbial 
community composition was analysed via 16S rRNA amplicon sequencing (Supplementary 
Methods and Materials), while the chemical microenvironment was determined at high 
spatio-temporal resolution with O2, H2S and pH microsensor measurements (Kühl & 
Revsbech, 2001) (Supplementary Methods and Materials).  
 
We observed higher mean relative abundance of sulphate-reducing bacteria (SRB), including 
Operational Taxonomic Units (OTUs) matching Desulfovibrio sp., around the below-ground 
biomass of Z. muelleri as compared to the bulk sediment, with particularly high levels of SRB 
occurring around the root apical meristems (Fig. 5.1). At the root apical meristems, 
members of the N2 fixing SRB class Clostridia (Devereux, 2005; Sallam & Steinbüchel, 2009) 
dominated, comprising ~57% of sequences affiliated with this bacterial class (p<0.05; Fig. 
5.1). Such elevated abundance of heterotrophic, diazotrophic bacteria around the below-
ground biomass (e.g. Lachnospiraceae & Desulfovibrio sp.) supports beneficial relationships 
between seagrasses and N2 fixing bacteria (e.g. Welsh, 2000), where the seagrass plant 
provides rhizosphere microbes with DOC and sulphate reducing diazotrophs provide fixed 




production may lead to increased phosphorus solubilisation owing to reduction of Fe(III) 
oxyhydroxides (Pagès et al. 2011). 
 
 
Figure 5.1. Microbial diversity in the rhizosphere of the seagrass Zostera muelleri 
determined via 16S rRNA amplicon sequencing. The phylogenetic tree denotes the spatial 
separation of the microbial consortia as determined via beta diversity analysis by Jackknife 
comparison of the weighted sequences data. The heat-map shows the abundance of the 
respective bacterial class/genus within the selected regions of interest, where (o) and (f) 
denote order and family classification, respectively. The heat-map includes taxonomic 
groups within each sample that represent >1% of the total sequences, which cumulatively 
represents >85% of the total sequenced data. Diagrams (in %) show the mean relative 
abundance of designated bacterial classes present within the selected regions of interest of 




native pore water microbes (described in the Supplementary Materials and Methods; Notes 
S5.1). n = 2-3. 
 
Radial O2 loss (ROL) from the basal leaf meristem led to a ~300 μm thick oxic microshield, 
protecting seagrasses from intrusion of phytotoxic H2S through chemical sulphide re-
oxidation at the oxic/anoxic interface (Fig. 5.2; Table S5.2). Within this oxic microzone, 
slightly higher relative abundances of sulphide-oxidizing Epsilonproteobacteria (~45%), for 
example Arcobacter sp. and Sulfurimonas sp., were observed compared to the bulk 
sediment (~36%) and around the root apical meristem (~19%) (p>0.05; Fig. 5.1). This 
corresponded to a mean relative Epsilonproteobacteria abundance of ~34% at the basal leaf 
meristem compared to other designated bacterial classes, and thus an increase of ~22% as 
compared to around the root apical meristems (Fig. 5.1).  
 
The higher relative abundance of sulphide oxidizing bacteria within plant-derived oxic 
microniches did not enhance sulphide detoxification, as we observed similar H2S re-
oxidation rates within the sterilized and microbe-enriched treatments (Fig. 5.2; Table S5.2). 
This may indicate that spontaneous chemical H2S re-oxidation via ROL was the dominant 
sulphide oxidation mechanism in the immediate rhizosphere with only a minor influence of 
sulphide-oxidizing bacteria suggesting that their mutualistic relationship with Z. muelleri 
may be weaker than previously thought (Fig. 5.2; Supplementary Results). It is notable; 
however, that some sulphide-oxidizing Arcobacter sp. are capable of N2 fixation, and such 
Epsilonproteobacteria may also contribute to the observation of high N2 fixation rates within 





Figure 5.2. The below-ground chemical microenvironment at the basal leaf meristem, i.e., 
the meristematic region of the rhizome of the seagrass Zostera muelleri. (a) and (b) 
represent microsensor measurements in an artificial sediment matrix with added pore 
water microbes. (c) and (d) represent microsensor measurements in a sterilized 
environment, i.e., sterilized artificial sediment matrix and below-ground tissue surface. (a) 
and (c) show measurements in darkness. (b) and (d) show measurements in light (photon 
irradiance of ~150 μmol photons m-2 s-1). Black line and symbols show the O2 concentration; 
Red line and symbols show the H2S concentration; Blue line and symbols show pH. The 
dotted lines indicate the thickness of the plant-derived oxic microzone, and X = 0 indicates 
the surface of the basal leaf meristem. Symbols with error bars represent means ± S.D (n = 
3-4 technical replicates; biological replication of the below-ground chemical 
microenvironment dynamics is shown in the Supplementary Results; Fig. S5.1 and S5.2). 
 
Our new approach of measuring microscale patterns in microbial diversity and sediment 
chemical characteristics within an artificial sediment matrix has allowed us to directly 
confirm that seagrass-mediated alterations of rhizosphere biogeochemistry result in 
pronounced shifts of the rhizosphere microbial community composition. Specifically, we 




rhizosphere, and slightly higher abundances of sulphide-oxidizing bacteria within oxic 
microniches. Coupling these observations with high resolution characterisation of 
rhizosphere chemistry, our results indicate a limited beneficial relationship between 
seagrasses and rhizospheric sulphide-oxidizing bacteria in terms of H2S detoxification. On 
the other hand our observations provide further evidence of a potential mutualistic 
relationship between seagrasses and heterotrophic, diazotrophic bacteria based on 
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SUPPLEMENTARY MATERIALS AND METHODS 
Notes S5.1. Detailed description of applied materials and methods. 
 
SUPPLEMENTARY RESULTS 
Figure S5.1. Chemical microenvironment as measured with microsensors at the surface of 
the basal leaf meristem of Zostera muelleri maintained in (i) a sterilized environment and (ii) 
with added native pore water microbes – plant 2. 
Figure S5.2. Chemical microenvironment as measured with microsensors at the surface of 
the basal leaf meristem of Zostera muelleri maintained in reduced, artificial sediment with 
added native pore water microbes – plant 3. 
Figure S5.3. Principle component analysis plot of the rhizosphere microbial community 
composition, illustrating the separation of the microbial consortia within selected 
rhizospheric regions of interest. 
Figure S5.4. Spatial distribution of rhizosphere microbes around the root apical meristem 
(RAM) as determined via fluorescence microscopy after DAPI-staining. 
Figure S5.5. Conceptual diagram visualizing sampling areas (i.e. region of interests) within 
the reduced, artificial sediment.  
 
Table S5.1. Photosynthetic parameters as measured by variable chlorophyll fluorescence 
and measures of the above-ground:below-ground biomass ratios. 
Table S5.2. Radial O2 loss (ROL), plant-derived H2S re-oxidation and rhizosphere ΔpH at the 
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SUPPLEMENTARY MATERIALS AND METHODS 
Notes S5.1 
Seagrass specimens and sediment sampling 
Specimens of Zostera muelleri subsp. capricorni (Asch.) S.W.L. Jacobs and marine sediment 
were collected from shallow waters (<2 m depth) in a dense seagrass meadow at Narrabeen 
Lagoon, NSW, Australia. After sampling, the sediment and seagrass samples were 
transported to a greenhouse facility at the University of Technology Sydney, where they 
were kept under natural sunlight in large, aerated and thermostated seawater reservoirs 
(temperature of 22°C; salinity of 34) before further treatments. Prior to experiments, 




Selected seagrass specimens (one seagrass at a time) were maintained in a custom-made 
split flow chamber (Brodersen et al. 2014) with the leaf canopy positioned in the free-
flowing seawater compartment and the roots/rhizome in the adjoining sediment 
compartment (see further details below). Light was provided as a 12h:12h light/dark cycle 
with a fiber-optic tungsten halogen lamp (KL-2500; Schott GmbH, Mainz, Germany) 
connected to a timer and equipped with a collimating lens to restrict the illumination to the 
leaf canopy only. The incident photon scalar irradiance (PAR, 400-700 nm) at the leaf canopy 
during cultivation was ~150 μmol photons m-2 s-1. Scalar irradiance was measured with a 
spherical quantum irradiance sensor (Walz GmbH, Effeltrich, Germany) connected to a 
calibrated quantum irradiance meter (Li-250A, LiCor, Lincoln, NE, USA). 
A pump submerged into an aerated and thermostated seawater bath (temperature of 
~22°C; Salinity of ~34) provided a constant flow (~0.5 cm s-1) of aerated seawater to the 
water compartment of the flow chamber. Within the sediment compartment, a ~3 cm-thick 
anoxic and HEPES buffered (10 mM) water layer, residing above the artificial sediment 
matrix (described below), functioned as a liquid-phase diffusional barrier to O2 invasion into 
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the artificial sediment (Brodersen et al. 2014). The anoxic water layer was constantly flushed 
with humidified N2 throughout the seagrass cultivation period. Below the artificial sediment 
matrix, pieces of gauze pre-soaked in an acidic (pH 4) and anoxic 1 mM Na2S solution were 
deployed to ensure a continuous supply of H2S to the overlaying artificial sediment matrix. 
Finally, the sediment compartment was covered with aluminium (AL) foil to avoid incoming 
stray light, retain N2 and thus limit O2 intrusion into the anoxic water layer. 
 
Artificial sediment matrix in the sediment compartment 
Amended with pore water microbes 
The transparent, reduced artificial sediment consisted of a ~0.7% (w/v) deoxygenated 
agar/seawater solution, buffered with anoxic HEPES (final concentration of 10 mM; pH ~7), 
and amended with Na2S (final H2S concentration of 500 μM; pH 7) and pore-water microbes 
(~50% pore-water in the final 0.7% w/v solution). During casting of the artificial sediment 
with pore-water microbes, the pore-water was homogenously incorporated into the pre-
heated agar/seawater solution (~1.4% w/v) shortly before the artificial sediment matrix was 
poured into the sediment compartment of the split flow chamber at a matrix temperature 
of ~38°C. Thereafter, the artificial sediment with microbes was rapidly cooled down to room 
temperature in the sediment compartment embedding the below-ground tissue of the 
investigated seagrass specimen. The applied pore water was extracted from 50 mL Falcon 
tubes containing sediment from the sampling site by means of (i) mild ultrasonication (30 s) 
to dissociate microorganisms from the sediment grain surfaces and release microbes 
entrapped within sediment aggregates (Ramsay, 1984; Lindahl & Bakken, 1995), (ii) 
centrifugation (2 x 3500g for 5 min at 20°C), and (iii) filtration of supernatants (continuously 
flushed with N2 to avoid oxygenation)(Millipore®, Polycarbonate membrane filters, 10 μm, 
USA) to exclude the remaining fine sediment particles.  
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Sterilized below-ground environment 
The below-ground biomass of the investigated seagrasses was surface-sterilized by 
submerging sediment-free roots/rhizomes in a saline, anoxic ~1.05% (w/v) hypochlorite 
solution for 30 s (Blaabjerg & Finster, 1998) followed by 3 x 1 min rinses in anoxic, filter-
sterilized (0.2 μm) seawater. Prior to casting the sterilized artificial sediment, all added 
solutions/seawater were filter-sterilized (0.2 μm) and the subsequently used agar was 
heated to 120°C in an oven for 30 min. The sterilized artificial sediment matrix consisted of a 
~0.7% (w/v) deoxygenated agar/seawater solution, buffered with sterilized, anoxic HEPES 
(final concentration of 10 mM: pH ~7) and amended with Na2S to a final H2S concentration 
of 500 μM (at pH 7); thereby mimicking the chemical properties of the artificial sediment 
with added pore water microbes (described above). 
 
Specimen characteristics and performance 
Seagrass specimens with similar above- to below-ground biomass ratio (aiming at a ratio of 
~1) were selected for this study, to ensure comparable below-ground tissue oxidation 
capabilities of the investigated specimens (e.g. Frederiksen et al. 2006; Frederiksen & Glud, 
2006) (Table S5.1). Following cultivation and the experiments, the g DW biomass ratio of the 
above- to below-ground tissues was obtained after drying each seagrass specimen in an 
oven at 60°C until a constant weight was reached. The photosynthetic performance of the 
investigated seagrasses during cultivation was determined as the maximum PSII quantum 
yield in dark-adapted samples and the effective PSII quantum yield in illuminated samples 
by means of pulse amplitude modulated (PAM) variable chlorophyll fluorometry (Beer et al. 
1998; PocketPAM, equipped with an optical fiber; Gademann Messtechnik GmbH, Germany) 
(Table S5.1) to confirm that the seagrasses were generally healthy and photosynthetically 
active under the experimental conditions. 
 
  
Chapter 5. Supporting Information 
 
199 
DNA extraction and PCR sequencing 
Phenol:chloroform DNA extraction 
A standard phenol:chloroform protocol with modifications was used for DNA extractions 
(Zhou et al. 1996). Briefly, artificial sediment samples were obtained from selected regions 
of interest, i.e., around the basal leaf meristem (BLM), around the root apical meristem 
(RAM), and from the bulk sediment (BS) via a sterilized surgical knife and spatula. Samples 
around the below-ground tissues were carefully collected at a radial distance of up to ~1 
mm from the tissue surface (final volume of ~100 μL). After sampling, the sediment samples 
were stored in 2 mL Eppendorf tubes in a -80°C freezer until further analysis. Prior to the 
phenol:chloroform DNA extractions, four rounds of washing were performed in order to 
remove the agarose. The artificial sediment samples were first liquefied in a dry bath at 
~50°C and were then subsequently diluted via centrifugation with 1 mL of 3x PBS (2x 7500g 
at room temperature for 10 min, followed by 2x 4000g at 40°C for 10 min; all after re-
heating the sample/PBS mixture to ~45°C). This additional cleaning step was implemented 
to separate bacterial cells from the agarose medium and thus avoid problems for 
downstream applications. DNA was extracted from the artificial sediment pellets by addition 
of 600 μL lysis buffer (TE buffer pH 8, 0.5% SDS, 0.1 mg mL-1) and incubated at 37°C for 1 h. 
Then 100 μL of 5 M NaCl, and 80 μL of 10% CTAB were added and the mixture was 
incubated at 65°C for 10 min. Lysates were transferred to sterile tubes and DNA was 
extracted following standard phenol:chloroform procedures. The obtained DNA was air-
dried, resuspended in 20 μL of dH2O and stored at -20°C until further analysis. DNA quantity 
and purity was evaluated using a Nanodrop-1000 Spectrophotometer (NanoDrop 1000; 
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PCR amplification and sequencing 
Microbial diversity and phylogenetic analysis: 
To track shifts in the overall composition of the bacterial community, we sent DNA samples 
for amplicon sequencing using PCR amplicons of variable regions V1-V3 of the 16S rRNA 
gene with 27F (5’-AGAGTTTGATCMTGGCTCAG-3’) (Weinbauer et al. 2002) and 519R (5’-
GWATTACCGCGGCKGCTG-3’) (Lane, 1991; Turner et al., 1999) on the Illumina MiSeq 
platform (at Molecular Research LP; Shallowater, TX, USA) following the manufacturer’s 
guidelines. Raw data files in FASTQ format were deposited in the NCBI Sequence Read 
Archive (SRA) with the study accession number SRP073850 under Bioproject number 
PRJNA315465. Bacterial 16S rRNA gene sequences were analysed using the QIIME pipeline 
(Caporaso et al., 2010; Kuczynski et al., 2012). Briefly, paired-end DNA sequences were 
joined, de novo Operational Taxonomic Units (OTUs) were defined at 97% of sequences, 
identity was assigned against the Greengenes database (version 13/8/2013) using BLAST 
(Altschul et al., 1990). Chimeric sequences were detected using ChimeraSlayer (Haas et al., 
2011) and filtered out from the dataset. Sequences were then rarefied to the same depth 
(7265 sequences per sample) to remove the effect of sampling effort upon analysis. A table 
which represented taxonomic groups within each sample was used to build a heat map in 
Excel. The QIIME pipeline was also used to analyse beta diversity by Jackknife comparison of 
the weighted data and to build a Principal Component Analysis (PCA) plot, in order to view 
the relationships between samples. 
 
Microsensor measurements and flux calculations 
We used Clark-type O2 microsensors (OX-50, Unisense A/S, Aarhus, Denmark; Revsbech, 
1989) to measure the radial O2 loss (ROL) from the below-ground tissue of Zostera muelleri. 
The O2 microsensors were linearly calibrated from signal readings in 100% air saturated 
seawater and anoxic seawater (obtained by flushing with N2 and adding the O2 scavenger 
sodium sulphite) at experimental temperature and salinity. To avoid drifting calibrations 
during measurements, the O2 microsensors were pre-contaminated with H2S before 
calibrations (Brodersen et al. 2015a). Clark-type H2S microsensors (H2S-50, Unisense A/S, 
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Aarhus, Denmark; Kühl et al. 1998) were used to measure the H2S concentration at and 
around the below-ground tissue of Zostera muelleri. The H2S microsensors were linearly 
calibrated in acidic (pH 4), anoxic Na2S solutions of defined H2S concentrations (0, 50 and 
100 μM) at experimental temperature and salinity. pH measurements were performed by 
means of pH microelectrodes (pH-50, Unisense A/S, Aarhus, Denmark; Kühl & Revsbech, 
2001) that were used in combination with a reference electrode (REF-RM, Unisense A/S, 
Aarhus, Denmark) submerged in the split flow chamber to allow the pH microelectrode to 
develop an electric potential relative to the reference electrode. The pH microelectrodes 
were linearly calibrated from signal readings in pH buffers (pH 5, 8 and 9) at experimental 
temperature and salinity. Microsensors were mounted on a motorized micromanipulator 
(MM33-2 & MC-232, Unisense A/S, Aarhus, Denmark) and connected to a microsensor 
multimeter (Unisense A/S, Aarhus, Denmark) that was interfaced with a PC running 
dedicated microsensor positioning and data acquisition software (SensorTrace PRO, 
Unisense A/S, Aarhus, Denmark). The microsensors were carefully positioned at the surface 
of the basal leaf meristem (defined as 0 mm distance from the below-ground tissue on the 
figures) by manually operating the micromanipulator while observing the tip of the 
microsensor relative to the surface of the below-ground tissue through a submerged hand-
held lens (described in Brodersen et al. 2014) with a stereo microscope mounted on an 
articulating arm (SM-6TZ, Amscope, Irvine, CA, USA). All microprofiles were measured in 
distance increments of 50 μm. Plants were allowed to acclimatize to the experimental 
conditions for ~72 h before microsensor measurements commenced to ensure steady state 
geochemical conditions. Moreover, during microsensor profiling an additional source of N2 
was immersed into the anoxic seawater layer of the sediment compartment (described 
above) to avoid O2 intrusion into the layer and H2S loss from the artificial sediment when 
removing the covering alu-foil (Brodersen et al. 2014; 2015a). 
 
Flux calculations 
The radial O2 loss (ROL) from the below-ground tissue (nmol O2 cm-2 h-1) was calculated via a 
cylindrical version of Fick’s first law of diffusion (Steen-Knudsen, 2002) assuming a 
homogenous, cylinder-shaped O2 flux from the surface: 




where ϕ is the porosity of the artificial sediment (here assumed to be similar to seawater); 
D0 is the apparent diffusion coefficient of O2 in seawater at experimental temperature and 
salinity; r is the radius of the basal leaf meristem; and C1 and C2 are the O2 concentrations 
measured at the radial distances r1 and r2 from the tissue surface, respectively. The H2S 
oxidation rates in the immediate rhizosphere (nmol H2S cm-2 h-1) were calculated in a similar 
manner by correcting D0 to the molecular diffusion coefficient for H2S at experimental 




A standard microscopy protocol with minor modifications was used for DAPI staining and 
imaging using an epifluorescence microscope (Amann et al. 1990). Briefly, small samples (~4 
x 4 x 4 mm) of artificial sediment embedding a root-tip were obtained by cutting out the 
region of interest with a surgical knife. The achieved root-cap tissue and surrounding 
artificial sediment sample were then fixed in 4% paraformaldehyde (PFA), washed by 
immersing the sample in a 1x phosphate-buffered saline (PBS) solution (2 times), and were 
then structurally preserved in 50% EtOH until further analysis. To ensure optimal cutting 
temperature, the investigated samples were embedded in cryo-gel (OCT, Tissue-Tek®; 
ProSciTech, Kirwan, Qld, Australia) at 4°C for 24h before snap-freezing in a cryobath at -
60°C. The frozen samples were sectioned on a cryomicrotome (Shandon cryotome E, 
Thermo Scientific, Australia) into 20-30 μm-thick transverse tissue/sediment sections at -
36°C, before immobilization on Teflon coated microscope slides (www.proscitech.com). 
Tissue/sediment samples were then dehydrated by immersing the slides in ascending 
ethanol series (50-80-96% EtOH), stained by an anti-bleaching/DAPI mixture (using Citifluor 
as the anti-bleaching agent; Citifluor AF1, Citifluor Ltd, London) and imaged on an inversed 
epifluorescence microscope (Nikon Eclipse Ti; Nikon Instruments Inc, Tokyo, Japan). 
 




Data were tested for equal variance prior to statistical analysis. Student’s t-tests were used 
to compare relative microbial abundances between the different regions of interest (i.e. 
RAM, BLM and BS) on data that met the above-mentioned assumptions. The significance 
level was set to p < 0.05. All statistical tests were performed in Excel. 
  





The below-ground chemical microenvironment measured with microsensors at the basal 
leaf meristem of Zostera muelleri (investigated plant #2). Blue symbols and lines indicate pH, 
red symbols and lines indicate H2S concentration, and black symbols and lines indicate O2 
concentration. The dotted lines denote the thickness of the plant-derived oxic microzone. 
Left panels represent measurements in the dark, right panels represent measurements in 
the light (at an incident photon irradiance of ~150 μmol photons m-2 s-1). Upper panels are 
measurements in artificial sediment with added pore water microbes. Lower panels are 
measurements in a sterilized environment (i.e. below-ground tissue surface and sediment). 
X = 0 indicate the below-ground tissue surface. Symbols with error bars indicate means ± 
S.D; n = 3-5, technical replicates.  
The minor co-existence of O2 and H2S within the oxic microzones in both treatments 
suggests that spontaneous chemical H2S re-oxidation is the dominant sulphide oxidation 
mechanism in the seagrass rhizosphere. 




Figure S5.1. Chemical microenvironment at the interface between the surface of the 









The below-ground chemical microenvironment measured with microsensors at the basal 
leaf meristem of Zostera muelleri (investigated plant #3). Blue symbols and lines indicate pH, 
red symbols and lines indicate H2S concentration, and black symbols and lines indicate O2 
concentration. The dotted lines denote the thickness of the plant-derived oxic microzone. 
Left panels represent measurements in the dark, right panels represent measurements in 
the light (at an incident photon irradiance of ~150 μmol photons m-2 s-1). Graphs show 
measurements in artificial sediment with added pore water microbes. X = 0 indicate the 
below-ground tissue surface. Symbols with error bars indicate means ± S.E.M; n = 3-5, 
technical replicates.  
Microsensor measurements from plant 3 kept in a sterilized environment were excluded as 
we could not convincingly determine the surface of the below-ground tissue during 
measurements. This was unfortunately a potential limitation of the experimental 
setup/methodology, as we had to use a relatively high agar concentration (0.7% w/v) to 
enable artificial sediment sampling around the selected plant structures in the desired 
spatial scale (i.e. radial distance of < 2mm from the tissue surface) for downstream 
applications, such as DNA extraction, PCR sequencing and fluorescence imaging. This, 
unfortunately, reduced the visual assessment of the below-ground tissue during 
measurements. Further information on limitations of the methodology is provided in 
Brodersen et al. 2014. 
  





Figure S5.2. Chemical microenvironment at the interface between the surface of the 








Principal component analysis (PCA) among bulk sediment (BS), root apical meristem (RAM) 
and basal leaf meristem (BLM) samples in the artificial sediment with added native pore 
water microbes. The PCA explains more than 75% of the variances in our samples. The PCA 
plot represents the mean relative abundance of microbes within selected areas of the 
Zostera muelleri rhizosphere, and includes all data acquired via PCR sequencing excluding 
non-sense, i.e., ~99.9% of all bacterial sequences.  
Our results suggest that the rhizosphere microbial community composition within the 
sediment surrounding the root apical meristems were mostly affected by the plant host 
(Figure S5.3). Root exudates could be the driver of these microbial community 
modifications. The microbial community composition at the basal leaf meristem and within 
the bulk sediment was less differentiated/separated according to the PCA. 
 
 
Figure S5.3. Principal component analysis (PCA) of the bacterial community composition 
within the seagrass rhizosphere and the bulk sediment. RAM = root apical meristem area; 
BLM = basal leaf meristem area; BS = bulk sediment. This PCA explained more than 75% of 
the variances of our samples. 




Spatial distribution of rhizosphere microbes at the root apical meristem (RAM) of Zostera 
muelleri as determined via epifluorescence microscopy of DAPI stained bacteria. The 
transverse root-cap and artificial sediment sample originated from the artificial sediment 
matrix with added native pore water microbes. Image (b) is a close-up image of the 
root/sediment interface as shown in image (a), illustrating the root-cap tissue surface and 
the bacterial distribution within the immediate rhizosphere. Unfortunately, it seemed like 
the cutting/immobilization procedure (described in the Supplementary Materials and 
Methods) caused the formation of a small cavity between the root-cap tissue surface and 
the surrounding artificial sediment, wherefore additional identifications of the microbial 
community composition and diversity using group-specific probes for fluorescence in situ 
hybridization (FISH) determinations were excluded. Further investigations of the 
rhizospheric spatial distribution of important bacterial functional-groups, such as sulphide-
oxidizing and sulphate-reducing bacteria are underway.  
 
 
Figure S5.4. Spatial distribution of rhizosphere microbes around the root apical meristem 








Selected regions of interest within the seagrass vegetated artificial sediment. BLM refers to 
the basal leaf meristem (i.e. at the base of the shoot), RAM refers to the root apical 
meristems (i.e. at the apex of the roots) and BS refers to the bulk sediment, several 
centimetres away from the below-ground tissue. 
  
 









Pulse Amplitude Modulated (PAM) variable chlorophyll fluorescence measurements 
determining the maximum quantum yield of photosystem II (PSII) (Fv/Fm) and the effective 
quantum yield of PSII (ΔF/Fm’) were recorded after ~72h and ~168h, to ensure that the 
investigated seagrass (Zostera muelleri) specimens were photosynthetic compatible and 
healthy during cultivation. Measurements were performed with a hand-held PocketPAM 
equipped with an optical fiber (PAM settings: saturating intensity 8, saturation width 0.6 s, 
F>100) to ensure no damage was caused to the leave surfaces during measurements, at the 
expense of slightly lower signal recordings. The PSII effective quantum yield gives an 
estimate of the photosynthetic activity at the given incident photon irradiance (~150 μmol 
photons m-2 s-1) and thus can be used as a general indicator of the health status of the 
seagrasses in question (e.g. Beer et al. 1998). 
 
      Table S5.1. Photosynthetic capability and below-ground tissue oxidation  
     capacity based on PAM measurements and above- to below-ground biomass  








  Max. QY Eff. QY 
Pore-water       
plant 1 0.70±0.02 0.47±0.02 0.99 
plant 2 0.66±0.01 0.54±0.02 0.59 
plant 3 0.76±0.04 0.59±0.05 1.77 
Sterilized       
plant 1 0.65±0.01 0.53±0.03 0.88 
plant 2 0.70±0.01 0.56±0.02 1.13 
n=3-7; Incident photon irradiance = 150 μmol photons m-2 s-1; Temp = 22 °C; 
Sal = 34 ppt; Flow velocity = 0.5 cm s-1; Maximum quantum yield of PSII 
(max) = Fv/Fm; Effective quantum yield of PSII (eff) = ΔF/Fm'; f > 100. 
 








Calculated O2 and H2S fluxes within the immediate rhizosphere of Zostera muelleri to 
elucidate potential symbiotic relationships between the plant host and sulphide oxidizing 
bacteria (SOB). Bacteria-mediated H2S oxidation is 10.000-100.000 times faster than 
spontaneous chemical oxidation (e.g. via plant-derived radial O2 loss) (Jørgensen & 
Revsbech, 1983; Nelson et al. 1986) and would therefore have pronounced positive effects 
on the H2S re-oxidation rates, which was not the case in the present study. This suggests 
that plant-derived spontaneous chemical H2S re-oxidation is the predominant H2S oxidation 
mechanism in the immediate rhizosphere of seagrasses. 
The ratio between the O2 and total sulphide fluxes, i.e., the amount of O2 molecules 
released from the below-ground tissue compared to the total amount of sulphide (H2S, HS- 
and S2-) oxidized at the basal leaf meristem in the artificial sediment, were 0.6 in darkness 
and 1.7 in light in both treatments. Thus indicating incomplete H2S oxidation to elemental 
sulphur (S) in the dark and complete H2S re-oxidation to sulphuric acid (H2SO4) in the light; 
and/or higher microbial O2 consumptions rates and chemical oxidation of other reduced 
compounds, such as Fe2+, within the rhizosphere in the light. 
 
Table S5.2. Radial O2 loss (ROL), plant-derived H2S re-oxidation/sediment detoxification  
and ΔpH in the immediate rhizosphere of Z. muelleri.  
  ROL H2S re-oxidation ΔpH 
  nmol O2 cm-2 h-1 nmol H2S cm-2 h-1 pH units 
pore water       
dark -322 ± 39 334 ± 1 2.1 ± 0.4a 
light -745 ± 118 418 ± 4 2.4 ± 0.2 
        
sterilized       
dark -378 ± 3 636 ± 136a 2.5 ± 0.1 
light -891 ± 52 508 ± 33 2.5 ± 0.2 
n = 2-3, biological replication. Values are mean ± S.E.M. Pore water indicate artificial 
sediment matrix with added pore water microbes. Sterilized indicate a sterilized  
below-ground environment, i.e., sterilized sediment and below-ground biomass. 
aNote relative high standard error of the mean (S.E.M.).  
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Epiphyte-cover on seagrass (Zostera marina L.) leaves 




TOC figure. Left panel show a seagrass leaf with filamentous algal epiphyte overgrowth. 
Right panel shows the below-ground tissue of one of the investigated seagrass specimens 
cultured in natural, homogenized sediment from the sampling site. The roots have been 
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Highlights: This study investigated the effects of epiphyte overgrowth on seagrass leaves on 
(i) the overall plant performance, (ii) the light availability and quality at the leaf surface and 
(iii) how this affects the rhizosphere oxidation capacity of the below-ground tissue in the 
temperate seagrass Zostera marina L. Our study gives novel insight into the negative effects 
of leaf epiphyte overgrowth on the fitness and resistance capabilities of seagrasses to 
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The O2 budget of seagrasses is regulated by a complex interaction between several sources 
and sinks, which is strongly regulated by light availability and mass transfer over the 
diffusive boundary layer (DBL) surrounding the plant. Epiphyte growth on leaves may thus 
strongly affect the O2 availability of the seagrass plant and its capability to aerate its 
rhizosphere as a defence against plant toxins. 
We used electrochemical and fiber-optic microsensors to quantify the O2 flux, DBL and light 
microclimate around leaves with and without filamentous algal epiphytes. We also 
quantified the below-ground radial O2 loss from roots (~1 mm from the root-apex) to 
elucidate how this below-ground oxic microzone was affected by the presence of epiphytes. 
Epiphyte-cover on seagrass leaves (~21% areal cover) resulted in reduced light quality and 
quantity for photosynthesis, thus leading to reduced plant fitness. A ~4 times thicker 
diffusive boundary layer around leaves with epiphyte-cover impeded gas (and nutrient) 
exchange with the surrounding water-column and thus the amount of O2 passively diffusing 
down to the below-ground tissue through the aerenchyma in darkness. During light 
exposure of the leaves, radial oxygen loss from the below-ground tissue was ~2 times higher 
from plants without epiphyte-cover. In contrast, no O2 was detectable at the surface of the 
root-cap tissue of plants with epiphyte-cover during darkness, leaving the plants more 
susceptible to sulphide intrusion. 
Epiphyte growth on seagrass leaves thus has a negative effect on the light climate during 
daytime and O2 supply in darkness, hampering the plants performance and thereby reducing 
the oxidation capability of its below-ground tissue.  
 






Seagrasses are angiosperms that form coastal habitats of prime importance for marine 
biodiversity and carbon sequestration (Duarte, 2001; Duarte et al., 2005).  Over the past 
century, seagrasses have faced an alarming global decline, owing to both direct and indirect 
human interference (Robblee et al., 1991; Zieman et al., 1999; Seddon et al., 2000; Plus et 
al., 2003; Orth et al., 2006). Seagrasses inhabit organic rich, reduced sediments and the 
exposure of their below-ground biomass to sediment-derived hydrogen sulphide (H2S), as a 
result of inadequate internal aeration due to low water-column O2 levels during darkness, 
has been identified as a key factor in seagrass die-back events (Greve et al., 2003; Borum et 
al., 2005; Brodersen et al., 2015). Hydrogen sulphide is produced in reduced sediment 
through bacterial sulphate reduction, which is considered the quantitatively most important 
anaerobic degradation process in coastal marine sediment (Jørgensen, 1982). H2S is a 
phytotoxin that leads to chemical asphyxiation, due to a strong chemical binding with 
cytochrome c in the mitochondrial electron transport chain (Eghbal et al., 2004; Perez-Perez 
et al., 2012; Lamers et al., 2013). If H2S reaches the root tissue surface it may enter the 
lacunar system of the seagrass plant via lipid-solution permeation of the plasmalemma 
(Raven and Scrimgeour, 1997). Such H2S intrusion into the below-ground tissue of 
seagrasses has mainly been related to inadequate internal aeration during night-time, as a 
result of a low water-column O2 content and thus a decrease in the diffusive O2 supply from 
the surrounding water-column (Pedersen et al., 2004; Borum et al., 2005). The amount of O2 
passively diffusing into the leaves from the water-column during darkness, is thus highly 
dependent on the water-column O2 content, but is also strongly affected by other factors 
such as the diffusive boundary layer (DBL) thickness (Binzer et al., 2005; Borum et al., 2006) 
and the leaf surface area. The DBL surrounds all aquatic surfaces, such as seagrass leaves, 
and functions as a diffusive barrier to the exchange of gasses and nutrients with the 
surrounding water-column by impeding water motions towards the leaf tissue surface 
(Jørgensen and Revsbech, 1985). The width and thus the mass transfer impedance of the 
DBL depends on factors such as the surface topography and the flow velocity, where e.g. 
relative low flow rates and uneven surfaces increases the thickness of the DBL (Jørgensen 





Light availability is the key environmental factor regulating photosynthesis and thus the O2 
supply during day-time, and small decreases in irradiance can cause significant declines in 
the growth and distribution of seagrasses (Burkholder et al., 2007; Ralph et al., 2007). In 
eutrophic coastal waters, light can be attenuated up to 100-fold in the upper 1-4 m of the 
water column, often with dramatic changes in the spectral composition (Sand-Jensen & 
Borum, 1991). Therefore, rooted macrophytes are often spatially limited to biotopes with 
sufficient light exposure, i.e., water depths experiencing a minimum of 10% of surface 
irradiance for temperate seagrasses (Borum, 1983; Duarte, 1991). Eutrophication can 
stimulate epiphyte colonization on seagrass leaves (Richardson, 2006) potentially affecting 
the light availability for the plant. Epiphytes may thus have a major impact on the 
photosynthetic O2 evolution of rooted macrophytes, such as seagrasses (Sand-Jensen, 1977). 
The O2 budget of seagrass plants is regulated by a complex interaction between several 
sources and sinks. Sources encompass photosynthetic O2 evolution in leaves during day-
time and passive diffusion of O2 into the leaves from the water-column in darkness. Sinks 
encompass the total O2 demand of the surrounding sediment, including bacterial respiration 
and chemical reactions with reduced compounds, as well as the plants own respiratory 
needs. The amount of O2 produced or passively diffusing into the leaves is affected by 
external physical factors such as the light availability for underwater photosynthesis, the 
flow-dependent thickness of the DBL and the water-column O2 content, whereas the sinks 
are highly affected by elevated seawater temperatures and the quantity of accessible 
organic matter in the rhizosphere (Pedersen et al., 2004; Binzer et al., 2005; Borum et al., 
2006; Raun and Borum, 2013).  
The O2 is transported from the above-ground tissue to the below-ground tissue through the 
aerenchyma, i.e., an internal gas-filled lacunar system, whereby the plants supports aerobic 
metabolism in their root-system and provide protection against reduced toxic compounds 
such as H2S and Fe2+ (Armstrong, 1979; Borum et al., 2006). Some of the transported O2 is 
leaked to the rhizosphere as the so-called radial oxygen loss (ROL), especially at the basal 
meristems, root-shoot junctions and root-caps (Koren et al., 2015). During non-stressful 
environmental conditions, ROL maintains a ~0.5 mm wide oxic microzone around the 
leaking areas that continuously oxidizes the surrounding sediment and thus alters the 




Jensen et al., 2005; Brodersen et al., 2015). This chemical defence mechanism is, however, 
negatively affected by over-night water-column hypoxia (Brodersen et al., 2015). 
Seagrass morphology is an important controlling factor affecting the likelihood of H2S 
intrusion into seagrasses, where a higher above- to below-ground biomass ratio positively 
affects the seagrasses oxidation capacity and reduces the risk of H2S intrusion (Frederiksen 
et al., 2006). Seagrass roots possess structural barriers to ROL in mature root tissue regions 
such as Casparian band-like structures of suberin in the hypodermis (Barnabas, 1996). Such 
barriers to ROL in the basal-parts of seagrass roots increases the intra-plant O2 transport to 
the active apical root meristem and therefore are very important for seagrass root 
metabolism. 
In this study we used electrochemical and fiber-optic microsensors to investigate effects of 
epiphyte-cover on seagrass leaves on the below-ground aeration of the rhizosphere of the 
seagrass Zostera marina kept in a custom-made split flow-chamber with natural sediment. 
This microenvironmental approach allowed us to i) analyse the DBL and light microclimate 
around seagrass leaves with- and without epiphytes, and ii) correlate changes in these 
above-ground microenvironmental parameters with changes in the ROL from the root-caps, 
and thereby, the oxidation capacity of the below-ground tissue. 
 
MATERIALS AND METHODS 
Seagrass and sediment sampling 
Marine sediment and Zostera marina specimens with and without leaf epiphyte-cover were 
collected from shallow coastal waters (<2 m depth) at Aggersund, Limfjorden, Denmark. 
After sampling, plants and sediment were transported to a nearby field station (Rønbjerg 
Marine Biological Station, Aarhus University, Denmark), where they were kept in constantly 
aerated and water flushed water reservoirs prior to experiments. Seagrass specimens with 
similar above- and below-ground biomass ratios were selected from the reservoirs and 
gently washed free of adhering sediment before transferred to the experimental split flow-
chamber (see below; Brodersen et al., 2014). In the following, seagrasses with epiphyte-




contrast to seagrasses without visible leaf epiphyte-cover. The above- to below-ground 
biomass ratio was 1.0 and 0.8 of selected plants with and without leaf epiphyte-cover, 
respectively, based on g DW values obtained after drying the plants in an oven at 60ºC until 
a constant weight was reached.  
 
Experimental setup  
Plants were horizontally positioned in the flow-chamber (one plant at a time) with the leaf 
canopy in the free flowing water phase compartment and the below-ground biomass 
transplanted in homogenized sediment from the sampling site in the adjoining “sediment” 
compartment (Figure 6.1). An anoxic water column (~2 cm depth) functioned as a liquid-
phase diffusion barrier to O2 intrusion over the sediment compartment of the flow chamber, 
as preliminary studies had shown a constant loss/efflux of reduced compounds such as H2S 
from the sediment during cultivation. Illumination of the leaf canopy was provided by a 
fiber-optic tungsten halogen lamp (KL-2500LCD, Schott GmbH, Germany). The downwelling 
photon irradiance (PAR, 400-700 nm) at the leaf surface was measured with a spherical 
quantum sensor (US-SQS/L, Walz GmbH, Germany) connected to a calibrated quantum 
irradiance meter (ULM-500, Walz GmbH, Germany). A constant flow-rate (~0.5 cm s-1) of 
aerated seawater (~22°C, Salinity=30) was maintained in the seawater compartment of the 





Figure 6.1. Schematic diagram of the experimental setups. (a) Above-ground light and O2 
microsensor measurements. (b) Measurements on the below-ground chemical 
microenvironment with Clark-type O2 microsensors. (c) Measuring light transmission spectra 
at the seagrass leaf surface. 
 
Light and O2 measurements  
We used scalar irradiance microprobes (sphere diameter 50 μm; manufactured by a 
modified procedure of Lassen et al., 1992; Rickelt et al., submitted) to quantify the light 
microenvironment around leaves of Z. marina with- and without epiphyte cover under two 
different irradiance levels (50 and 200 μmol photons m-2 s-1; Figure 6.1a). The scalar 
irradiance microprobe was connected to a fiber-optic spectrometer (USB 2000+, Ocean 
Optics, USA), interfaced to a PC running spectral acquisition software (SpectraSuite, Ocean 
Optics, USA). We measured vertical profiles of spectral scalar irradiance in 0.1 mm steps 
from the leaf surface to 1 mm above the leaf surface, and in 1 mm steps from 1-10 mm from 




vertically incident light  with the scalar irradiance microprobe tip positioned over a black 
non-reflective light well at the same position and distance in the light beam as the seagrass 
tissue surface; in a collimated light field the downwelling- and scalar irradiance are identical 
(Kühl and Jørgensen, 1994). 
Clark-type O2 microsensors (OX-10 and OX-50, Unisense A/S, Aarhus, Denmark; Revsbech, 
1989) with a fast response time (<0.5 s) and low stirring sensitivity (<2-3 %) were used to 
measure i) the radial O2 loss from the below-ground biomass of Z. marina (~1 mm from the 
root-apex; Figure 6.1b), and ii) the O2 concentration at and towards the leaf surface (Figure 
6.1a). The O2 microsensors were linearly calibrated from signal readings in 100% air 
saturated seawater and anoxic seawater (by addition of ascorbate) at experimental 
temperature and salinity; prior to calibrations and measurements in natural sediment, the 
microsensors were pre-contaminated with sulphide, i.e., they were pre-polarized in a Na2S 
solution, to avoid drifting calibrations during experiments. 
Microsensors were mounted on a motorized micromanipulator (Unisense A/S, Denmark) 
and connected to a PC-interfaced microsensor multimeter (Unisense A/S, Denmark); both 
were controlled by dedicated data acquisition and positioning software (SensorTrace Pro, 
Unisense A/S, Denmark). Microsensors and microprobes were carefully positioned at the 
tissue surface (defined as 0 μm) by manual operation of the micromanipulator, while 
observing the microsensor tip and tissue surface through a USB microscope (AD7013MZT, 
DinoLite, AnMo Electronics Corp., Taiwan). When positioning the O2 microsensors at the 
below-ground tissue surface, a root from the first root-bundle was first gently un-covered 
from sediment before manually moving the microsensor to the surface of the root-cap, 
where after the root was gently covered again with sediment. Steady state O2 levels at the 
below-ground tissue surface were re-established after ~3h (data not shown). Microprofiles 
of O2 concentration were measured in depth increments of 50 μm. 
 
Light calculations 
To quantify PAR, we integrated the measured scalar irradiance spectra over 400-700 nm and 




multiplying with the known incident quantum irradiance (in μmol photons m-2 s-1), 
measured with a calibrated quantum irradiance meter (ULM-500, Walz GmbH, Germany) 
equipped with a spherical quantum sensor (US-SQS/L, Walz GmbH, Germany), absolute 
levels of light in each depth could be calculated as: 
 
where E(PAR)z is the PAR photon irradiance in depth z, Az is the wavelength integrated signal 
in depth z, AD is the wavelength integrated downwelling irradiance, and Ed is the 
downwelling photon irradiance (in μmol photons m-2 s-1). 
Since the leaves of Z. marina were ~50 μm thick, it was not possible to measure internal 
light gradients in the leaves with microprobes. Instead we measured the spectral 
attenuation of light through leaves with and without epiphyte cover. A leaf, with- or without 
epiphytes, was positioned in a transparent acrylate chamber illuminated from below and 
with the incident irradiance determined as above (Figure 6.1c). Concomitantly, the 
microprobe was positioned at the abaxial surface of the leaf and the transmitted spectra 
were recorded on leaves with- and without epiphytes.  
 
Flux calculations 
The O2 flux between the leaf surface and the surrounding seawater was calculated using 
Fick’s first law of diffusion: 
 
where D0 is the molecular diffusion coefficient of O2 in seawater at experimental 
temperature and salinity (2.0845·10-5 cm-2 s-1; tabulated values available at 
www.unisense.com), and  is the slope of the linear O2 concentration gradient within the 




A cylindrical version of Fick’s first law of diffusion, described by Steen-Knudsen (2002), was 
used to calculate the radial O2 loss from the below-ground tissue surface (assuming a 
homogenous and cylinder-shaped O2 loss from the roots): 
 
where φ is the porosity of the sediment and φD0 estimates the diffusivity of O2 within the 
sediment at experimental temperature and salinity, r is the radius of the root, and C1 and C2 
are the O2 concentrations measured at the radial distances r1 and r2, respectively. Porosity 
was determined from the weight loss of wet sediment from the sampling site (known initial 




Data were tested for normality (Shapiro-Wilk) and equal variance prior to statistical analysis. 
Student’s t-tests were used to compare treatments (with- or without leaf epiphytes) on data 
that met the above-mentioned assumptions. Mann-Whitney Rank Sum tests were used on 
data lacking normality and/or equal variance. A two-way ANOVA was performed to examine 
the influence of leaf epiphyte-cover and incident irradiance on O2 fluxes across the leaf 
tissue surface (Table S6.1). Analysis of covariance (ANCOVA) was used to examine the effect 
of leaf epiphytes on scalar irradiance with distance from the leaf surface as a covariant. The 




Our observations on the light microclimate around the leaves of Z. marina revealed that 
epiphyte cover affect the quantity and quality of light reaching the seagrass leaf. In the 
presence of epiphytes, scalar irradiance (PAR, 400-700 nm) on the surface of seagrass leaves 
was reduced by 54% and 92% under a downwelling irradiance of 50 and 200 μmol photons 




scalar irradiance at incident irradiance levels of 50 and 200 μmol photons m-2 s-1, 
respectively. Analysis of covariance (ANCOVA) confirmed significant difference in the scalar 
irradiance at the leaf tissue surface of plants with leaf epiphyte cover as compared to plants 
without leaf epiphyte cover (p < 0.01), as well as between scalar irradiance measured at z = 
10 mm and z = 0 mm for plants with leaf epiphyte cover (p < 0.01). No significant difference 
was found between scalar irradiance measured at z = 10 mm and z = 0 mm for plants 
without leaf epiphyte cover (p > 0.05). 
 
Figure 6.2. Profiles of photon scalar irradiance measured at two different downwelling 
photon irradiances (50- and 200 μmol photons m-2 s-1) on Z. marina leaves with- and without 
epiphyte cover. Left panels show the scalar irradiance 0-10 mm from the leaf surface 
measured in 1 mm steps. Right panels show the scalar irradiance 0-1 mm from the leaf 
surface measured in 0.1 mm steps (enlarged plots of the scalar irradiance showed in the left 





The decrease in scalar irradiance in the upper canopy (1-10 mm above the leaf surface) was 
uniform across wavelengths in the PAR region while a spectral shift became evident in the 
lower canopy (0-1 mm above the leaf surface) with blue light and light around 675 nm being 
absorbed preferentially (Figure 6.3). However, approaching the surface of the seagrass leaf 
we also observed an enhanced absorption around 625 nm indicative of phycocyanin found 
in cyanobacteria. 
 
Figure 6.3. Spectral scalar irradiance measured over Z. marina leaves under an incident 
irradiance of 50 and 200 μmol photons m-2 s-1 with- (right panels) and without epiphytes 
(left panels). Coloured lines represents spectra collected at the given depths in mm above 
the leaf surface expressed as % of incident irradiance on a log-scale. n=3; leaf level 
replicates. 
 
This was further clarified in the seagrass light transmission spectra (Figure 6.4) where, in the 
absence of epiphytes, mainly actinic light and light around 675 nm were absorbed, 
corresponding to the absorption spectrum of Chl a. In the presence of epiphytes there was a 




transmitted light with 71 and 88% (downwelling irradiance of 50 and 200 μmol photons m-2 
s-1 respectively). Students t-tests performed at 425nm, 560nm and 675nm (except at 425nm 
under an incident irradiance of 50 μmol photons m-2 s-1, where a Mann-Whitney test was 
preformed due to data lacking normality; p < 0.05) confirmed significant difference in the 
transmitted light spectra between plants with leaf epiphyte cover and plants without leaf 
epiphyte cover (p < 0.01). In addition there was a relatively larger absorption of green light 
in the presence of epiphytes, evident from a change in the ratio of wavelengths 
560nm:675nm from 6 without epiphytes to 3 with epiphytes suggesting absorption from 
accessory epiphyte pigments. 
 
Figure 6.4. Spectra of photon scalar irradiance transmitted through Z. marina leaves with- 
(red line) and without (black line) epiphyte cover and at two different downwelling 
irradiances (50- and 200 μmol photons m-2 s-1). Dashed lines represents ± S.D. n=4; leaf level 
replicates. 
 
Diffusive boundary layer and photosynthesis 
The O2 concentration microprofiles at the Z. marina leaf tissue surface revealed a ~4 times 
thicker diffusive boundary layer (DBL) around leaves with epiphyte-cover as compared to 
leaves without epiphyte-cover, i.e., an increase in the DBL thickness from ~350 to 1400 μm 




resulted in a constant influx of O2 into leaves both with and without epiphyte-cover, 
supporting the below-ground tissue with O2 (Figure 6.5; Table 6.1). However, the thick DBL 
around leaves with epiphyte-cover impeded the diffusive O2 supply in darkness as compared 
to plants without epiphyte-cover (seen as a reduction in the seagrass leaf surface O2 
concentration from ~198 to 51 μmol L-1 (Student’s t-test, p < 0.001); Figure 6.5), leaving 
these plants more vulnerable to low water-column O2 contents at night-time. 
 
Figure 6.5. Vertical microprofiles of the O2 concentration measured towards the leaf surface 
under 4 different incident irradiances (0, 50, 100 and 200 μmol photons m-2 s-1). Red 
symbols and lines represent leaves with 21% epiphyte-cover, Black symbols and lines 
represent leaves without epiphyte-cover. y = 0 indicates the leaf surface. Symbols and errors 
bars represent means ± SD. n = 3-4; leaf level replicates. 
 
Net O2 production increased with increasing irradiance, as a result of enhanced shoot 
photosynthesis (Figure 6.5). The lower light availability for plants with epiphyte-cover 
resulted in relatively lower net photosynthesis rates, and the compensation irradiance 




Table 6.1). Despite the lower net photosynthesis in plants with leaf epiphyte-cover, there 
was a higher build-up of O2 on the tissue surface under moderate irradiances (100 μmol 
photons m-2 s-1) as compared to plants without leaf epiphyte-cover, owing to limited gas 
exchange with the surrounding water-column as a result of the enhanced DBL thickness.  
 
 
Figure 6.6. Net photosynthesis rates as a function of downwelling photon irradiance. Rates 
were calculated for the 4 different incident irradiances (0, 50, 100 and 200 μmol photons m-
2 s-1) and were fitted with a hyperbolic tangent function (Webb et al., 1974) with an added 
term to account for respiration (Spilling et al., 2010) (R2 = 0.99). Red symbols and line 
represent leaves with ~21% epiphyte-cover. Black symbols and line represent leaves without 






Table 6.1. O2 fluxes across the leaf surface and radial O2 loss from the root-cap (~1 mm from 
the root-apex). (-) indicate no data points. Negative values denote net O2 uptake. Rates are 
mean±S.D. n = 3-5; leaf/root level replicates. a,bindicates significant difference between 
seagrasses with leaf epiphyte cover as compared to seagrasses without leaf epiphyte cover 
(control plants) (a Two-way ANOVA, F3,3 (PAR) = 2931.2, F1,3 (epiphytes) = 3555.1, p < 0.01; b Mann-











μmol photons m-2 s-1 nmol O2 cm
-2 h-1 nmol O2 cm
-2 h-1 nmol O2 cm
-2 h-1 nmol O2 cm
-2 h-1 
0 -106.4±1.8 -107.1±1.0 0 0.8±0.1 
50 60.6±4.0 a 271.9±3.3 (-) (-) 
100 164.7±4.9 a 520.7±12.8 (-) (-) 
200 221.2±27.8 a 800.9±14.7 65.7±21.0 b 152.7±7.5 
 
Radial O2 loss 
We used the measured steady state O2 microprofiles around the root-cap of Z. marina with 
and without leaf epiphyte-cover (Figure 6.7), to calculate the radial O2 flux into the 
surrounding sediment. In light, we calculated the radial O2 loss (ROL) from the root-cap to 
be 65.7 nmol O2 cm-2 h-1 from plants with leaf epiphyte-cover as compared to 152.7 nmol O2 
cm-2 h-1 from plants without leaf epiphyte-cover (Table 6.1). The ROL maintained a ~300 μm 
thick oxic microzone around the root-cap of Z. marina (Figure 6.7). In darkness, the ROL 
from the root-cap dramatically decreased to 0 nmol O2 cm-2 h-1 in plants with leaf epiphyte-
cover (i.e. no O2 was detectable at the root surface during darkness; Figure 6.7), and 0.8 
nmol O2 cm-2 h-1 in plants without leaf epiphyte-cover (Table 6.1). Epiphyte-covered plants 






Figure 6.7. Radial O2 loss from the root-cap of Z. marina (~1 mm from the root-apex) to the 
immediate rhizosphere measured at two different irradiances (0 and 200 μmol photons m-2 
s-1). Left panel show radial O2 loss from seagrass with leaf epiphyte-cover, right panel show 
radial O2 loss from seagrass without leaf epiphyte-cover. X = 0 indicates the root surface. 
Error bars are ±SD. n = 3-5; root level replicates. 
 
DISCUSSION 
Our results provide clear experimental evidence that epiphyte growth on Z. marina leaves 
reduces both light quantity and quality reaching the seagrass leaf, thereby impeding the 
overall plant performance during day-time. Furthermore, leaf epiphyte-cover lead to an 
enhanced thickness of the diffusive boundary layers (DBL) surrounding the leaves, thus 
impeding the exchange of gasses and essential nutrients with the ambient water-column. In 
darkness, this resulted in a negative effect on the intra-plant O2 status that subsequently 
reduced the oxidation capability of the below-ground tissue, thereby rendering plants more 
vulnerable to sediment-produced reduced phytotoxic compounds, such as H2S. 
Light microenvironment and shoot photosynthesis 
Light availability on the surface of the leaves of Z. marina covered by epiphytes was 
dramatically decreased compared to leaves without epiphytes in agreement with previous 




downwelling irradiance is needed to meet the compensation irradiance for the epiphyte 
covered leaf (Figure 6.6). We expected a larger change in the spectral quality of light 
reaching the leaf surface through the epiphyte canopy, but as the generation time of 
unicellular and filamentous algae colonizing the seagrass are short relative to the seagrass 
leaves, there might have been a large proportion of dead epiphytes thus acting as 
particulate organic matter with a more uniform light attenuation (Figure 6.3, upper right). 
However, in the lower canopy (0-1mm above the seagrass surface) there was a non-uniform 
attenuation of light leading to a strong reduction in blue light reaching the seagrass surface 
(Figure 6.3, lower right).  In the transmittance spectra, we saw a disproportionate large 
amount of green light being attenuated in the presence of epiphytes indicating the presence 
of a community possessing accessory pigments able to utilize green light, such as red algal 
or cyanobacterial phycobiliproteins. 
Although a large proportion of the green light was attenuated by epiphytes, blue and red 
light were almost completely removed, leaving the plant in a light environment with 
predominately green light which is less effectively absorbed by Chl a. Thus, both quality and 
especially the quantity of light were diminished in the presence of epiphytes thereby leaving 
the plant for longer periods near the minimal light requirement for growth, which is high in 
Z. marina (~20% of surface irradiance; Dennison et al., 1993). A recent study showed ~90% 
reduction in biomass under prolonged diminished light conditions, comparable to the 
decrease in light shown here (Kim et al., 2015). It has been speculated that the high 
minimum light requirement for growth reflects that seagrasses often grow in anoxic, 
sulphide-rich sediments (Ralph et al., 2007). The presence of sulphide results in decreased 
photosynthesis and increased O2 consumption in the dark (Goodman et al., 1995; Holmer 
and Bondgaard, 2001), which means that more light is needed to drive a sufficient 
photosynthetic O2 supply to maintain positive growth. Diminished light conditions due to 
epiphyte cover can thus reduce the fitness of the plant.  
The ~4 times enhanced DBL thickness around leaves with epiphyte-cover adversely affected 
the internal O2 supply to the below-ground tissue at night-time. In addition, it lead to a 
build-up of O2 at the leaves surface under high incident photon irradiance (≥100 μmol 
photons m-2 s-1; Figure 6.5), which potentially could lead to enhanced photorespiration (as 




decreased CO2 fixation and reduced photosynthetic efficiency) and/or internal oxidative 
stress (Maberly, 2014). At low photon irradiance (50 μmol photons m-2 s-1), the reduced light 
availability and lower photosynthetic activity, seemed to counter-balance this internal O2 
build-up caused by the insulating DBL (Figure 6.5). Furthermore, the epiphytes themselves, 
i.e., filamentous algal epiphytes and most probably leaf- and filamentous algal epiphyte-
associated bacterial communities, contribute with oxygenic photosynthesis and respiration, 
thereby further enhancing the O2 consumption at the leaf surface during night-time. 
Correspondingly, we found a ~2 times higher compensation irradiance of plants with leaf 
epiphyte-cover, as compared to plants without epiphyte-cover (Figure 6.6). This may be a 
very important factor during prolonged events of poor light conditions, such as during 
dredging operations and eutrophication, making plants with leaf epiphyte-cover more prone 
to sulphide invasion as a result of inadequate internal aeration (Pedersen et al., 2004; 
Borum et al., 2005). The generally reduced net photosynthesis rates of plants with epiphyte-
cover (Figure 6.6), was most likely a combined result of the poor light conditions and a 
limited influx of CO2 from the surrounding water-column. Such DBL-induced limited gas 
exchange with the ambient water-column can lead to inorganic carbon limitation enhancing 
photorespiration (e.g. Maberly, 2014) thereby impeding shoot photosynthesis.  
Light-driven O2 microdynamics in the rhizosphere 
Photosynthetic O2 evolution resulted in the establishment of a ~300 μm wide oxic 
microzone around the root-cap of Zostera marina at the approximate position of the apical 
root meristem (Figure 6.7). Plants with epiphyte-cover exhibited a negative effect on the 
below-ground tissue oxidation capacity with ~2 times lower radial O2 loss (ROL) from the 
root-apex during light stimulation of the leaf canopy, as compared to plants without leaf 
epiphyte-cover. Although the ROL in light from the root-cap of plants with and without 
epiphyte-cover were of similar magnitude to fluxes previously reported by Jensen et al. 
(2005; Table 6.1), a lower oxidation capability of the below-ground tissue will almost 
certainly have a negative effect on the overall plants performance. ROL has been shown to 
improve the chemical conditions in the immediate rhizosphere of seagrasses due to 
enhanced sulphide reoxidation (Brodersen et al., 2015). The oxic microshield at the root-cap 
surface can thus protect the apical root meristem from reduced phytotoxic compounds, 




Dark O2 microdynamics in the rhizosphere 
During darkness, no O2 was detected at the root-cap surface of plants with leaf epiphyte-
cover, indicative of inadequate internal aeration in contrast to plants without leaf epiphyte-
cover, where low levels of O2 were detectable at the root-cap surface during darkness 
(Figure 6.7; Table 6.1). Such breakdown of the oxic microshield in presence of epiphytes on 
seagrass leaves can be of great importance, as a shift to anaerobic metabolism in the root-
system results in a much less efficient energy utilization than with aerobic metabolism, as 
anaerobic conditions inhibit the translocation of carbohydrates supporting plant 
metabolism (Greve et al., 2003; Zimmerman and Alberte, 1996). Previous studies of Z. 
marina have shown that the ROL from the root-apex persists during darkness at a much 
higher flux rate (up to 16.2 nmol O2 cm-2 h-1 measured 2 mm behind the root-apex) than 
reported in this study (Jensen et al., 2005; Frederiksen and Glud, 2006). This apparent 
discrepancy may be explained by bacterial colonisation of the root-cap surface consuming 
the small amounts of leaked O2 through microbial respiration and/or by ferrous sulphide 
(FeS) and iron plaques. Sulphate reducing bacteria have thus previously been isolated from 
surface-sterilised roots of Zostera marina (Nielsen et al., 1999; Finster et al., 2001).  
Interestingly, the root-cap mediated O2 leakage to the rhizosphere may also be important 
for plant-beneficial root-associated microbial processes, such as H2S re-oxidation, in 
addition to simply detoxifying reduced substances in the immediate rhizosphere through 
spontaneous chemical reactions. Bacterially-mediated H2S oxidation is about 10.000-
100.000 times faster than the chemical reaction alone (Jørgensen and Postgate, 1982) and 
therefore has potential to be of high value for the plants. It has been suggested that H2S 
oxidation also takes place inside the plant (Holmer et al., 2005; Holmer and Hasler-Sheetal, 
2014), as seagrass exposed to high sediment H2S levels showed internal accumulation of 
elemental sulphur that is an intermediate in the sulphide oxidation. This process is, 
however, driven by simple chemical reactions between H2S and O2 and is not mediated by 
intra-plant enzymes or bacteria (Pedersen et al., 2004) as seen in some marine invertebrates 
(Grieshaber and Völkel, 1998). 
The lower light availability for photosynthesis of plants with filamentous algal epiphyte-
cover seemed to be the key factor behind the lower ROL from the root-cap (Figure 6.7), as a 




leaves, as compared to plants without epiphyte-cover (Figure 6.6). This might seem obvious, 
but the DBL-induced impedance of O2 exchange with the water-column of plants with 
epiphyte-cover, could also have resulted in an enhancement in the aerenchymal O2 level 
(seen as the build-up in the surface O2 concentration on Figure 6.5) and thereby a 
concomitant higher ROL from the root-apex, but this effect was apparently overruled by 
lower seagrass photosynthesis due to epiphyte shading and/or inorganic carbon limitation 
due to increased DBL thickness.  
Burnell et al. (2014) recently demonstrated that high incident irradiance (~200 μmol 
photons m-2 s-1)  in combination with elevated water-column CO2 concentrations (up to 900 
μl L-1, representing high future predictions of water-column CO2 levels) had a negative effect 
on seagrass biomass and leaf growth, as compared to low light conditions. The observed 
negative growth response to combined high CO2 and light conditions appeared to be closely 
related to overgrowth of seagrass leaves with filamentous algal epiphytes. This finding 
supports our microsensor measurements demonstrating the negative effects of leaf 
epiphyte-cover on the intra-plant O2 status and the below-ground tissue oxidation capacity. 
Epiphyte-induced low O2 evolution in seagrass leaves causing reduced internal aeration and 
increased H2S intrusion may result in enhanced seagrass mortality if unfavourable light 
conditions persist for longer periods of time. This emphasizes the importance of minimizing 
nutrient loading into seagrass inhabited marine coastal waters, as eutrophication often 
leads to poor light conditions, low water quality, algal blooms and enhanced night-time O2 
consumption in the water column. 
In conclusion, the present study shows that epiphyte-cover of seagrass leaves leads to 
reduced oxidation capability of the below-ground tissue, due to a combined result of lower 
light availability and thicker diffusive boundary layers around leaves, impeding seagrass 
photosynthesis. This synergetic negative effect on the plants performance, resulted in a ~2 
times higher compensation irradiance in Z. marina leaving epiphyte-covered seagrasses 
more vulnerable to H2S invasion during prolonged events of poor light conditions in the 
surrounding water-column. Seagrasses with leaf epiphyte-cover are thus more prone to 
anthropogenic impacts and activity in coastal environments, as leaf epiphytes reduce their 
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RESULTS OF STATISTICAL ANALYSIS 
 
Table S6.1: Two-way ANOVA for O2 evolution (nmol O2 cm-2 h-1). TMT = Experimental 
treatments, i.e., with or without leaf epiphytes; PAR = incident irradiance (0, 50, 100 and 
200 μmol photons m-2 s-1). 
 
Dependent Variable: Oxygen evolution 
Source 
Sum of 







Corrected Model 2043159.8a 7 291880.0 2040.1 .000 14280.5 1.000 
Intercept 1291479.2 1 1291479.2 9026.7 .000 9026.7 1.000 
TMT 508645.6 1 508645.6 3555.1 .000 3555.1 1.000 
PAR 1258149.6 3 419383.2 2931.2 .000 8793.7 1.000 
TMT * PAR 269624.4 3 89874.8 628.2 .000 1884.5 1.000 
                
a. R2 = .999 (Adjusted R2 = .998) 













TOC figure. Colour coded images illustrating plant-derived nutrient mobilization around roots 
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Highlights: This chapter describes how tropical seagrasses, such as Cymodocea serrulata, 
can solubilize nutrients around their below-ground tissue to accommodate growth in 
phosphorous- and iron-limited carbonate-rich tropical marine sediments. Using high-
resolution two-dimensional chemical imaging of O2, pH, iron, sulphide, calcium and 
phosphorus, we found that tropical seagrasses are able to mobilize the essential nutrients 
iron and phosphorus in their rhizosphere via multiple biogeochemical pathways. This now 
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Tropical seagrass meadows are largely phosphorus limited owing to the strong phosphorus 
fixation capacity of carbonate-rich sediments (Short et al. 1990; Fourqurean et al. 1992; 
Jensen et al. 1998), yet seagrasses thrive in often densely-vegetated, multi-species 
meadows in oligotrophic tropical waters (Larkum et al. 2006). Here we show how tropical 
seagrasses, such as Cymodocea serrulata, solubilize phosphorus and iron in carbonate-rich 
sediments. Seagrass-derived rhizospheric phosphorus and iron mobilization was the 
combined result of a low pH-induced phosphorus release leading to dissolution of 
carbonates within microenvironments in the seagrass rhizosphere, and a sulphide-induced 
phosphorus release, owing to reduction of insoluble Fe(III) oxyhydroxides to dissolved Fe(II). 
These mobilization mechanisms were strongly coupled to seagrass-derived radial O2 loss 
and secretion of other allelochemicals, such as organic acids and dissolved organic carbon 
from the below-ground tissue into the immediate rhizosphere, directly affecting the pore-
water phosphorus and iron availability through localized acidification of the rhizosphere, or 
indirectly via root-associated microbes, such as sulphate reducers, generating reduced 
sediment microniches of high sulfide concentrations in the seagrass rhizosphere. Our 
demonstration of seagrass-derived rhizospheric phosphorus and iron mobilization explains 
the long-lasting conundrum why seagrasses are widespread in oligotrophic tropical waters. 
 







Seagrass meadows are important high-value ecosystems (Costanza et al. 1997; Waycott et 
al. 2009) providing numerous ecological services to marine environments in terms of high 
biodiversity (Harborne et al. 2006), enhanced sediment carbon sequestration (Duarte et al. 
2005), and coastal zone protection against erosion (Koch et al. 2009). Seagrasses grow in 
coastal waters worldwide except from Antarctica. In tropical environments, seagrass growth 
is largely phosphorus limited owing to strong fixation of phosphorus in the prevailing  
carbonate sediments (Short et al. 1990; Fourqurean et al. 1992; Jensen et al. 1998) and the 
adsorption of phosphorus to insoluble iron(Fe)(III) oxyhydroxides (Pagès et al. 2012). 
Phosphorus is mainly absorbed through the rhizome and roots of seagrasses (McRoy et al. 
1972), and despite very low (nM) phosphorus levels in porewaters of oligotrophic, 
carbonate-rich sediments, seagrasses thrive and sustain high primary production. Tropical 
seagrass species such as Cymodocea sp., Halodule sp., Halophila sp., and Thalassia sp., thus 
seem to have evolved phosphorus, and possibly iron acquisition mechanisms to support 
their nutrient requirements. 
Seagrass-generated rhizospheric phosphorus solubilisation has been suggested to be 
initiated by the release of organic acids from roots (Long et al. 2008), as well as due to plant-
derived reductions in rhizosphere pH as a result of root/rhizome-released acidic substances 
and/or radial O2 loss (ROL) leading to sulphuric acid production through chemical reactions 
with sediment-produced hydrogen sulphide (H2S) (Brodersen et al. 2015, 2016). Such 
rhizosphere acidification may result in carbonate dissolution and concomitant phosphate 
release to the pore-water.  
Seagrasses also secrete dissolved organic carbon (DOC) to their rhizosphere as root/rhizome 
exudates (Moriarty et al. 1986) that can fuel the rhizospheric microbial community (Badri & 
Vivanco, 2009). Sulphate-reducing bacteria (SRB) are highly abundant in the seagrass 
rhizosphere and rhizoplane (Welsh, 2000), and sediment sulphate reduction rates have been 
shown to increase during photosynthesis (Blaabjerg et al. 1998; Nielsen et al. 2001). High 
rhizospheric H2S concentrations can reduce insoluble Fe(III) oxyhydroxides to dissolved 
Fe(II), which has been proposed to mobilize the Fe(III) oxyhydroxide-bound phosphate to 




phosphorus mobilization mechanisms remain speculative and have hitherto never been 
demonstrated directly. Using a combination of high resolution chemical imaging methods, 
we present the first experimental demonstration of seagrass-derived rhizospheric 
phosphorus and iron mobilization, thus resolving the long-standing debate on how tropical 
seagrasses thrive in nutrient-poor carbonate sediments. 
In situ sulfide measurements within tropical seagrass (including Cymodocea serrulata, 
Halophila ovalis, Halodule uninervis and Thalassia hemprichii) vegetated carbonate-rich 
sediments revealed an overall downward movement of the sulphide front during day-time 
and a concomitant general reduction in phytotoxic sulfide concentrations within the upper 
~10 cm of the sediments (Fig. 7.1a). Enhanced re-oxidation of sediment-produced sulfide 
during day-time is caused by higher ROL from the below-ground seagrass tissue due to high 
O2 partial pressure (pO2) in the photosynthetic leaves causing an increased internal O2 
gradient and thus O2 transport to the rhizosphere (Pedersen et al. 2004; Koren et al. 2015; 
Brodersen et al. 2015). During night-time, when seagrasses are completely dependent on 
passive O2 influx into the leaves from the surrounding water-column (Borum et al. 2005; 
Brodersen et al. 2015), the sulphide front migrated towards the water/sediment interface 
increasing the tissue exposure to phytotoxic H2S (Fig. 7.1a). However, microniches at the 
below-ground tissue/sediment interface exhibited distinct low-sulfide microzones around 
the root/shoot junctions of the seagrasses in the uppermost part of the rhizosphere, as well 
as around some of the deeper-laying root-tips (Fig. 7.1c). Other microniches around mature 
parts of the roots exhibited high sulfide concentrations indicative of high sulphate reduction 
rates within these plant regions probably owing to root/rhizome exudation of DOC during 
photosynthesis (Pollard & Moriarty, 1991; Blaabjerg et al. 1998; Nielsen et al. 2001) 
stimulating the activity of root-associated sulphate-reducing bacteria (Fig. 7.1c). Such 
distinct microheterogeneity in the rhizospheric sulfide concentration and distribution can be 
explained by the higher ROL from the root/shoot junctions and apical root meristems (i.e. 
meristematic region of the root-tips) of the investigated tropical seagrass Cymodocea 
serrulata as compared to the remainder of the below-ground tissue (Extended Data Fig. 7.1; 
demonstrating seagrass-generated rhizospheric O2 distributions during light and dark 
conditions), which is similar to other seagrass species (Jensen et al. 2005; Koren et al. 2015; 




rhizospheric proton formation and thus localized acidification of the immediate rhizosphere 
(Fig. 7.2), as previously shown for the temperate seagrass species Zostera muelleri and 
Zostera marina (Brodersen et al. 2015, 2016). 
 
Figure 7.1. In situ distribution of phytotoxic sulfide during light (photon irradiance of 500 
μmol photons m-2 s-1) and dark conditions in a sediment colonised by the tropical seagrass 
species Cymodocea rotundata, Cymodocea serrulata, Halophila ovalis, Halodule uninervis, 
Syringodium isoetifolium and Thalassia hemprichii as determined with sulfide sensitive Agl 
DGT probes (a). The width of all deployed DGT gels was 18 mm (b). Distribution of sulfide 
concentrations in the rhizosphere of Cymodocea serrulata during light and dark conditions 





Distinct seagrass-generated rhizospheric pH heterogeneity was demonstrated, with low-pH 
microniches (as compared to the bulk sediment) at the meristematic region of the rhizome 
(i.e. the basal leaf meristem), and around the roots and older parts of the rhizome, which all 
seemed to be further acidified during light exposure of the leaf canopy (Fig. 7.2a; Extended 
Data Fig. 7.2). Microniches of high pH were also observed around the first internode of the 
rhizome adjacent to the basal leaf meristem, as well as around the prophyllums (i.e. single 
leaves originating from the root/shoot junctions) (Fig. 7.2a). Such rhizospheric pH 
microheterogeneity was driven by ROL, resulting in sulphuric acid formation owing to 
localised H2S re-oxidation via plant-released O2, and potentially also by DOC leakage which 
may stimulate proton-consuming sulphate reduction in line with previous findings in the 
temperate seagrass species Zostera marina (Brodersen et al. 2016). At the roots, seagrass-
derived rhizospheric microniches of low pH may have been further supported by secretion 
of organic acids from the roots (Long et al. 2008), although this can lead to both a direct 
reduction in rhizosphere pH and an indirect increase in pH via stimulation of the sulphate-





Figure 7.2. (a) Rhizospheric pH heterogeneity and phosphorus distributions in carbonate-
rich sediment with the tropical seagrass Cymodocea serrulata during light (photon 
irradiance of 500 μmol photons m-2 s-1) and dark conditions. The enlarged plot focusses on 
the basal leaf meristem area, i.e., the meristematic region of the rhizome. (b) Rhizospheric 
pH and phosphate concentrations during light and dark conditions as obtained from the 
extracted cross tissue line profiles shown in (a). All images are color coded, where the color 
scales depict the sediment pH and phosphate concentrations. 
 
Seagrass-derived local reductions in rhizosphere pH resulted in pronounced phosphorus 
solubilisation at the basal leaf meristem as a response to acidification-induced calcium 




observations showing a localised, seagrass-mediated reduction in rhizosphere pH of ~0.8 pH 
units at the basal leaf meristem, which correlated with a localised ~100-fold increase in 
pore-water phosphorus availability (Fig. 7.2b). Such high phosphorus mobilization at the 
plant/sediment interface of tropical seagrasses colonizing carbonate-rich sediments could 
potentially be further supported by Fe(III)-reducing and/or phosphorus-solubilizing bacteria 
if present in the adjacent sediment (Pagès et al. 2012). 
Spatial co-distributions of rhizospheric dissolved Fe(II) and phosphorus during light and dark 
conditions demonstrated combined sulphide- and acidification-induced phosphorus and 
iron solubilisation in the carbonate-rich sediments around seagrass roots; especially around 
the root-tips (Fig. 7.3). At the root-tip of the root originating from the 4th root/shoot 
junction (Extended Data Fig. 7.3b), the seagrass-mediated phosphorus solubilisation was 
dominated by low pH-induced dissolution of calcium carbonates and thus the release of 
calcium-bound phosphorus to the pore-water (Fig. 7.3a,b). Around the root originating from 
the 3rd root/shoot junction (Extended Data Fig. 7.3b), the seagrass-driven phosphorus 
solubilisation was due to combined sulphide- and low pH-induced phosphorus release owing 
to reduction of insoluble Fe(III) oxyhydroxides releasing adsorbed phosphorus to the pore-
water as well as carbonate dissolution, respectively (Fig. 7.3a-c). Seagrass-generated 
phosphorus mobilization around roots resulted in an up to ~10-fold increase in the 
rhizospheric phosphorus availability (Fig. 7.3a,b). Such high phosphorus mobilization 
capacity by tropical seagrasses in carbonate-rich sediments inevitably leads to beneficial 
effects on primary production, plant fitness and growth rates. In addition, the enhanced 
Fe(II) availability around roots (~10-fold increase) may alleviate Fe deficiency in leaves 
positively affecting photo-pigment concentrations such as Chl a (Duarte et al. 1995) (Fig. 
7.3a,b). The slightly lower phosphate concentration around roots revealed in light as 
compared to darkness (Fig. 7.3), was probably due to higher phosphate absorption rate of 
seagrass rhizome and roots in the light (McRoy and Barsdate 1970). In general, our results 
show that the below-ground tissue nutrient mobilization capacity increased in the light 
owing to enhanced ROL and potentially also due to root/rhizome exudation of DOC and 








Figure 7.3. Co-distributions of seagrass-mediated rhizospheric phosphorus and Fe(II) 
solubilisation coupled to the plant-generated pH microheterogeneity at the root/sediment 
interface during light (photon irradiance of 500 μmol photons m-2 s-1) and dark conditions in 
carbonate-rich marine sediment inhabited by the tropical seagrass Cymodocea serrulata. 
Panel (a) show the rhizospheric pH, Fe(II) and phosphorus concentrations within the 
selected region of interest, as shown on the provided illustration of the below-ground plant 
tissue structure (a; Extended Data Fig. 7.3). Panel (b) represent the line profiles (P1-4) as 
indicated on the two-dimensional chemical images (a), showing the cross tissue Fe(II) and 
phosphorus concentrations during light and dark conditions. All images are color coded, 
where the color scales depict the sediment pH, Fe(II) and phosphorus concentrations, 
respectively (a). The red arrow on the phosphorus scale bar indicates the detection limit for 
the applied phosphorus sensitive multi-ion gel (Zr-oxide - SPR-IDA) probe (a). Note the 
different scales on the y-axes in panel (b). Panel (c) shows a conceptual diagram of the 
seagrass-derived rhizospheric phosphorus and iron mobilization mechanisms in carbonate-
rich sediments. 
 
We have demonstrated that seagrasses can solubilize phosphorus and iron around their 
below-ground biomass in carbonate-rich sediments. Seagrass-derived rhizospheric 
phosphorus mobilization was mainly the result of a low pH-induced dissolution of sediment 
calcium carbonates combined with a sulphide-induced reduction of Fe(III) oxyhydroxides 
leading to local enhancement of dissolved Fe(II) and release of Fe(III)-bound phosphate in 
the rhizosphere pore-water (Fig. 7.3c). Phosphorus and iron are key limiting nutrients in 
tropical environments, including tropical seagrass meadows, owing to their high insolubility 
in the sediment. The revealed seagrass-driven phosphorus and iron mobilization 
mechanisms in carbonate-rich sediments thus explain how seagrasses can thrive in 
oligotrophic, tropical waters and sustain important ecosystem services, such as 







MATERIALS AND METHODS 
Experimental setup and study site 
Seagrass specimens of Cymodocea serrulata (R.Br.) Asch. & Magnus, and carbonate-rich, 
tropical marine sediment were collected at Green Island, Cairns, Australia. Prior to 
experiments, the sediment was sieved down to <1mm sediment fraction to exclude any 
borrowing animals and bivalves, while maintaining essential nutrients, buffering salts and 
microbes. Seagrass specimens were gently uprooted and transplanted into the sieved 
sediment within narrow experimental chambers submerged in 20L aquariums (temperature 
of 28°C, salinity = 30) (supplementary materials and methods; Figure S7.1). Illumination was 
provided by halogen lamps (Philips Incandescent 230V PAR38 80W) illuminating the leaf 
canopy with a photon irradiance (PAR, 400-700nm) of ~500 μmol photons m-2 s-1 
(resembling natural mid-day conditions at the study site), as measured with a spherical 
quantum sensor (US-SQD/L, Walz GmbH, Germany) connected to a calibrated quantum 
irradiance meter (ULM-500, Walz GmbH, Germany). Water movement and aeration were 
ensured via a submerged water- and air-pump, respectively. 
Diffusive gradient thin film (DGT) gel foils for quantification of sulfide and phosphate were 
positioned at the back-wall of the experimental chambers and were separated from the 
sediment/below-ground seagrass biomass by a fine mesh (plankton mesh DIN 100-60, mesh 
size 60 μm, thickness of 50 μm), to allow for gel deployment and sampling without 
disturbing the sediment. Multi-ion gel foils were covered with a Whatman Nuclepore 
membrane and positioned in direct contact with the sediment. Planar optical sensor foils for 
pH and O2 imaging were fixed onto the transparent aquarium wall (supplementary materials 
and methods). 
Seagrass specimens were positioned in the experimental chamber ensuring good contact 
between the below-ground biomass and the optodes or the DGT gel foils on the opposite 
site of the investigated roots, before addition of pre-sieved natural marine sediment from 
the sampling site (supplementary materials and methods).  
In situ measurements of the natural dynamics and concentrations of sulfide within the 




commercial DGT samplers (DGT Research Ltd., www.dgtresearch.com) in the sediment over 
diurnal cycles (supplementary materials and methods; Figure S7.2). For day-time sulfide 
measurements, the gel probes were deployed in the seagrass meadow at sunrise and 
retrieved at sunset, and vice versa for the night-time sulfide measurements. 
 
Luminescence imaging 
A ratiometric RGB camera setup was used for O2 imaging (Larsen et al. 2011) with a SLR 
camera (EOS 1000D, Canon, Japan) combined with a macro objective lens (Macro 100 f2,8 
D, Tokina, Japan), a 530 nm long-pass filter (Uqgoptics.com), and an additional plastic filter 
(#10 medium yellow; leefilters.com) positioned in front of the long-pass filter to reduce the 
background fluorescence. A 455nm multichip LED (LedEngin Inc, RS Components Ltd, Corby, 
UK) combined with a bandpass filter was used for excitation of the O2 planar optode; the 
LED was powered by a USB-controlled LED driver unit (imaging.fish-n-chips.de). Image 
acquisition and control of the SLR and LED were achieved with the software look@RGB 
(imaging.fish-n-chips.de). 
A similar ratiometric approach was chosen for pH imaging (Mosshammer et al. 2016), with a 
2CCD multispectral camera (JAI AD-080 GE; jai.com) equipped with a video objective lens 
(1.4/23 CCTV-LENS 400 - 1000 nm; schneiderkreuznach.com) mounted with a 460nm long-
pass filter (Schneider KREUZNACH) and an additional plastic filter (#10 medium yellow; 
leefilters.com). The pH planar optode was excited with a high-power 405nm LED (LedEngin; 
rs-online.com) with a custom-built LED trigger (National instruments USB 6008). Image 
acquisition and triggering of the LED was done via custom-made software (bioras.com).  
Acquired luminescence color images were split into red, green, and blue channels and 
analyzed using the software ImageJ (rsbweb.nih.gov/ij/). For O2 concentration images, the 
red channel (O2 sensitive emission of the indicator dye) and green channel (emission of the 
inert reference dye) of the color images were divided using the ImageJ plugin Ratio Plus. 
Afterwards, the obtained ratio image was fitted with the previously obtained calibration 
curve (described in the supplementary results) using the Curve Fitting tool of ImageJ 




indicator dye) and the blue channel (emission of the reference dye) of the images were 
divided using the ImageJ plugin Ratio Plus. Subsequently, the obtained ratio image was 
fitted with the previously obtained calibration (described in supplementary results) using a 
linear fit within the boundaries (pKa ± 1 pH units). Calibrated O2 concentration and pH 
images were further analyzed in ImageJ.  
 
DGT gel based rhizospheric sulfide and phosphate determinations 
Preparation details for the applied diffusive (polyacrylamide) gels, precipitated Zr-oxide 
binding gel for densitometric phosphate mapping and AgI binding gels for densitometric 
sulfide mapping can be found in the Supplementary Materials and Methods. After gel 
deployment, precipitated Zr-oxide gels were immersed in water and incubated at 85°C for 
12h in order to irreversibly immobilize the phosphate bound to the Zr-oxide gel. This is 
necessary, as otherwise some phosphate dissolves from the binding gel in the acidic staining 
solution. After the heat treatment, the precipitated Zr-oxide gels were immersed in a 
molybdate blue staining reagent containing 11.3 mmol L-1 MoO4, 0.16 mmol L-1 SbO4, 8.50 
mmol L-1 ascorbic acid and 0.38 mol L-1 H2SO4 for 45 min. This procedure leads to blue color 
formation at gel locations where phosphate is bound. Subsequently, the stained Zr-oxide 
gels were subjected to computer imaging densitometric (CID) analysis. No staining step is 
necessary for the sulfide bound to the AgI gels, as the Ag2S formed as a result of sulphide 
binding is black, while the AgI background is pale white (Teasdale et al. 1999). 
Computer imaging densitometry of the AgI and precipitated Zr-oxide gels.  
CID analysis was conducted using a simple, commercially available Canon MG2460 printer 
with incorporated flatbed scanner. After retrieval of the sulfide and phosphate sensitive 
gels, the protective mesh was removed. The gels were then fixed flat between two PET 
sheets for avoiding direct contact with the scanner, scanned at a resolution of 600 dpi and 
saved as color and greyscale .tiff files. For calibration, standard gels with known analyte 
concentrations were scanned using the exact same scanner settings. Acquired images were 





High-resolution LA-ICPMS analysis of pore-water Fe(II) and P concentrations 
Zr-oxide - SPR-IDA gels for simultaneous anion and cation mapping using laser ablation 
inductively coupled plasma mass spectrometry (LA-ICPMS) were prepared and analyzed 
according to Kreuzeder et al. (2013). After the deployment to the microcosms, the retrieved 
gels were immediately transferred onto a polyethersulfone (SUPOR, Pall corporation) 
membrane and dried using a gel dryer (Unigeldryer 3545, Laborgeräte and Vertriebs GmbH), 
resulting in an inseparable composite of the membrane and the dried gel. This composite 
was then mounted on glass slides using double-sided adhesive tape and subjected to LA-
ICPMS analysis on a UP 193-FX (ESI, NWR division) laser ablation instrument coupled to a 
Nexion 350D ICPMS (Perkin Elmer) in line-scanning mode using the following parameters: 
inter-line distance: 400 μm, laser spot size diameter: 150 μm, line scanning speed: 250 μm s-
1, laser pulse frequency: 20 Hz, irradiance: 1-2 J cm-2. Argon was used as the carrier gas. 
Count rates were recorded for several isotopes including 13C, 31P and 57Fe. 13C was used as 
internal normalisation standard. Total ICPMS measurement cycle times were 0.383 and 
0.453 s for two individual measurement days. These settings resulted in a spatial resolution 
of 96 μm (Fig. 7.3, dark; Extended Data Fig. 7.3, light) and 113 μm (Fig. 7.3 light; Extended 
Data Fig. 7.3, dark) in the x direction and 400 μm in the y direction. For calibration, standard 
gels with known analyte concentrations were scanned using the same procedure. Chemical 
images were generated and arranged using Microsoft Excel, ImageJ, Systat SigmaPlot, 
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Extended Data Fig. 7.1.  
O2 distribution and dynamics in the seagrass rhizosphere 
The seagrasses were leaking O2 from the basal leaf meristem (upper arrow) and the root 
apical meristems (two lower arrows) into the immediate rhizosphere, with profoundly 
higher rates of radial O2 loss (ROL) during light stimulation of the leaf canopy. These 
seagrass-derived oxic microzones alter the sediment biogeochemistry and thus provide 
micro-habitats for distinct microbial communities, such as sulfide-oxidizing bacteria, within 
the oxic microniches and sulfate-reducing bacteria at the plant/sediment- and oxic/anoxic 
interface (Brodersen et al. in review; Jensen et al. 2007). Furthermore, the oxic microzones 
lead to sediment detoxification through chemical H2S re-oxidation via O2 within the 
seagrass-derived oxic microniches (Brodersen et al. 2015). 
 
Extended Data Fig. 7.1. Distribution and dynamics of O2 concentration within the 
rhizosphere of the tropical seagrass Cymodocea serrulata. Seagrasses were exposed to dark 
and light conditions (incident photon irradiance of ~500 μmol photons m-2 s-1). Arrows 
indicate seagrass-derived oxic microzones. The color bar depicts the O2 concentration in % 
air saturation. The seagrasses were transplanted into sieved (<1mm sediment fraction) 
natural sediment from the sampling site to exclude any larger animals and bivalves, as well 
as to ensure natural ratios of essential nutrients and rhizosphere microbes. 
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Extended Data Fig. 7.2 
pH heterogeneity and dynamics within the seagrass rhizosphere  
Pronounced spatio-temporal pH heterogeneity and dynamics was observed in the seagrass 
rhizosphere, with several microniches of low pH especially around the root apical meristems 
(i.e. the root-caps), the root/shoot junctions and the basal leaf meristem (i.e. the 
meristematic region of the rhizome). These observations correlated well with the O2 images 
revealing radial O2 loss (ROL) from these specific regions of the plant (Extended Data Fig. 
7.1). Light stimulation of the leaf canopy leading to photosynthetic O2 evolution in the 
seagrass leaves, and thus an enhanced internal O2 concentration gradient and thereby ROL 
to the rhizosphere, resulted in lower rhizosphere pH levels around roots and root/shoot 
junctions. 
 
Extended Data Fig. 7.2. pH heterogeneity and dynamics within the seagrass rhizosphere of 
two specimens of the tropical seagrass Cymodocea serrulata during dark and light 
conditions (incident photon irradiance of ~500 μmol photons m-2 s-1). The color coding 
depicts the pH value. The seagrasses were transplanted into sieved (<1mm sediment 
fraction) natural sediment from the sampling site to exclude larger animals and bivalves, as 
well as to ensure natural ratios of essential nutrients, buffering salts and microbes, 
respectively.  
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Extended Data Fig. 7.3 
Concomitant chemical imaging of Fe(II), phosphate and pH 
Extended Data Figure 7.3 shows the Fe(II), phosphorus and pH conditions at the 
root/sediment interface during light and dark conditions. Relative high concentrations of 
soluble Fe(II) and phosphorus were revealed around the roots of the seagrass Cymodocea 
serrulata (Extended Data Fig. 7.3a,c). All data originates from carbonate-rich sediments, 
which is known to have high phosphorus fixation capacities leading to insoluble calcium 
phosphate minerals that are not available to the plants. Seagrass-generated rhizospheric 
low-pH microniches owing to radial O2 loss (ROL) and organic acid release led to carbonate 
dissolution and subsequent phosphate release to the pore water around the root-tip of the 
4th root (Extended Data Fig. 7.1-7.3). Our results also show that plant-released dissolved 
inorganic carbon (DOC) that has been shown to stimulate rhizospheric microbes, such as 
sulfate-reducing bacteria in the rhizosphere, leads to increased local sulfide production and 
thus reduction of Fe(III)-oxyhydroxides to dissolved Fe(II) (Extended Data Fig. 7.3a,c). 
Concomitantly, phosphate precipitated as Fe(III)phosphate and adsorbed by 
Fe(III)oxyhydroxides is released to the porewater. Rhizospheric Fe(II) and phosphorus 
concentrations along cross tissue line profiles (Profile 1-2 on chemical images; Extended 
Data Fig. 7.3a) are shown in panel c, which indicated that the phosphorus solubilization 
around the 4th root was mainly induced by stimulation of sulfate reducers, and thus sulfide 
production, within the seagrass rhizosphere (Extended Data Fig. 7.3c). 
 




Extended Data Fig. 7.3. Rhizospheric Fe(II), phosphorus and pH conditions during dark and 
light conditions (incident photon irradiance of ~500 μmol photons m-2 s-1) (a,c). Data is 
shown from the tropical seagrass species Cymodocea serrulata. Images are colour coded. 
Legends depict the analyte concentration (a). The red arrow on the phosphate calibration 
bar denotes the method detection limit (MDL) of the LA-ICPMS measurement (a). No such 
arrow is shown for Fe as the MDL was negligibly small in this case. Marked areas depict the 
selected regions of interest (b), as shown on the chemical images (panel a; and on figure 7.3 
in the main text). Note the different scale on the y-axis. 
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Extended Data Fig. 7.4 
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Extended Data Fig. 7.4. Distribution and dynamics of Ca concentration within the 
rhizosphere of the tropical seagrass Cymodocea serrulata. Seagrasses were exposed to dark 
and light conditions (incident photon irradiance of ~500 μmol photons m-2 s-1). The color bar 
depicts the relative Ca concentration. The seagrasses were transplanted into sieved (<1mm 
sediment fraction) natural sediment from the sampling site to exclude any larger animals 
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SUPPLEMENTARY MATERIALS AND METHODS 
Notes S7.1. 
In the following sections, we provide detailed information about techniques, methods and 
materials used to obtain the chemical images and results presented in the main document. 
 
(a) List of used chemicals 
 
Chemicals for optical sensor preparation: 
Platinum(II)-meso(2,3,4,5,6-pentafluoro)phenyl-porphyrin (PtTFPP) was bought from 
Frontier Scientific (frontiersci.com). Macrolex® fluorescence yellow 10GN (MY) and carbon 
black were obtained from KREMER (kremer-pigmente.de). The lipophilic pH indicator 1-
hydroxypyrene-3,6,8-tris-bis(2-ethylhexyl)sulfonamide (lipo-HPTS) was generously provided 
by Dr. Sergey Borisov (Graz University of Technology, Austria) who prepared it according to 
the literature (Borisov et al. 2009). Perylene and all organic solvents were obtained from 
Sigma-Aldrich (sigmaaldrich.com). The Polyethylene terephthalate (PET) support foil was 
obtained from Goodfellow (goodfellow.com). Polyurethane hydrogel (Hydromed D4) was 
obtained from AdvanSource biomaterials (advbiomaterials.com). Polystyrene (PS, MW 
250,000 g mol-1) was bought from ACROS Organics (acros.com). 
 
Chemicals for diffusive gradients in thin films (DGT) gel preparation: 
Acrylamide, AgNO3, ferrozine, KI, NaCl, MES buffer, NaNO3, ascorbic acid, KH2PO4, H2SO4, 
potassium antimony tartrate, CH3COOH and CH3COONa were obtained from Sigma-Aldrich 
(sigmaaldrich.com). HNO3 . HCl, NaOH, FeSO4, and ammonium molybdate tetrahydrate were 
purchased from Merck (merck.de). High-purity NaOH, ZrOCl2 . xH2O and AgI were bought 
from Alfa Aesar (alfa.com). HNO3 was purchased from Roth and (NH4)2S2O8 (APS) as well as 
tetramethylethylenediamine (TEMED) were obtained from VWR (vwr.com). Membranes for 
the calibration were purchased from Whatman (whatman.com). The DGT gel cross-linker 
was bought from DGT research (dgtresearch.com). The suspended particle reagent 
iminodiacetic acid (SPR-IDA), a resin mainly selective for transition metal cations, was 
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purchased from Cetac (cetac.com). All chemicals were of highest available purity and were, if 
not stated differently, used as received.  
(b) Experimental setup and sampling site 
 
Seagrasses and carbonate-rich sediment sampling 
Seagrass specimens, Cymodocea serrulata (R.Br.) Asch. & Magnus, and tropical carbonate-
rich marine sediment were collected from shallow coastal waters (<2m depth) at Green 
Island, Cairns, Australia. After sampling, the seagrasses and the sediment were kept in 
constantly aerated seawater reservoirs at the Green Island Field Research Station (The 
Monkman Reef Research Station, Green Island, Cairns, Australia) before further analysis. 
Prior to experiments, the sediment was sieved down to <1 mm sediment fraction to exclude 
larger animals and bivalves. The investigated seagrasses were gently uprooted and 
transplanted into the pre-sieved/homogenized sediment within narrow experimental 
chambers (described below; Figure S7.1) and submerged in 20 L aquariums. Natural 
seawater from the sampling site was used throughout the experiments (temperature of ~28 
°C; salinity of 30). 
 
Experimental chambers 
The experimental chambers (inner dimensions 10 × 130 × 120 mm) consisted of custom-
made, narrow, transparent acrylic chambers with a removable back window made of 
polycarbonate for ease of access when transplanting the seagrasses and positioning the 
sensors/gels (described below). The experimental chambers were glued onto the side of 
aquaria in the upright position. The aquaria were made of thin glass walls (~3mm) to 
improve the optical properties during imaging. Illumination was provided by halogen lamps 
(Philips Incandescent 230V PAR38 80W). The downwelling photon irradiance (PAR, 400-
700nm) at the leaf canopy level within the aquarium was ~500 μmol photons m-2 s-1, as 
measured with a spherical quantum sensor (US-SQD/L, Walz GmbH, Germany) connected to 
a calibrated quantum irradiance meter (ULM-500, Walz GmbH, Germany). The light level was 
mimicking natural mid-day photon irradiances at leaf canopy height of the seagrass 
meadow. Water-column movement and aeration were ensured via a submerged water 
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pump and an air stone connected to an air pump, respectively. AgI and precipitated Zr-oxide 
diffusive gradients in thin films (DGT) gels sensitive to sulfide and phosphate, respectively, 
were positioned at the back-wall of the experimental chambers and were separated from 
the sediment/below-ground seagrass biomass by a fine mesh (plankton mesh DIN 100-60; 
mesh opening 60 μm, thickness 50 μm; obtained from www.tanaka-sanjiro.com), to allow 
for gel deployment and sampling without disturbing the sediment. Zr-oxide - SPR-IDA gels 
(multi-ion gels) were exposed to the sediment by a Whatman Nuclepore membrane, which 
furthermore was used to structurally preserve the gels during deployment and sampling. 
The planar optodes (described below) were fixed onto the aquarium wall using a thin layer 
of seawater, carefully avoiding air bubble formation in between the optode and the 
aquarium wall. Investigated seagrass specimens were positioned in the experimental 
chamber ensuring good contact between the below-ground biomass and the optode, before 
addition of natural marine sediment from the sampling site. When positioning the below-
ground biomass at the optode or DGT gel, respectively, several camera pictures were 
recorded while marking the position of the below-ground biomass on either the non-
sensitive site of the DGTs or on the chamber walls. This procedure enabled subsequent 
superimpose of the plant tissue structures on the chemical images. To precisely align the 
below-ground tissue with the chemical images, all obtained camera pictures included a ruler 
for guidance, which along with detailed root structure observations on the chemical images 
allowed us to precisely position the seagrass tissue on the colour coded chemical images as 
shown in the main text. The plant tissue structures were positioned on the chemical images 
using the software inkscape (version 0.48; inkscape.org). 
The transplanted seagrass specimens and sediment were left undisturbed for a minimum of 
12 h prior to experiments to ensure steady state redox conditions. This did not account for 
the multi-ion gels as they were covered with a Whatman Nuclepore membrane and then 
positioned in direct contact with the sediment, in a chamber not containing the fine 
plankton mesh, for 24h to ensure good signal readings. This procedure was chosen as the 
restricted spatial dimensions of the multi-ion gels (~4x5cm) did not allow for retrieving the 
gels without opening the experimental chamber.  
 




Figure S7.1. Schematic drawing of the custom-made, narrow experimental chambers 
positioned within the 20 L seawater reservoirs. Note the position of the optode and DGT gels 
on opposite sides of the investigated roots. During measurements we carefully ensured good 
contact between the below-ground biomass and the optode or the DGT gels, respectively. 
 
Seagrass photosynthetic performance during cultivation 
To monitor seagrasses health and photosynthesis during cultivation, we assessed the 
photosynthetic competence of the investigated seagrasses using fiber-optic pulse amplitude 
modulated (PAM) fluorometry (JuniorPAM, Walz GmbH, Germany) measuring the maximum 
quantum yield of photosystem II (PSII) activity in the dark adapted state (Fv/Fm= the maximal 
quantum yield of PSII) (Ralph & Short, 2007). The Fv/Fm, of all investigated seagrasses 
remained >0.7 throughout experiments confirming that the seagrasses were 
photosynthetically competent during cultivation (data not shown). 
 
In situ measurements 
To investigate the natural in situ dynamics and concentrations of the potent phytotoxin H2S 
within the investigated seagrass meadow over a diel cycle, we deployed sulfide sensitive AgI 
DGT gels mounted within DGT samplers (DGT Research Ltd., www.dgtresearch.com) (Figure 
S7.2). DGT probes monitoring day-time sulfide concentrations within the meadow were 
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deployed at sunrise and retrieved at sunset. DGT probes monitoring night-time sulfide 
concentrations within the meadow were deployed at sunset and retrieved at sunrise. 
 
 
Figure S7.2. Deployment of sulfide sensitive AgI DGT gels in situ. (A) The sulfide sensitive 
DGT gels were mounted in DGT samplers, (B) the study site within the seagrass meadow 
(Green Island, Carins, Australia), (C) DGT gel deployment, and (D) gel sampler position within 
the seagrass meadow. To enable DGT deployment, a less densely vegetated spot was 
selected within the dense multi-species seagrass meadow. The DGTs were deployed at 
sunrise and retrieved at sunset for the daytime measurements and vice versa for the night 
measurements. Two deployments were performed in the investigated seagrass meadow. 
 
(c) Optode preparation 
 
Optical sensor films (i.e. planar optodes) where prepared via knife coating a sensor cocktail 
onto a transparent PET foil as follows. The cocktail used for the O2 optode consisted of 1.5 
mg of MY, 1.5 mg of PtTFPP, 100 mg of PS and 1 g of CHCl3. After all components were 
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dissolved in CHCl3, the solution was spread on a dust free PET foil using a film applicator 
(byk.com) to yield a ~10 μm thick sensor film after solvent evaporation. In order to exclude 
background light and to achieve highest possible resolution, an optical isolation layer was 
coated on top of the sensor film. This layer consisted of 1 % w/w (10 mg) of carbon black 
dispersed in 1 g 10 % w/w solution of D4 (EtOH: water, 9:1 w/w) and was knife coated on top 
of the sensor film (final thickness of the isolation layer ~7.5 μm).  
 
The applied pH optode was prepared by knife coating a sensor cocktail consisting of 1 mg 
lipo-HPTS, 1 mg perylene and 100 mg D4 dissolved in 1 g of THF on a dust-free PET support 
foil. After solvent evaporation, the sensor layer had a thickness of ~10 μm. For the pH 
optode we decided not to use an isolation layer as migration of the indicator dye into this 
layer is more likely than in case of the O2 optode, at the expense of a slightly reduced spatial 
resolution owing to light scattering from the sediment.   
 
(d) Planar optode calibration 
 
The calibration curve for the planar O2 optode was generated to follows. A small piece of O2 
optode was taped into the experimental chamber. Oxygen levels of the seawater within the 
chamber were altered by means of compressed air and nitrogen, which were mixed by a PC-
controlled gas mixer (SensorSense, The Netherlands). Simultaneously, the O2 level in the 
water column was monitored via a calibrated O2 optode system, i.e., an oxygen dipping 
probe connected to a Piccolo2 meter (PyroScience GmbH, Aachen, Germany). To ensure that 
equilibrium was reached, each calibration step was held for a minimum of 20 min. The final 
calibration was obtained by relating the measured red/green ratios to the measured O2 
levels. The calibration curve for the planar pH optode was generated by exposing the pH 
optode to buffer solutions with known pH (pH of 5.3, 6.7, 7.2, 7.6, 8.1, 9.1 and 12) measured 
using a calibrated pH microelectrode (Unisense A/S, Aarhus, Denmark). The salinity was 
adjusted to 30 ‰ using NaCl and was checked using a calibrated refractometer. 
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(e) DGT gel preparation 
 
Diffusive gel (plain polyacrylamide) preparation. The polyacrylamide gels were prepared 
from a stock gel solution, according to standard procedures (Zhang and Davison 1999). This 
stock was produced by adding 15 mL DGT gel cross-linker to 47.5 mL MilliQ water (i.e. ultra-
pure laboratory water; resistivity: >14.1 MΩ cm-1), then adding 37.5 mL acrylamide solution 
(40% w/w). The mixture was stirred and afterwards stored at 4°C. Acid washed glass plates 
were separated by a spacer (either 0.25 mm or 0.5 mm) and clipped together. The gel 
solution (2 mL) was mixed with 14 μL APS solution (10% w/w) and 5 μL TEMED and quickly 
pipetted between the glass plates. The plates were placed in an oven at 42°C for 40 minutes 
for polymerization. The polyacrylamide hydrogels were soaked in MilliQ water for 24 hours 
(the water was exchanged at least three times) and stored in a 0.03 M NaNO3 solution. 
Precipitated Zr-oxide binding gel for densitometric phosphate mapping. The phosphate 
binding gel was prepared by soaking a 0.4 mm thick diffusive gel in a ZrOCl2 solution 
according to Guan et al. (2015). For this, 1.78 g ZrOCl2 x H2O were dissolved in 40 mL MilliQ 
water, a diffusive gel was added and the volume topped up to 100 mL. The gel was soaked 
for at least 2 hours, retrieved, rinsed with MilliQ water, put into 100 mL MES buffer (0.05 M, 
pH 6.7) and placed for 40 minutes on a shaker. Zirconium oxide precipitation started 
immediately, resulting in a gel densely impregnated with Zr-oxide. The gel was retrieved, 
rinsed with MilliQ water and stored in a 0.01 M NaNO3 solution. After phosphate sampling, 
this gel was subjected to the densitometric phosphate mapping method described by Ding 
et al. (2013). However, due to time restrictions on the field station, the temperature 
treatment steps were reduced for the deployed gels from 5 days at 85°C to 12 h, which 
accounts for by far the most of the heat effect (Ding et al. 2013), and the color development 
step was conducted at room temperature (30°C instead of 35 °C).  As the calibrations of the 
Zr-oxide gels were performed in the exact same manner, this should counter-balance the 
potential minor dissolution (reduction) of phosphate from the binding gels in the acidic 
staining solution. 
AgI binding gels for densitometric sulfide mapping. For densitometric sulfide analysis, we 
modified the sulfide binding gels described in Teasdale et al. (1999) by replacing the 
polyacrylamide gel matrix with Hydromed D4. The novel sulfide gels were produced by 
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dispersing 1.25 g of the AgI slurry in 7.5 g 10% w/w D4 (ethanol : water, 9:1 w/w) solution 
using an Ultra-Turrax disperser. This cocktail was then knife-coated onto a dust-free Mylar 
PET foil using a 0.25 mm spacer. This novel procedure avoided handling of carcinogenic 
acrylamide and resulted in a more homogeneous AgI distribution than in the older method 
(Teasdale et al. 1999).  
Zr-oxide - SPR-IDA gels for anion-cation mapping using LA-ICPMS. Gels for simultaneous 
anion and cation binding were prepared according to Kreuzeder et al. (2013). Briefly, Zr-
oxide was precipitated by slowly titrating a 30 g L-1 ZrOCl2 × xH2O solution with 0.1 mol L-1 
NaOH until the pH stabilized at pH 7.0. The precipitate was washed and the water removed 
using a Buechner funnel. A D4 solution was prepared by dissolving 10 g of D4 in 100 mL of a 
9:1 v/v ethanol-water solution. Fifteen grams of the Zr-oxide slurry were put into a vial and 
topped up to 100 mL with the D4 solution. The mixture was homogenized using an Ultra-
Turrax disperser. Afterwards, 1 mL of SPR-IDA suspension was added to 9 mL of the Zr-oxide 
solution and mixed vigorously by hand. Air bubbles were removed by rotating the vial slowly 
in an overhead shaker overnight. Subsequently, three layers of this solution were knife-
coated onto a glass plate on top of each other, with evaporating the solvent in an oven 
between coating the individual layers. The glass plate was immersed in MilliQ for at least 4 h 
for gel hydration. After this period, the gel detached easily from the glass. The gel was fully 
hydrated for another 24 h and stored in a 10 mmol L-1 NaNO3 solution at 6°C. 
 
(f) DGT gel analysis and image generation 
 
Computer imaging densitometry of AgI and precipitated Zr-oxide gels.  
 
Molybdate-blue staining of the precipitated Zr-oxide gels. Analysis of precipitated Zr-oxide 
gels was performed according to Ding et al. (2013) with some modifications due to 
limitations on the field station (described above). After the heat treatment, applied to 
irreversibly immobilize the phosphate bound to the Zr-oxide gel, the precipitated Zr-oxide 
gels were immersed in a molybdate blue staining reagent for 45 min (Ding et al. 2013). This 
procedure leads to blue color formation at gel locations where phosphate was bound. 
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Subsequently, the stained Zr-oxide gels were subjected to computer imaging densitometric 
(CID) analysis. 
No staining step was necessary for the sulfide bound to the AgI gels (Teasdale et al. 1999). 
Computer imaging densitometry of the AgI and precipitated Zr-oxide gels. This analysis was 
conducted using a simple, commercially available Canon MG2460 printer with incorporated 
flatbed scanner according to published procedures (Ding et al. 2013, Teasdale et al. 1999). 
After retrieval of the gels, the protective mesh was removed. The precipitated Zr-oxide gels 
were stained as described above, and the AgI gels were left untreated. The gels were then 
fixed flat between two PET sheets in order to avoid direct contact with the scanner, scanned 
at a resolution of 600 dpi and saved as color and greyscale .tiff files. For calibration, 
standard gels were exposed to known analyte concentrations, subsequently stained (only 
accounts for the phosphorous sensitive gels) and scanned using the same scanner settings. 
From the obtained grayscale values and the known analyte concentrations, calibrations 
functions were determined using ImageJ (readout of grayscale values) and Origin Pro (data 
analysis and fitting). Applied calibration curves are provided below (Fig. S7.5 & S7.6). Based 
on the acquired calibrations functions the sample gels were analyzed.  
 
Laser ablation inductively coupled plasma mass spectrometric (LA-ICPMS) analysis 
LA-ICPMS analysis was performed following Kreuzeder et al. (2013). After deployment to the 
microcosms, Zr-oxide - SPR-IDA gels were transferred to a piece of polyethersulfone 
(SUPOR, Pall corporation) membrane and dried using a gel dryer (Unigeldryer 3545, 
Laborgeräte and Vertriebs GmbH), resulting in an inseparable composite of the membran 
and the dried gel (Kreuzder et al. 2013). This composite was then mounted on glass slides 
using double-sided adhesive tape and subjected to LA-ICPMS analysis on a UP 193-FX (ESI, 
NWR division) laser ablation instrument coupled to a Nexion 350D ICPMS (Perkin Elmer) in 
line-scanning mode using the following parameters: inter-line distance: 400 μm, laser spot 
size diameter: 150 μm, line scanning speed: 250 μm s-1, laser pulse frequency: 20 Hz, 
irradiance: 1-2 J cm-2. Argon was used as the carrier gas. Count rates were recorded for 
several isotopes including 13C, 31P and 57Fe. 13C was used as internal normalisation standard. 
Total ICPMS measurement cycle times were 0.383 and 0.453 s for two individual 
Chapter 7. Supporting Information 
284 
measurement days. These settings resulted in a spatial resolution of 96 - 113 μm in the x 
direction and 400 μm in the y direction, which is essential when determining 
biogeochemical process at interfaces (Brodersen et al. 2016). For calibration, standard gels 
with known analyte concentrations were scanned using the same procedure. Chemical 
images were generated and arranged using Microsoft Excel, ImageJ, Systat SigmaPlot, 
Adobe Photoshop and Adobe Indesign. 
 
(g) DGT interpretation 
 
While planar optodes provide a direct concentration measurement, the DGT measurement 
cannot be directly interpreted as an actual porewater concentration. DGT gels continuously 
bind analytes from the exterior solution during deployment. After gel retrieval, LA-ICPMS 
and CID measure the mass of analyte taken up by the gel as a surface concentration cS, e.g. 
in μg cm-2. Due to the well-defined sampling geometry, this parameter can be converted to 
the concentration at the sampler-exterior solution interface, cDGT, using (Davison and Zhang 
1994) 
Dt
gcc SDGT  
where Δg is the thickness of the diffusion layer overlying the binding gel, in this case the 
protective mesh, D is the analyte diffusion coefficient inside the diffusion layer and t is the 
deployment time. As cDGT is calculated from the mass of analyte accumulated during the 
total gel deployment time, it represents the time-averaged analyte concentration at the 
sampler-solution interface. 
In simple, synthetic aqueous solutions, where only fully labile analyte species are present, 
cDGT provides a direct measure of the exterior solution concentration, as the flux of analyte 
to the DGT gel is constant throughout the deployment time. In sediments, the porewater 
concentration of many solutes is governed by sorption/desorption and 
dissolution/precipitation equilibria, so solutes are usually not fully labile (Davison et al. 
2007). Moreover, sediment tortuosity further restricts solute diffusivity. Therefore, DGT 
analytes are depleted in sediment adjacent to the sampler as a consequence of being 
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sequestered on the binding gel. The actual porewater concentration at the sampler-
sediment interface is thus decreasing progressively during sampling, as is the flux into the 
DGT sampler. The cDGT concentration obtained under these circumstances is therefore 
smaller than the porewater concentration without perturbation by DGT sampling (Davison 
et al. 2007, Santner et al. 2015).  
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(h) Calibration plots 
 
Planar optode calibrations: 
 
 
Figure S7.3. (A) Chemical structures of the indicators and references dyes used in the O2 and 
pH optodes, respectively. (B) Images of an O2 and pH optode positioned next to each other 
and exposed to different analyte concentrations (i.e. O2 and pH levels). The images were 
obtained with a SLR camera (EOS 1000D, Canon, Japan) and the optodes were excited using 
a hand-held UV lamp. In this setup, the O2 sensor had no additional optical isolation layer. 
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Figure S7.4. Calibration plots of the O2 and pH optodes used in the study. All data points 
with erro bars represent mean values with the corresponding standard deviation (n=3-6). 
For the O2 optode a single exponential decay function was fitted (dashed line; R2> 0.98) and 
this fit was used for calibrating the experimental O2 images. The pH optode response was 
fitted using a sigmoidal function (dashed line; R2> 0.98). For practical reasons (i.e. the 
applied software ImageJ does not support this type of fit) a linear fit in the range pKa±1 was 
used. The used linear fit is depicted as the black line in the calibration plot above (pH range 
7-9). Within the chosen pH range this type of linear fit describes the sensor response to 
changing pH values very well (R2>0.98), without notable experimental errors.   
 
  

























Figure S7.5. Calibration plot of the sulfide binding AgI gel used in this study. All data points 
represent mean values ± S.D. (n=3-6) and were fitted using the following function: y=b*ln(x-
a); (R2 > 0.99). 
 



















Figure S7.6. Calibration plot of the PO43- binding precipitated Zr-oxide gel used in this study. 
The curve shows a calibration of gels made in Denmark and shipped to Australia (Calibration 
1) and one of gels made at the actual remote study site (Green Island, Cairns, Australia; 
Calibration 2). Data points with error bars represent mean values ± S.D. (n=3-6) and were 
fitted using the following function: y=y0 + A*eR0*x; (R2 > 0.98). 
  
Chapter 7. Supporting Information 
289 
REFERENCE LIST 
Borisov SM, Herrod DL, Klimant I. (2009). Fluorescent poly(styrene-block-vinylpyrrolidone) 
nanobeads for optical sensing of pH. Sensors Actuators B Chem. 139 (1): 52–58. 
Davison W, Zhang H. (1994). In situ speciation measurements of trace components in 
natural waters using thin-film gels. Nature 367: 546-548. 
Davison W, Zhang H, Warnken KW. (2007). Chapter 16 - Theory and applications of DGT 
measurements in soils and sediments. In: G R., M G., V B. (eds) Comprehensive Analytical 
Chemistry Passive Sampling Techniques in Environmental Monitoring. Elsevier. 
Ding S, Wang Y, Xu D, Zhu C, Zhang C. (2013). Gel-based coloration technique for the 
submillimeter-scale imaging of labile phosphorus in sediments and soils with diffusive 
gradients in thin films. Environ Sci Technol. 47: 7821-7829. 
Guan D-X, Williams PN, Luo J, Zheng J-L, Xu H-C, Cai C, Ma LQ. (2015). Novel Precipitated 
Zirconia-Based DGT Technique for High-Resolution Imaging of Oxyanions in Waters and 
Sediments. Environ Sci Technol. 49: 3653-3661. doi: 10.1021/es505424m. 
Ralph PJ, Short FT. (2002). Impact of the wasting disease pathogen , Labyrinthula zosterae , 
on the photobiology of eelgrass Zostera marina. Mar. Ecol. Prog. Ser. 226 (1936): 265–271. 
Kreuzeder A, Santner J, Prohaska T, Wenzel WW. (2013). Gel for simultaneous chemical 
imaging of anionic and cationic solutes using diffusive gradients in thin films. Anal Chem. 85: 
12028-12036. doi: 10.1021/ac403050f. 
Santner J, Larsen M, Kreuzeder A, Glud RN. (2015). Two decades of chemical imaging of 
solutes in sediments and soils - a review. Anal Chim Acta 878: 9-42. doi: 
10.1016/j.aca.2015.02.006. 
Teasdale PR, Hayward S, Davison W. (1999). In situ, High-Resolution Measurement of 
Dissolved Sulfide Using Diffusive Gradients in Thin Films with Computer-Imaging 
Densitometry. Anal. Chem. 71 (11): 2186–2191. 
Brodersen KE, Koren K, Lichtenberg M, Kühl M. (2016). Nanoparticle-based measurements 
of pH and O2 dynamics in the rhizosphere of Zostera marina L.: Effects of temperature 
elevation and light/dark transitions. Plant, Cell & Environment. (accpeted on March 22, 
2016) 
Zhang H, Davison W. (1999). Diffusional characteristics of hydrogels used in DGT and DET 







Sediment resuspension and deposition on seagrass leaves 




TOC figure. Left panel show thin silt/clay covers on seagrass leaves. Right panel illustrates the 
experimental setup. Effects of leaf silt/clay covers were determined both in situ and under 
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Highlights: The aim of this study was to investigate effects of sediment re-suspension, 
caused by e.g. coastal development and Harbour dredging activities, on plants performance, 
internal tissue aeration and susceptibility to phytotoxic H2S intrusion in the common 
temperate seagrass species Zostera muelleri. To address this aim, we performed detailed 
microsensor measurements of O2 fluxes across the leaf-tissue surface of plants with or 
without silt/clay-covered leaves measured under controlled conditions in the laboratory, as 
well as in situ measurements of simultaneous meristematic O2 and H2S concentrations in 
seagrasses exposed to experimentally manipulated sediment re-suspension. We found 
phytotoxic H2S intrusion into seagrasses exposed to sediment re-suspension and our 
experiments clearly demonstrated that silt/clay covers on seagrass leaves hamper plant 
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Fine sediment particles on seagrass leaves severely hampers the plants performance in both 





Anthropogenic activities leading to sediment re-suspension have adverse effects on 
adjacent seagrass meadows, owing to reduced light availability. Moreover, suspended 
particles settling onto seagrass leaves potentially impede gas exchange with the surrounding 
water.  
We used microsensors to determine O2 fluxes and diffusive boundary layer (DBL) thickness 
on leaves of the seagrass Zostera muelleri with and without fine sediment particles, and 
combined these laboratory measurements with in situ microsensor measurements of tissue 
O2 and H2S concentrations.  
Net photosynthesis rates in leaves with fine sediment particles were down to ~20% of 
controls without particles, and the compensation irradiance increased from 20-53 to 109-
145 μmol photons m-2 s-1. An ~2.5-fold thicker DBL around leaves with fine sediment 
particles impeded O2 influx into the leaves during darkness. In situ leaf meristematic O2 
concentrations of plants exposed to sediment re-suspension were lower than in control 
plants and exhibited long time periods of complete meristematic anoxia during night-time. 
Insufficient internal aeration resulted in H2S intrusion into the leaf meristematic tissues 
when exposed to sediment resuspension even at relatively high night-time water-column O2 
concentrations.  
Re-suspended sediment particles that settle on seagrass leaves thus negatively affect 
internal tissue aeration and thereby resilience against H2S intrusion.  
 






Anthropogenic activities that result in the addition and re-suspension of fine materials such 
as dredging, point source outfall discharges and runoff from agricultural and urban 
catchments can have substantial negative impacts on the health and fitness of seagrasses 
(Erftemeijer & Lewis, 2006). Dredging operations e.g. during harbour expansion or 
construction work can result in direct removal of plant material and plant burial by 
suspended sediment. The indirect effects associated with turbid sediment plumes, have 
largely been attributed to reduced light availability impeding seagrass photosynthesis (e.g., 
Erftemeijer & Lewis, 2006; York et al., 2015). Dredging-induced seagrass mortality depends 
on the nature of the dredging operations including the duration and intensity (Erftemeijer & 
Lewis, 2006; York et al., 2015), but some larger dredging activities result in widespread 
sediment plumes that can significantly reduce light transmission through the water-column 
(Cutroneo et al., 2013). Even small reductions in light availability can cause pronounced 
declines in the distribution and growth of seagrass meadows (Ralph et al., 2007). Seagrasses 
generally have high light requirements, as they are typically found in waters, where at least 
10% of incident solar irradiance reaches the seagrass leaf canopy (Duarte, 1991) and 
sediment resuspension for prolonged time periods can thus strongly affect plant fitness.  
 
Apart from light attenuation, sediment plumes can also result in the settling of fine 
sediment particles on seagrass leaves, especially if the plants are already covered by 
epiphytes that have high potential to trap the sediment e.g. due to their excretion of 
exopolymers. The effects of such sediment coverage on the performance of seagrasses 
remain largely unexplored although such sediment layers may result in a further substantial 
reduction in light availability for the underlying leaves, analogous to the adverse shading 
effects of leaf epiphytes (Brodersen et al., 2015a). Epiphytic microalgae on seagrass leaves 
have also been shown to significantly increase the thickness of the diffusive boundary layer 
(DBL) (Brodersen et al., 2015a), that is a thin unstirred layer of water, wherein solute and 
gas exchange between tissues and the surrounding water occurs by molecular diffusion, 
which is a slow process compared to bulk exchange (e.g., Jørgensen & Revsbech, 1985; 
Hurd, 2000). The transport time of O2 across the DBL increases with the square of the 
distance and increasing DBL thickness can thus affect the O2 exchange of the seagrass leaf 
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substantially (Jørgensen & Des Marais, 1990; Hurd, 2000; Binzer et al., 2005). During the 
day, thick DBLs may result in increased photorespiration due to tissue accumulation of O2 
(e.g. Maberly, 2014), but thick DBLs can be particularly problematic during darkness, where 
seagrasses completely rely on the diffusive supply of O2 from the surrounding water-column 
to fuel aerobic respiration of their leaves and below-ground tissues (Borum et al., 2006; 
Pedersen et al., 2016).  
 
Sediment resuspension may also inflict decreased water-column O2 concentrations due to 
chemical oxidation of reduced metabolites and metals (Erftemeijer & Lewis, 2006) or 
increased aerobic mineralization of labile organic matter accumulated in the sediment 
under anoxic conditions. The chemical and biological O2 demand of suspended particles 
adds to the substantial O2 consumption by the dense seagrass meadows during night-time, 
potentially resulting in water-column hypoxia (Greve et al., 2003; Borum et al., 2005; 2006). 
Night-time water-column hypoxia can result in inadequate internal aeration of belowground 
seagrass tissues resulting in shrinking or disappearance of the oxic micro-shield generated 
by radial O2 loss (ROL) in the rhizosphere (Brodersen et al., 2015b; Koren et al., 2015). 
Decreased or absent ROL, can result in intrusion of phytotoxic H2S from the surrounding 
anoxic sediment inhibiting seagrass metabolism due to H2S strong binding capacity with iron 
in cytochrome c oxidase in the mitochondrial respiratory electron transport chain (Raven & 
Scrimgeour, 1997; Holmer & Bondgaard, 2001; Perez-Perez et al., 2012; Lamers et al., 2013). 
Such H2S intrusion into seagrasses has been demonstrated both under controlled conditions 
in the laboratory (Pedersen et al., 2004) and in a die-off patch in the field (Borum et al., 
2005). Interestingly, seagrasses possess internal detoxification mechanisms, whereby some 
tissue H2S is oxidized to elemental sulphur within the aerenchyma (Holmer & Hasler-
Sheetal, 2014; Hasler-Sheetal & Holmer, 2015). Adequate internal aeration is thus a 
perquisite for healthy seagrass meadows. 
 
The O2 partial pressure (pO2) of seagrass tissues is determined by four main factors: (i) the 
diffusive O2 flux from the water-column into the leaves during darkness (Pedersen et al., 
2004), (ii) photosynthetic O2 production during the day (Dennison, 1987; Fourqurean & 
Zieman, 1991), (iii) the respiratory demand of the plant that is strongly affected by the 
ambient temperature (Raun & Borum, 2013), and (iv) the combined sediment O2 demand 
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affecting the ROL in the rhizosphere (Pedersen et al., 1998; Jensen et al., 2005; Borum et al., 
2006; Frederiksen & Glud, 2006).  
 
In the present study, we combined experimental sediment resuspension experiments with 
microsensor measurements to investigate (i) the rates of photosynthesis and respiration, (ii) 
the potential role of settled sediment particles on DBL-impedance of O2 exchange with the 
water-column, (iii) the internal O2 status of the meristematic tissue, and (iv) the 
meristematic H2S concentrations in the seagrass Zostera muelleri spp. capricorni. Detailed 
microsensor measurements were performed both under controlled laboratory conditions 
and in situ, and were coupled to the light, temperature and O2 conditions in the surrounding 
water-column. We thus tested the hypotheses that sediment deposits on seagrass leaves 
leads to (i) reduced photosynthetic efficiency, owing to reduced light availability, as well as 
reduced gas exchange with the surrounding water column, (ii) reduced internal aeration of 
below-ground seagrass tissue, and (iii) intrusion of H2S into the seagrass. Our data add 
important ecophysiological information on the resilience/sensitivity of seagrasses to 




MATERIALS AND METHODS 
Seagrass and sediment collection 
Specimens of Zostera muelleri spp. capricorni (Asch.) S.W.L. Jacobs and marine sediment 
were collected from shallow waters (<2 m depth) in Narrabeen Lagoon, NSW, Australia in 
April 22, 2015. A plastic corer with an inner diameter of 6.3 cm was used to sample bulk 
sediment cores adjacent to the investigated seagrass meadow. After sampling, seagrasses 
and sediment were transported to the laboratory, where they were kept in constantly 
aerated seawater reservoirs (23°C; salinity = 29) prior to further investigations.  
Sediment sieving 
Multiple sieves were used to obtain the fine sediment particle fraction with <63 μm grain 
size, henceforth referred to as silt/clay, from a sheltered area of the lagoon. After sieving, 
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the obtained silt/clay particles and water were left undisturbed over-night in enclosed 10 L 
containers to allow the suspended particles to resettle. On the following day, the 
supernatant was carefully drained off avoiding resuspension, and the silt/clay fraction was 
stored in 1 L sample jars for up to 7 days until used in subsequent experiments. 
Furthermore, to enable differentiation between physical effects caused by the grains 
themselves and effects mainly driven by microbial activity within the silt/clay, some of the 
obtained silt/clay was sterilized by heating it to 120°C in an oven for 2 h within sealed 




Leaf segments from 3 randomly selected Z. muelleri plants were positioned horizontally in a 
custom-made flow chamber (Brodersen et al., 2014). Within the chamber, leaf segments 
were fixed onto a polystyrene plate by needles. The cut ends of the investigated leaf 
segments were sealed with petroleum jelly prior to experiments to seal the aerenchyma 
from the surrounding water. A constant flow (~1 cm s-1) of aerated seawater (23°C, salinity = 
29) was maintained in the flow chamber via a pump submerged into a seawater reservoir. 
Illumination was provided by a fiber-optic tungsten halogen lamp fitted with a collimating 
lens (KL-2500LCD, Schott GmbH, Germany). The downwelling photon irradiance (PAR, 400-
700 nm) at the leaf surface was measured with a scalar irradiance minisensor (US-SQS/L, 
Walz GmbH, Germany) connected to a calibrated photon irradiance meter (LI-250A, LI-COR, 
USA). The leaf segments were illuminated with an incident photon irradiance of 0, 75, 200 
and 500 μmol photons m-2 s-1. Water-column hypoxia was obtained by continuously flushing 
the seawater in the supporting water reservoir with a mixture of atmospheric air and 
humidified nitrogen. The O2 concentration of the water reservoir was simultaneously 
monitored by a submerged Clark-type O2 microsensor (OX-10, tip diameter of 10 μm, 





O2 microelectrode measurements 
We used Clark-type O2 microsensors (OX-50, tip diameter of ~50 μm, detection limit ~0.3 
μM, Unisense A/S, Aarhus, Denmark; Revsbech, 1989) with a fast response time (t90 <0.5 s) 
and a low stirring sensitivity (<2-3%) to measure the O2 concentration at and towards the 
leaf surface. The O2 microsensors were mounted on a motorized micromanipulator 
(Unisense A/S, Aarhus, Denmark) and connected to a microsensor multimeter (Unisense 
A/S, Aarhus, Denmark) both interfaced with a PC running dedicated data acquisition and 
positioning software (SensorTrace Pro, Unisense A/S, Aarhus, Denmark). The O2 
microsensors were linearly calibrated from signal readings in 100% air saturated seawater 
and anoxic seawater (by N2 flushing and addition of the O2 scavenger Na2SO3) at 
experimental temperature and salinity. Prior to measurements and calibrations, the 
microsensors were pre-conditioned with H2S to prevent drifting calibrations when exposed 
to H2S during experiments (Brodersen et al., 2015a). Microsensors were carefully positioned 
at the leaf tissue surface (defined as 0 μm distance on figures) by manually operating the 
micromanipulator, while observing the leaf tissue surface and microsensor tip with a boom-
stand dissection microscope (AmScope, Irvine, CA, USA). When changing the downwelling 
photon irradiance, steady state O2 conditions at the leaf surface re-occurred after ~60 min 
(data not shown). Microprofiles of O2 concentration were measured in vertical increments 
of 100 μm, from the leaf tissue surface to 2 mm distance away. 
 
Photosynthesis and respiration calculations 
O2 fluxes across the leaf tissue surfaces were calculated using Fick’s first law of diffusion: 
   (1) 
where D0 is the molecular diffusion coefficient of O2 in seawater at experimental 
temperature and salinity (2.14·10-5 cm-2 s-1; cf. tabulated physical parameters for marine 
systems available at www.unisense.com), and ∂C/∂z is the linear O2 concentration gradient 
in the diffusive boundary layer (DBL). As we introduced a physical barrier to O2 diffusion at 
the abaxial surface by fixing the leaf onto polystyrene with a low O2 permeability, we take 
the flux estimated at the adaxial side of the seagrass leaf as representative for the net flux 
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of O2 across the leaf surface, i.e., JO2,tot = JO2,upper-surface  in dark (=respiration) and light (=net 
photosynthesis), respectively.  
The calculated net photosynthesis rates (nmol O2 m-2 s-1) as a function of the incident 
photon irradiance (E; μmol photons m-2 s-1) were fitted with an exponential saturation 
model (Webb et al., 1974) with an added term, R, to account for respiration (Spilling et al., 
2010): 
   (2) 
This equation enables estimation of the irradiance at the onset of photosynthesis saturation 
as Ek = Pmax/α, where Pmax is the maximal net photosynthesis rate and α is the initial slope of 
the Pn vs E curve. The compensation irradiance, EC, was determined as the incident 
irradiance at which the leaf tissue shifted from a net O2 consumption to a net O2 production, 
i.e., the irradiance where Pn(E) = 0.  
 
Bulk sediment O2 uptake 
Depth profiles of O2 concentration in the bulk sediment were obtained as follows. The 
sediment core was submerged into a ~2 L aquarium, wherein stirring and aeration of the 
water column was achieved via a Pasteur pipette connected to an air-pump. The surface of 
the sediment was determined with a boom-stand dissection microscope (AmScope, Irvine, 
CA, USA) and the O2 microsensors were carefully positioned at the sediment surface as 
described above. Microprofiles were performed in vertical increments of 200 μm down to 2 
cm depth, i.e., below the O2 penetration depth. The volume specific O2 consumption rate of 
the bulk sediment, Rsed (μmol O2 m-3 s-1), was calculated as: 
    (3) 
where JO2 is the O2 flux at the seawater/sediment interface (μmol O2 m-2 s-1), i.e., the 
diffusive oxygen uptake (DOU) of the sediment as calculated from Eq. (1), and dO2 is the O2 




Potential and biological O2 consumption of sieved sediment 
The O2 consumption of the fine sediment particles used in the laboratory as well as in situ 
was determined using a slightly modified approach of Pedersen et al. (2011). The O2 
consumption was separated into total (OXtot) or biological (OXbio) O2 demand in order to 
determine the chemical O2 demand as OXchem.= OXtot – OXbio. 
The total O2 consumption of the sediment fraction was determined by mixing 50 mL 
suspended sediment (<63 μm) with 950 mL seawater with a salinity of 28. The solution was 
immediately transferred into 25 mL glass vials fitted with 2 glass beads to provide mixing 
and mounted on a rotating wheel (8 rpm) in a constant temperature bath (20.0 ± 0.5°C) 
(Pedersen et al., 2013). The sediment suspension was incubated for about 1 h (exact times 
recorded) before the O2 concentration was measured in each vial using a calibrated sturdy 
O2 microsensor (OX500; Unisense A/S, Denmark). Vials with seawater but without 
suspended sediment served as blanks enabling calculation of the O2 consumption as nmol 
O2 mL-1 sediment s-1.  
The biological O2 consumption was measured on a sediment suspension, which was initially 
purged with atmospheric air for 15 min to oxidize reduced metals and sulphides (Raun et al., 
2010). After oxidation, the sediment suspension was transferred into 25 mL glass vials and 
treated as described above. 
 
In situ measurements 
Experimental setup  
Two patches (~1 m in diameter) of Z. muelleri were enclosed by custom-made transparent, 
floating curtains with mixing provided by submerged pumps to simulate water motion 
outside the enclosures (Narrabeen Lagoon, Australia). One enclosure functioned as a control 
treatment and the other enclosure as a silt/clay treatment. In the silt/clay treatment, 3 
pulses of 375 mL silt/clay particles (see above) were added to the water column to mimic a 
dredging operation. Sediment resuspension was initiated at the beginning of the 
experiments (afternoon) (pulse 1), just before sunrise (pulse 2) and at midday (pulse 3). 
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Measurements were performed on April 17, 2015 (Day #1) and repeated on April 19, 2015 
(Day #2). 
 
Internal pO2 and [H2S] measurements 
Similar data acquisition equipment and microsensor as described above were used for the 
field measurements of internal O2 partial pressure (pO2) and H2S concentrations ([H2S]) in 
the meristematic tissue of Z. muelleri over diel cycles. Internal H2S concentrations were 
measured with Clark-type H2S microsensors (H2S-25, tip diameter of ~25 μm, 90% response 
time <10 s, detection limit ~0.3 μm, Unisense A/S, Aarhus, Denmark; Jeroschewski et al., 
1996; Kühl et al., 1998) that were linearly calibrated in anoxic, acidic (pH 4) Na2S solutions of 
known H2S concentrations (0, 50 and 100 μM). Within the enclosures, the microsensors 
were mounted on micromanipulators that were supported by stabilized aluminium spears at 
a water depth of ~1 m. The O2 and H2S microelectrodes were simultaneously inserted into 
the briefly exposed shoot base of the target plants close to the basal leaf meristem, which 
was then re-buried ~2 cm into the sediment to re-establish the biogeochemical gradients 
(Pedersen et al., 2004). Positioning of the O2 microsensors was done by observing the 
sensor signals during insertion until a constant signal was recorded (Borum et al., 2005). The 
H2S microsensors were inserted via a similar approach, using a combination of sensor signal 
responses to light exposure and positioning the electrodes at approximately the same depth 
into the leaf meristem tissue as the O2 microsensors. 
 
Physical and chemical parameters of the water-column 
Diel changes in ambient incident photon irradiance (continuously measured via Odyssey 
light loggers; Dataflow Systems, Christchurch, NZ), water-column pO2 (via O2 micro-optodes; 
OXF500PT, Pyroscience, Aachen, Germany; connected to a 4-channel Firesting meter, 
PyroScience, Germany), and water-column temperature (via HOBO temperature data 
loggers; UA-002-08, Onset Computer Corporation, Bourne, MA, USA) were recorded over 
~24 h within the enclosures. All sensors were calibrated according to the manufactures 
instructions, mounted on a metal spear and positioned at leaf canopy height. Logging (1 Hz) 
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by all data loggers was synchronized with the logging of microsensors used for the intra-
tissue measurements. 
 
In situ calculations 
All microsensors are temperature sensitive (e.g. Kühl & Revsbech, 2001) and thus the 
measurements of internal pO2 and [H2S] obtained by the calibrated O2 and H2S 
microelectrodes were temperature corrected using the following equations (available at 
www.unisense.com): 
 (4) 
where Samb is the sensor signal measured in situ (mV), Sair is the calibration signal of the 
sensor determined at known partial pressure and temperature (e.g. 100% air saturation; in 
mV), Z is the zero current of the sensor measured at known partial pressure and 
temperature (i.e. 0% air saturation; in mV), P0 is the known partial pressure used to define 
Sair (kPa), k is the temperature coefficient of the respective sensor (~0.02°C-1; exact values 
for individual sensors can be provided by the manufacturer, www.unisense.com), Tcal is the 
known calibration temperature (°C), and Tamb is the ambient temperature (°C) continuously 
measured in situ. 
 (5) 
where G is the slope of the calibration curve that represents the sensitivity of the sensor 
(μmol L-1 mV-1), S is the signal of the sensor (mV), S0 is a constant that describes the zero 
current (μmol L-1), k is the temperature coefficient of the respective sensor (~0.02°C-1), Tcal is 
the known calibration temperature (°C), and Tamb is the ambient temperature (°C) 
continuously determined in situ. 
These final sensor calibrations were done after the in situ experiments using the 
temperature data obtained in the respective enclosures by the submerged HOBO 
temperature data loggers (HOBO, Onset Computer Corporation, Bourne, MA, USA). 
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Finally, the internal meristematic pO2 as a function of the ambient downwelling photon 
irradiance (PAR, 400-700 nm) were fitted with an exponential saturation model (Webb et 
al., 1974): 
 (6) 




In the following, O2 is quantified as μmol L-1 when in solution and as kPa when in gas phase. 
Data obtained under controlled conditions in the laboratory, i.e., O2 fluxes across the leaf 
tissue surface, are thus presented in molar concentrations and data obtained in situ, i.e., 
meristematic O2 concentrations and water-column O2 conditions are given as partial 
pressures. Non-linear curve fitting was used to estimate the relationship among variables. 
All data fitting and analyses were performed in OriginPro (OriginPro 8, OriginLab 




Sediment and silt O2 consumption rates 
To enable comparison of sediment activity, we determined the O2 demand and 
characteristics of the added silt/clay particles (<63 μm) and the bulk sediment without 
seagrass biomass. The O2 was depleted within the upper 1.2 mm of the bulk sediment and 
the sediment remained anoxic with depth (Fig. S8.1). The volume-specific O2 consumption 
rate of the bulk sediment was estimated to 374±33 μmol O2 m-3 s-1 (Table 8.1). In contrast, 
the re-suspended silt/clay particles consumed 1319±6 μmol O2 m-3 s-1 when taking both the 
biological and chemical O2 demand into account. The biological O2 demand of the silt/clay 
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particles was 1254±29 μmol O2 m-3 s-1 resulting in a chemical O2 demand of 65 μmol O2 m-3 
s-1 (Table 8.1). 
 
Table 8.1. Volume specific O2 consumption rates of fine sediment particles (i.e. silt/clay) and 
bulk sediment. 
Sediment type O2 consumption 
  (μmol m-3 s-1) 
Bulk, sediment (Rsed) 374 ± 33 
Fine sediment particles 
(Biological O2 demand, OXbio) 1254 ± 29 
Fine sediment particles  
(Biological and chemical O2 demand, OXtot) 1319 ± 6 
Rates are mean values ± SE; n = 4. Biological O2 demand refers to the O2 consumption of fine 
sediment particles oxygenated via 15 min air flushing prior to measurements. Biological and 
chemical O2 demand of fine sediment particles refers to the O2 consumption rate of 
untreated, i.e. not purged with air prior to incubation, fine sediment particles. 50 mL fine 
sediment particles were added to 950 mL seawater. 
 
Net photosynthesis and respiration rates 
Net photosynthesis rates increased with increasing incident photon irradiance for both 
plants with and without leaf silt/clay-cover (Fig. 8.1). Moreover, net photosynthesis rates 
were higher in control leaf segments (no silt/clay added) exposed to hypoxic water 
conditions, resembling water-column O2 levels at sunrise, as compared to leaf segments 
kept in water at 100% air equilibrium (Table 8.2). Plants with leaf silt/clay-cover exhibited 
net O2 consumption already at an incident photon irradiance of ~75 μmol photons m-2 s-1 
owing to reduced light availability for leaf photosynthesis (Fig. 8.1; Table 8.2). Net 
photosynthesis rates of the control plants were 3 to 5-fold higher under moderate photon 
irradiance (200 μmol photons m-2 s-1) as compared to plants with leaf silt/clay-cover (Table 
8.2). During darkness, a constant diffusive O2 influx across the leaf surfaces of both plants 
with and without leaf silt/clay-cover was observed (Fig. 8.1). However, we found a reduction 
in the O2 flux into the silt/clay-covered leaves of 28-35% as compared to leaves without 




Figure 8.1. Vertical O2 concentration profiles measured towards the leaf surface under 
incident photon irradiances of 0, 75, 200 and 500 μmol photons m-2 s-1. Red symbols and 
lines represent leaves with silt/clay-cover; black symbols and lines represent control plants, 
i.e., leaves without silt/clay-cover. Upper panels are measurements in water with a reduced 
O2 level of ~40% of air equilibrium (mimicking night-time water-column O2 conditions, 
approximately 8.2 kPa); Lower panels are measurements in water at 100% air equilibrium 
(mimicking day-time water-column O2 conditions, 20.6 kPa). y = 0 indicates the leaf surface. 





Table 8.2. Gas exchange measured as the O2 flux across leaf surfaces of plants without (control)- and 
with fine sediment particles (<63 μm) as a function of photon irradiance. 
Downwelling photon Control With fine 
sediment 
particles 
Control With fine 
sediment 
particles 
irradiance  40 % air 
equillibrium 
40 % air 
equilibrium 
100 % air 
equilibrium 
100 % air 
equilibrium 
(μmol photons m-2 s-1) (nmol O2 m
-2 s-1) (nmol O2 m
-2 s-1) (nmol O2 m
-2 s-1) (nmol O2 m
-2 s-1) 
0 -205 ± 57 -132 ± 3 -663 ± 223 -479 ± 44 
75 435 ± 148 -18 ± 47 179 ± 61 -84 ± 143 
200 854 ± 342 164 ± 110 571 ± 274 195 ± 129 
500 746 ± 143 270 ± 74 701 ± 217 481 ± 266 
Positive values denote O2 efflux across the seagrass leaf surface. Rates are mean ± SE; n = 3-4. Note 
that the relative high standard errors in the silt treatment at 75 μmol photons m-2 s-1 was due to one 
of the leaf segments producing O2 via photosynthesis (for further information, please see Fig. S8.2). 
 
During water-column hypoxia, the leaf silt/clay-layer impeded the diffusive O2 supply 
resulting in almost anoxic conditions at the leaf tissue surface (~16 μmol O2 L-1) of plants 
with leaf silt/clay-cover. This substantially increased the risk of H2S intrusion into the below-
ground tissues during night-time as a result of inadequate internal aeration (Fig. 8.1). The 
thickness of the DBL surrounding the leaves increased from ~200 μm to ~500 μm in the 
presence of the leaf silt/clay layer (Fig. 8.2). This resulted in a reduction in the O2 influx to 
the leaves from 484±133 nmol O2 m-2 s-1 in plants without leaf silt/clay-cover to 419±145 
nmol O2 m-2 s-1 in plants with an inactivated leaf silt/clay-layer. When coated with a 
biologically active silt/clay layer, leaves experienced a further reduction of the O2 influx to 




Figure 8.2. Vertical depth profiles of the O2 concentration measured towards the leaf 
surface of plants with a microbially active silt/clay-cover (red symbols and lines), with an 
inactivated silt/clay-cover (obtained by pre-heating the added silt/clay to 120°C in an oven 
for 2 h; blue symbols and lines), and without silt/clay-cover (control plants; black symbols 
and lines). All measurements were performed in darkness. y = 0 indicates the leaf surface. 
Symbols and error bars represent means ± SE; n = 4. 
 
The silt/clay-cover on seagrass leaves resulted in a pronounced increase of the plants’ 
compensation irradiance from 53 μmol photons m-2 s-1 for control leaf segments to 145 
μmol photons m-2 s-1 for leaf segments with silt/clay cover, both kept in a water column at 
100% air equilibrium (Fig. 8.3; Table 8.3). In a water column with O2 kept at 40% 
atmospheric equilibrium, the compensation irradiance increased from 20 μmol photons m-2 
s-1 for control leaf segments to 109 μmol photons m-2 s-1 for leaf segments with silt/clay 
cover (Fig. 8.3; Table 8.3). The leaf silt/clay-layer effects on plant photosynthesis and 
respiration lead to a ~2.4-fold increase in the irradiance causing onset of net photosynthesis 
saturation for plants with leaf silt/clay-cover as compared to plants without leaf silt/clay-
cover (Table 8.3), and to a 49-72% reduction of the leaf surface O2 concentration in darkness 





Figure 8.3. Apparent net photosynthesis rates as a function of downwelling photon 
irradiance (PAR, 400-700 nm) of plants with leaf silt/clay-cover (red symbols and lines) and 
without leaf silt/clay-cover (control plants; black symbols and lines). Rates were calculated 
for incident photon irradiances of 0, 75, 200 and 500 μmol photons m-2 s-1 and were fitted 
with an exponential function (Webb et al., 1974) with an added term to account for 
respiration (Spilling et al. 2010) (R240%AS,control=0.93; R240%AS,silt-cover=0.98; R2100%AS,control=0.99; 
R2100%AS,silt-cover=0.99). The upper panel represents measurements in water kept at 40% air 
equilibrium, while the lower panel represents measurements in water kept at 100% air 





Table 8.3. Photosynthetic parameters derived from the light response curves in Fig. 8.3. Including 
photosynthetic activity, compensation irradiance, onset of photosynthesis saturation and respiration 
rates of investigated Zostera muelleri spp. capricorni plants with- and without (i.e. control plants) 
fine sediment particles on leaves. All photosynthetic related parameters were determined at both 40 
% of air equilibrium and in air equilibrium. n = 3. 
  40 % of air equilibrium In air equilibrium 





α  15 ± 4 3 ± 1 17 ± 6 6 ± 2 
Pmax 1028 ± 176 503 ± 91 1354 ± 478 1010 ± 273 
R -211 ± 48 -141 ± 4 -662 ± 232 -468 ± 28 
EC 20 ± 8 109 ± 47 53 ± 7 145 ± 46 
Ek 72 ± 5 174 ± 46 77 ± 2 180 ± 36 
[O2], dark 59 ± 14 16 ± 14 112 ± 17 57 ± 21 
Values are mean ± SE. α = initial slope of the net photosynthesis rate vs incident photon irradiance; 
Pmax = maximum rate of net photosynthesis (in nmol O2 m-2 s-1); R = the respiration rate (in nmol O2 
m-2 s-1); EC = compensation irradiance (i.e. incident photon irradiance where the oxygen produced by 
photosynthesis meets the respiratory demands) (in μmol photons m-2 s-1); Ek = onset of 
photosynthesis saturation (in μmol photons m-2 s-1); [O2], dark = the leaf surface O2 concentration 
measured in darkness (in μmol L-1), which can be used as an estimate for the internal O2 
concentration in the aerenchymal tissue of the thin seagrass leaves. 40 % of air equilibrium mimics 
natural conditions in the seagrass meadow during night-time and at sunrise as seen on Figure 8.4. 
Air equilibrium mimics natural conditions during most of the day-time (Fig. 8.4). Values are 
calculated/extracted from the fitted exponential saturation function (Webb et al. 1974) with an 
added term to account for respiration (Spelling et al. 2010) in Figure 8.3 (apply to: α, Pmax, R, Ec and 
Ek) and from the O2 concentration microprofiles in Figure 8.1 ([O2], dark); and thus all originates from 
the laboratory experiments. 
 
In situ measurements and effects of sediment re-suspension 
Diel changes in the physical/chemical parameters of the surrounding water-column 
The pO2 dynamics in the water-column of the control and silt/clay treatment showed similar 
patterns on a diel basis, with steadily declining pO2 during night-time reaching minimal 
water-column O2 conditions around sunrise, followed by a rapid increase in the water-
column pO2 shortly after sunrise approaching atmospheric saturation (20.6 kPa) or even 
leading to water-column supersaturation relative to atmospheric pO2 around midday (Fig. 
8.4a,b). Water-column O2 levels within the enclosures fluctuated substantially during night-
time owing to water bodies with varying O2 content being introduced to the seagrass 
meadow from non-vegetated areas within the lagoon and/or from the ocean due to tidal 
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water movement. In contrast, water-column temperature remained relatively constant on a 
diel basis but generally decreased from ~22°C on measuring day #1 to ~20°C at the end of 
measuring day #2. Minor fluctuations in the water-column temperature during night-time 
correlated with the passing of aerated water bodies as observed in the water-column pO2 
measurements (Fig. 8.4a,b). The incident photon irradiance measured at leaf canopy height 
followed a typical bell-shaped diel curve, with minor fluctuations in the control treatment 
due to passing cloud cover. This was in strong contrast to the silt/clay treatment, where we 
measured substantially reduced light conditions as compared to the control treatment, 
especially in the hours following experimentally manipulated silt/clay re-suspension (Fig. 
8.4a,b). Moreover, a pronounced difference in the light availability was observed between 
measuring days #1 and #2, where day #1 represented sunny conditions and day #2 





Figure 8.4. In situ measurements of diel changes in the O2 concentration and temperature of 
the water-column (A, B), the light availability at leaf canopy height (A, B), and of the O2 
partial pressure and H2S concentration in the meristematic tissue of Zostera muelleri plants 
with and without leaf silt/clay-cover, respectively (C, D) from Narrabeen Lagoon, NSW, 
Australia. The O2 and H2S microsensors were inserted into the shoot base close to the basal 
leaf meristem, which was buried ~2 cm into the sediment. The horizontal, dashed line in 
panels A and B corresponds to 100% atmospheric O2 partial pressure. Legends depict the 
physical/chemical water-column parameters (A, B) and the chemical species (C, D). Panels A 
and C are from measuring day #1 (representing a sunny day), while panels B and D are from 
measuring day #2 (representing a cloudy day). Note the lost signal from the inserted 
microsensors in the silt/clay treatment (C, D). 
 
In situ measurements of O2 and H2S in seagrass meristems 
The internal, meristematic pO2 of both control plants and plants experimentally exposed to 
suspended silt/clay decreased steadily from early in the afternoon throughout the night. A 
minimum internal, meristematic pO2 was reached shortly after sunrise. Thereafter, a rapid 
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increase in meristematic pO2 occurred as a response to increasing solar irradiance resulting 
in photosynthetic O2 production (Fig. 8.4c,d). Control plants as well as silt/clay-treated 
plants exhibited lower pO2 relative to the water-column during night-time with tissue pO2 
fluctuations correlating with changes in water-column pO2 (Fig. 8.4a-d). A clear discrepancy 
in the meristematic pO2 between control plants and leaf silt/clay-treated plants was 
measured during light-limitation in the early morning hours (06:30-09:00) (Fig. 8.4c) with 
relatively lower pO2 in silt/clay-treated plants indicating a silt/clay-induced reduction in light 
availability. 
The meristematic below-ground tissues of both control and silt/clay-treated plants turned 
anoxic, or severely hypoxic, late at night. Meristematic pO2 of silt/clay-treated plants 
reached anoxia from around 05:00-06:30 on Day #1 and already from 23:30 on Day #2, 
while the control plants only experienced anoxic conditions in the meristematic tissue for 
short time periods (<1 h; Fig. 8.4c,d). Interestingly, simultaneous measurements of internal, 
meristematic H2S concentrations revealed phytotoxic H2S intrusion into silt/clay-treated 
plants during night-time on Day #2 from around 23:30 correlating with the recorded period 
of meristematic tissue anoxia (Fig. 8.4c,d). Internal H2S levels reached a maximum of 8.3 
μmol H2S L-1 around 08:00 in the morning and then started to decrease shortly after sunrise 
in response to photosynthetic O2 production leading to disappearance of H2S in the 
meristem by 10:30. No H2S intrusion was detected into the control plants. 
 
Effects of water column O2 levels and silt/clay on internal O2 status 
During night-time, tissue pO2 was derived from O2 in the surrounding water diffusing into 
the leaves and spreading via aerenchyma to below-ground tissues (Pedersen et al., 1998; 
Colmer, 2003; Brodersen et al., 2015a). The critical water column O2 level was defined as 
the water column pO2 below which oxic conditions in the meristematic tissue could no 
longer be sustained, and this critical O2 level was estimated by plotting the internal pO2 
determined in situ against water-column pO2 (Fig. 8.5). The meristematic tissue of silt/clay-
treated plants became anoxic at a higher water-column pO2 (~9.3 kPa) during night-time as 
compared to ~7.6 kPa in control plants (based on averaged values from Fig. 8.5); a tendency 
that became more evident during prolonged exposure to suspended silt/clay particles (Fig. 
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8.5d). These in situ findings aligned well with the lower O2 influx into leaves with silt/clay-
cover, as compared to control leaves, determined in the controlled laboratory experiments 
during darkness (Fig. 8.1-8.3: Table 8.2 and 8.3). 
 
Figure 8.5. In situ intra-plant O2 status as a function of the O2 partial pressure in the 
surrounding water-column during night-time. The data were extracted from Figure 8.4 
approximately 2h after sunset. The grey lines represent a linear regression and are 
extrapolated to interception with the horizontal x-axis, to provide an estimate of the water-
column O2 level where the meristematic tissue at the shoot base becomes anoxic 
(R2control,day#1 = 0.97; R2control,day#2 = 0.70; R2silt-cover,day#1 = 0.97; R2silt-cover,day#2 = 0.94). Upper 
panels (A, B) are measurements from control plants (black symbols), while lower panels (C, 
D) are measurements from plants with a silt/clay-cover on the leaves (red symbols). 
 
The silt/clay-induced shading effects on the intra-plant pO2 during natural light exposure of 
the seagrass leaf canopy was evaluated by plotting the in situ meristematic pO2 as a function 
of incident photon irradiance (Fig. 8.6) revealing an ~35% reduction in meristematic pO2 in 
plants exposed to suspended silt/clay as compared to control plants, seen as a decrease in 
α, i.e., the slope describing the internal O2 evolution as a function of photon irradiance, from 





Figure 8.6. In situ intra-plant O2 status as a function of incident photon irradiance (PAR) 
during daytime. The data were extracted from Figure 8.4 at sunrise (measuring day #1). The 
intra-plant O2 evolution during the light-limiting phase of PAR were fitted with an 
exponential model (Grey lines; Webb et al., 1974) (R2control = 0.95, αcontrol = 0.149; R2silt-cover = 
0.95, αsilt-cover = 0.098). Upper panel (A) shows measurements from control plants (Black 
symbols), while the lower panel (B) shows measurements from plants with a silt/clay-cover 
on the leaves (red symbols). 
 
DISCUSSION 
Our results provide strong evidence that silt/clay-cover on seagrass leaves can have 
substantial negative effects on the plants’ photosynthetic activity and efficiency, as well as 
on the night-time O2 exchange between leaf tissue and the surrounding water. Reduced 
internal aeration, and thus decreased below-ground tissue oxidation capacity, rendered 
plants with leaf silt/clay-cover more prone to H2S intrusion even at relatively high water-
column pO2 during night-time. Below, we discuss in detail the implications of reduced light 
availability for photosynthesis owing to silt/clay shading, thicker DBLs, and the introduction 






Sediment and silt/clay characteristics 
We measured an ~3.4-fold higher volumetric O2 consumption rate of the re-suspended 
silt/clay particles (<63 μm), as compared to the bulk sediment, indicative of high microbial 
activity within the thin silt/clay layer covering the leaf (Table 8.1). Microbial O2 respiration 
was the quantitatively most important O2 consuming process of the re-suspended silt/clay 
particles, while chemical oxidation only accounted for ~5% of the total O2 demand (Table 
8.1). Hence, the leaf silt/clay-cover not only impeded gas and nutrient exchange with the 
surrounding water-column owing to the enhanced thickness of the diffusive boundary layer 
(DBL) around the leaves (Fig. 8.2), it also reduced the passive O2 influx across the silt/clay 
layer during night-time owing to high microbial O2 consumption within the silt/clay layer. 
 
Sediment-cover effects on seagrass photosynthesis and O2 uptake 
In light, the apparent net photosynthesis rates of Z. muelleri leaves with silt/clay-cover were 
dramatically reduced as compared to control leaves, and the reduction was most 
pronounced at low to moderate photon irradiances (Fig. 8.3; Table 8.2). The reduced leaf 
photosynthesis was, most likely, a combined negative result of lower light availability at the 
tissue surface and a DBL-impeded uptake of CO2 from the surrounding water-column, 
potentially leading to enhanced photorespiration and thereby reduced photosynthetic 
efficiency owing to inorganic carbon limitation (e.g. Maberly, 2014) (Fig. 8.1 and 8.3; Table 
8.2). Consequently, the compensation irradiance of photosynthesis for plants with leaf 
silt/clay-cover increased to ~109 and 145 μmol photons m-2 s-1, as compared to ~20 and 53 
μmol photons m-2 s-1 for control plants kept in water with O2 at 40% air equilibrium and 
100% air equilibrium, respectively (Table 8.3). Silt/clay-cover can thus keep seagrass plants 
close to their minimum light requirements on days with poor light conditions. However, in 
the present experimental set-up we were unable to clearly separate the effect of reduced 
net photosynthesis caused by reduced light (shading by particles) or increased resistance to 
CO2 influx (thicker DBL) from that of O2 consumption by bacteria within the silt/clay layer. 
 
In darkness, the passive O2 influx was also strongly affected by the leaf silt/clay-cover, 
causing a reduction of up to 35% in the O2 supply (Table 8.2), which resulted in reduced 
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internal aeration (Table 8.3) especially under hypoxic water-column conditions and thus 
markedly increased the risk of over-night tissue anoxia. The lower O2 influx was a combined 
negative result of an increased DBL thickness impeding the exchange of O2 with the 
surrounding water-column (Fig. 8.2) and high microbial O2 consumption rates within the leaf 
silt/clay-cover (Table 8.1; Fig. 8.2). Such reduction in the meristematic pO2 lead to a reduced 
capability of the silt/clay-covered seagrass plant to aerate its below-ground tissue during 
night-time increasing the risk for phytotoxic H2S intrusion (Pedersen et al., 2004; Borum et 
al., 2005; Brodersen et al., 2015b). 
 
Sediment re-suspension effects on plant meristematic O2 and H2S levels 
Diel changes in the meristematic O2 content of seagrasses were mainly driven by irradiance 
(Fig. 8.4). Experimentally manipulated silt/clay re-suspension within the enclosure of the 
silt/clay treatment, resulted in a pronounced decrease of light availability for seagrass 
photosynthesis with up to 3 h of darkening measured around midday on measuring day #2 
(Fig. 8.4b). The diminished light conditions resulted in reduced photosynthetic O2 evolution 
and thereby reduced meristematic pO2 in Z. muelleri as seen at sunrise on measuring day #1 
(Fig. 8.4c), thus correlating with previous findings by Borum et al. (2005). The 
photosynthetic efficiency of Z. muelleri measured in situ was also strongly affected by the 
silt/clay exposure, with an almost 2-fold decrease in the net photosynthetic O2 evolution of 
plants exposed to silt/clay re-suspension, as compared to control plants at equivalent 
incident photon irradiances (Fig. 8.6), leading to reduced internal aeration and below-
ground tissue oxidation capacity. This was a result of impeded gas exchange with the 
surrounding water-column due to a thicker DBL in the presence of a sediment cover of 
leaves leading to lower photosynthetic efficiencies. The in situ measurements thus strongly 
correlated with findings of a 3-5-fold higher compensation irradiance and an ~2.4-fold 
increase in the irradiance at onset of photosynthesis saturation in the laboratory 
experiments for Z. muelleri leaves with silt/clay-cover as compared to control leaves (Fig. 
8.3; Table 8.3).  
Critically low meristematic pO2 and/or tissue anoxia were only measured during night-time 
and occurred for longer periods of time, and at higher water-column O2 levels, for Z. 
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muelleri in the silt/clay treatment as compared to the control treatment (Fig. 8.4 and 8.5). 
This suggests reduced O2 supply from the leaves to the below-ground tissue of Z. muelleri 
plants exposed to silt/clay re-suspension. The reduced meristematic pO2 was caused by (i) 
the leaf silt/clay-cover induced enhanced DBL thickness impeding the passive O2 influx into 
the leaves, and (ii) high rates of microbial O2 consumption within the leaf silt/clay layer in 
line with observations in the laboratory experiments (Fig. 8.1 and 8.2). Lowest meristematic 
pO2 levels were recorded around sunrise, followed by a rapid increase in the meristematic 
O2 content when sunlight supported leaf photosynthesis (Fig. 8.4c,d). Moreover, our results 
clearly showed that sediment re-suspension did not have substantial negative effects on the 
overall O2 conditions within the water-column (Fig. 8.4a,b) as previously suggested 
(Erftemeijer & Lewis, 2006), thus underpinning the critical importance of silt/clay leaf 
covers. 
Plants with leaf silt/clay-cover experienced internal meristematic tissue anoxia at higher 
water-column pO2 levels (~45% of air equilibrium) than plants without leaf silt/clay-cover 
(~37% of air equilibrium), thus correlating with the lower passive O2 influx into leaves with 
silt/clay-cover during night-time determined in the laboratory experiments (Fig. 8.1 and 
8.3). The silt/clay-induced negative effect on the intra-plant O2 status was aggravated during 
prolonged exposure to re-suspended silt/clay particles in the water-column (Fig. 8.5), where 
the critical water-column O2 level for Z. muelleri increased to ~63% air saturation after ~54 h 
of exposure to experimentally manipulated silt/clay re-suspension (Fig. 8.5). Seagrass plants 
with leaf silt/clay-cover were thus more vulnerable to low water-column pO2 at night-time 
and experience an increased risk for H2S intrusion.  
Proof of H2S intrusion in seagrasses has only been demonstrated in situ once (Borum et al., 
2005) and never under conditions of such high water column pO2 as in the silt/clay-treated 
plants of this study, which was in strong contrast to the control treatment, where no H2S 
intrusion was detected (Fig. 8.4c,d). Anoxic conditions in the roots, rhizome and basal leaf 
meristem of seagrasses lead to ceased radial O2 loss (ROL) from the below-ground tissue 
into the immediate rhizosphere and thus resulted in sediment-produced H2S reaching the 
below-ground tissue surface (Pedersen et al., 2005; Brodersen et al., 2015b). If H2S enters 
the plant e.g. via, the root apical meristems, the transport of H2S to the basal leaf meristem 
is relatively fast as it occurs via gas-phase diffusion in the aerenchyma (Pedersen et al., 
Chapter 8 
318 
2004) and this may lead to chemical asphyxiation and thereby enhanced seagrass mortality 
(Lamers et al., 2013). Normally, H2S intrusion is prevented by plant-derived ROL creating 
oxic sediment microniches that are sustained as long as the below-ground tissue is 
supported with sufficient O2 from the leaf canopy (Pedersen et al., 2004; Brodersen et al., 
2015b, 2016). Mature regions of seagrass roots do not leak O2, but instead possess barriers 
to ROL, and thereby most likely to H2S intrusion, composed by Casparian-band like 
structures in the root endodermis (Barnabas, 1996: Enstone et al., 2003). This important 
anatomical cell-wall modification significantly reduces the consumption of O2 along the 
internal diffusion path and thereby ensures an effective O2 transport to the most distal parts 
of the seagrass plant (Colmer, 2003). At sunrise, photosynthetic O2 evolution in the leaves of 
the silt/clay-treated plants lead to enhanced internal meristematic pO2 and thereby re-
oxidation of intruded H2S around 08:00-10:00 in the morning (Fig. 8.4d), where after the H2S 
concentration remained below the detection limit.  
The present study emphasises the importance for seagrasses to maintain protective plant-
derived oxic microshields within their rhizosphere, as sediment detoxification via ROL 
prevents H2S from accumulating to very high toxic levels in the sediment and thus prevents 
H2S from reaching the tissue surface at the most vulnerable regions of the plants (Carlson et 
al., 1994; Brodersen et al., 2015b). Silt/clay-induced H2S intrusion into Z. muelleri seemed 
tightly coupled to prolonged exposure to sediment re-suspension, such as typically found 
during harbour dredging activities (York et al., 2015) and resulting from river plumes (Petus 
et al., 2014). Leaf silt/clay-covers thus impeded the plants performance and thereby their 
resilience towards H2S intrusion. This was as a result of a combined negative plant response 
to the reduced light availability for photosynthesis, thicker DBLs around leaves and 
enhanced leaf surface microbial respiration rates, all leading to inadequate internal aeration 
and reduced below-ground tissue oxidation capacity (Fig. 8.4). Turbidity generating activities 
such as dredging operations in close proximity to seagrass meadows can thus have strong 
negative effects on the fitness level and health of seagrasses through multiple pathways and 
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FIGURE S8.1. Depth microprofiles of O2 concentration across the water/sediment interface. 
Y = 0 indicate the sediment surface. All microsensor measurements were performed in 
darkness. The investigated marine sediment originated from Narrabeen Lagoon, NSW, 
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FIGURE S8.2. Net photosynthesis rates of the three investigated Zostera muelleri spp. 
capricorni plants as a function of incident photon irradiance. Black symbols and lines 
represent measurements on control plants; red symbols and lines represent measurements 
on plants with fine sediment particles (i.e. leaf silt/clay-cover). Left panels are 
measurements at 40% air saturation in the water-column (mimicking water-column O2 
conditions during darkness and at sunrise). Right panels are measurements in a 100% air 
saturated water-column (mimicking water-column O2 conditions at mid-day). The O2 fluxes 
are fitted with a saturated exponential function (Webb et al., 1974) amended with a term, R, 
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When higher (seed) plants evolved about 400 million years ago, the challenge was to 
maintain an adequate water balance through the development of a leaf cuticle, stomata, 
intercellular spaces and xylem, i.e., to become homiohydric (Raven, 1977). Once this was 
achieved, life in air enabled higher growth rates due to much faster rates of gaseous 
exchange, since diffusion coefficients for CO2 and O2 are approximately 10,000 times higher 
in air than in water (Armstrong, 1979). However, some angiosperms returned to an aqueous 
environment and these plants, i.e., freshwater hydrophytes and marine seagrasses, had to 
overcome the constraints on gas exchange imposed by the slower gas diffusion in water. 
Additionally, seagrasses had to contend with mechanical stress such as wave action and 
other difficulties of living in seawater, for example, ion regulation and sediment-related 
potential phytotoxins, especially sulphide that occurs in large quantities in marine 
sediments due to high sulphate levels (~25 mM) in seawater and the prevalence of sulphate 
reducing bacteria as a major component in anoxic carbon mineralization (Jørgensen, 1982). 
Seagrasses show many adaptations found in hydrophytes such as aerenchyma, i.e., 
airspaces in their tissues providing low-resistance internal gas pathways in both roots and 
shoots, as well as i) a photosynthetic leaf epidermis, ii) loss of stomata, and iii) reinforced 
structures to withstand wave-action, such as thick shoot bases and tough strap-shaped 
leaves (with the major exception of the genus Halophila and to some extent Amphibolis) 
(e.g. Armstrong, 1979; Larkum et al. 2006). 
 
Gas exchange in seagrasses. 
Molecular oxygen (O2) and carbon dioxide (CO2) are substrates and products in respiration 
and photosynthesis; thus transport processes affecting these gases are of vital importance 
for seagrasses. The dissolution of O2 in seawater is straightforward, obeying Henry’s law, but 
the dissolution of CO2 is more complex as it is part of the pH-dependent speciation of 





    K+1     K+2                K+3 
CO2 + H20 ↔   H2CO3  ↔ HCO3- + H+  ↔ CO32- + 2H+         (Eq. 1) 
     K-1        K-2                 K-3 
According to Eq.1, CO2 dissolves in water to form carbonic acid, which is a relatively slow 
reaction that can be increased by the enzyme carbonic anhydrase (CA) in many biological 
systems. H2CO3 at normal pH of seawater (7.5-8.4) disproportionates rapidly into 
bicarbonate and a proton. At more alkaline pH, bicarbonate disproportionates into 
carbonate and another proton. The rate constants in the carbonate system are shown in 
Table 9.1. The action site of CA is indicated in Eq.1 by a grey box. CA can be located both 
intra- and extra-cellularly (e.g. Badger and Price, 1994) and there is good evidence in many 
photosynthetic systems for the secretion of extracellular CA into the cell wall facilitating an 
enhanced uptake of CO2 via HCO3- conversion (e.g. Badger and Price, 1994). The presence of 
CAs in seagrasses has been much debated but their presence had until recently only been 
inferred by inhibitor studies (e.g. Larkum et al. 1996; Beer et al. 2002). However, CA coding 
genes have now been found to be expressed in the transcriptome of Zostera muelleri spp. 
capricorni (Golicz et al. 2015). Although the precise location of CA in the seagrass tissue has 
not been resolved, previous evidence indicated their presence in the outer cell wall of the 
leaf epidermal layers of many seagrasses (Larkum et al. 1996; Beer et al. 2002; Borum et al. 
2015). 
Table 9.1. Concentration and diffusion coefficients of O2, CO2 and bicarbonate ion in air and air-
saturated seawater (35 ‰ salinity) at a temperature of 25°C (Larkum et al. 1989). 
  Concentration (mmol m-3) Diffusion coefficients (m2 s-1) 
 CO2 HCO3- O2 CO2 HCO3- O2 
Air 17 0 9375 1.56 · 10-5 NR 1.97 · 10-5 
Seawater 11.5 2000 206 1.55 · 10-9 1.00 · 10-9 2.26 · 10-9 
Data is calculated based upon an atmospheric CO2 concentration of 401 ppm. 
 
 It appears that seagrasses have developed mechanisms to enhance the uptake of DIC 
(Beer, 2002; Larkum et al. 2006) and such mechanisms are discussed in detail in Chapter 16. 
For the present purpose, it is enough to know that photosynthetic carbon fixation is 




surrounding seawater into the cytoplasm and chloroplasts of the epidermal cells, where CO2 
fixation takes place and O2 is produced. Photosynthesis-generated O2 moves via diffusion to 
either the surrounding seawater or inwards from the epidermal cells into the surrounding 
tissue and the aerenchymal spaces depending on the actual concentration gradient and the 
resistance to diffusion (Fig. 9.1; e.g. Colmer, 2003). 
 
Figure 9.1. Conceptual diagram showing the major diffusional transport routes for O2 and N2 
from the ambient medium to the lacunal space (under non-pressurised conditions) in a 
seagrass leaf. Data modified from Larkum et al. (1989). 
 
 An important consideration for the movement of gases in seagrasses is the 
diffusional constraints on the movement of CO2 and O2 both in solution and in the gas phase 
(Larkum et al. 1989; Larkum et al. 2006). The diffusive gas transport is described by Fick’s 
first law: 
Jj = Dj (Ca – Cs)/l   (Eq. 2) 
where Jj is the flux of gas j (mol m-2 s-1), Dj is the diffusion coefficient of the gas j (m2 s-1) (in 
water or in air; at a given temperature and salinity), l is the distance over which diffusion 




respectively. In this formulation it is assumed that there is i) unidirectional movement of the 
gas from source to sink, ii) no net consumption or production of the diffusing species 
underway, and iii) that ca and cs are constant - see Nobel (1990). In the following sections, 
O2 will mainly be expressed as a concentration (in μmol L-1) when in solution and as a partial 
pressure (in kPa) when in the gas phase; where ~240 μmol L-1 (depending on salinity and 
temperature) and ~20.6 kPa represents 100% air saturation in a marine environment. 
 The diffusive transport of a gas across a given plant tissue compartment can be 
conceptualized as a set of electrical resistances in series (and parallel) (Van den Honert, 
1948; Raven, 1977; Armstrong, 1979; Nobel, 1990):  
Jj = Dj (Ca-Cs)/l  = DF/RjT   (Eq. 3) 
where Dj/l =1/RjT and RjT is the total resistance of the gas transport pathway to species j, 
having the units, s m-1. DF is the driving force or the concentration gradient (Ca –Cs). And 
each component of the pathway (catenary) can be assigned as previously described in 
Larkum et al. (1989): 
Jj = DF/RjT  = DFa/Rja = DFb/Rjb = DFc/Rjc, etc. (Eq. 4) 
and therefore    RjT = Rja = Rjb = Rjc, etc.  (Eq. 5) 
where the subscripts T, a, b, c, etc. refer to the total sequence of diffusional steps (T = total) 
and to the individual steps (a, b, c, etc.). 
 Using this formulation, it is possible to set out a resistance circuit for the movement 
of CO2 and O2 across the epidermal cell and hypodermal cell of a seagrass, respectively. Such 
a formulation can then be used to calculate the flux of O2 either outwards from the 
epidermal cell or inwards into the aerenchymal spaces (see Larkum et al. 2006) and as we 
shall in the next section this has important implications for our understanding of the 






Diffusive boundary layers and water motion around seagrass leaves 
 Gas exchange between aquatic macrophytes and the surrounding water is impeded by the 
presence of a diffusive boundary layer (DBL) (e.g. Jørgensen and Revsbech, 1985; Hurd, 
2000; Brodersen et al. 2015a). As flow declines towards the plant surface, the viscosity of 
water dampens out turbulences, forming the DBL as a thin layer of water just above the 
tissue surface where molecular diffusion governs solute exchange between tissue and 
water. The thickness of the DBL is affected by water flow and surface rugosity (e.g. 
Jørgensen and Des Marais 1990, Larkum et al. 2003), where low flow and/or more coarse 
topography lead to a thicker DBL than fast flow and/or a smoother surface. The DBL 
thickness is an important factor controlling solute exchange as diffusion time increases with 
the square of the DBL thickness. Therefore, the DBL can present a major barrier to plant 
solute exchange, especially under low flow conditions or e.g. in the presence of epiphytes 
on seagrass leaves that increase rugosity (Brodersen et al. 2015a). Larkum et al. (1989) 
reported a DBL thickness on seagrass leaves ranging from ~50 m under maximal flow to 
200 – 1000 m under medium to low flow conditions, and this range was later confirmed by 
microsensor measurements (e.g. Binzer et al. 2005; Borum et al. 2006; Brodersen et al. 
2015a). For seagrasses, this means that under natural conditions there will be a strong 
diffusion resistance to movement of solutes into the leaves from the surrounding seawater 
(Fig. 9.1). 
 With respect to O2, the DBL at the outer surface of the leaves means that, despite 
the proximity of the epidermal cell layer to the surrounding seawater, the diffusion 
resistance for molecules moving out of the epidermis or into the airspace system of the 
aerenchyma can be similar. Thus, during medium to high light exposure, when 
photosynthesis is active and O2 is being produced at high rates, accumulating O2 pressurizes 
the aerenchyma (Table 9.2; Larkum et al. 1989; Bodensteiner, 2006). This can be seen in 
many seagrass species where, around midday, the leaves become more erect, and gas 
bubbles can often be seen escaping from wounds in the leaf surface. The pressurisation of 
the leaf during active photosynthesis leads to increased O2 partial pressure (pO2) which may 
increase O2 supply to the roots and rhizome, however, the longitudinal transport to the 
below-ground tissues is greatly restricted by the diminished aerenchymal spaces in the 




Table 9.2. Gaseous composition of the lacunal system of several seagrasses (Larkum et al. 1989). 
Species O2 (%) N2 (%) CO2 
(%) 







Zostera muelleri subsp. 
capricorni 
32.3 67.6 - 13 - 
Cymodocea serrulata 34.3 65.4 0.0095 16 22.0 
Syringodium isoetifolium 32.2 64.4 0.140 17 8.18 
Halophila ovalis 34.1 66.1 - - 10.0 
Enhalus acoroides 33.5 67.0 0.1017 12.6 - 
Amphibolis antarctica 31.7 67.8 - 8 - 




The leaves of seagrasses are generated at the base of the shoot, i.e., the basal leaf meristem 
that in mono-meristematic leaf-replacing species such as Zostera and Posidonia is a 
combined rhizome/basal leaf meristem area at the root-shoot junction (Fig. 9.2). Three 
other forms exists, i.e., di-meristematic leaf-replacing species (such as Thalassia and 
Cymodocea), mono-meristematic non-leaf-replacing species (mostly Halophila), and di-
meristematic non-leaf-replacing species (few species of Halophila) (e.g. Short and Duarte, 
2001), but in the following we will mainly focus on the mono-meristematic leaf-replacing 
species. The meristematic region of the rhizome has poorly developed aerenchyma owing to 
the compact anatomy of the tissue, and thereby O2 diffusion to this area is impeded. To 
alleviate this structural limitation to O2 movement, the surrounding leaf sheath has an 
extensive distribution of large, internal gas channels (Fig. 9.2). The shoot base also produces 
fiber-rich tissue that provide a biomechanical strengthening of the root/shoot base against 
wave action, and many seagrasses also have adventitious roots that anchor the shoot base 
into the sediment. As a consequence, the aerenchyma system, which consists of long gas 
channels or lacunae that stretch through the leaves and roots, peter out in the shoot base, 
where it is replaced by a much more tenuous intercellular pathway for gas transport (Fig. 
9.2). The net result of this extended and reinforced gas pathway in the shoot base manifold 




young developing leaves in addition to the downwards diffusion to the rhizome and roots 
(e.g. Pedersen et al. 1998, 1999; Jensen et al. 2005; Frederiksen and Glud, 2006; Brodersen 
et al. 2014; Koren et al. 2015; Brodersen et al. 2015a,b). Hence, while the root/shoot 
manifold forms a hindrance to the passage of O2 from shoot to root, it alleviates mechanical 
stress from wave action and secures the O2 supply to the young meristematic tissues, 
thereby enabling a protection against intrusion of sediment-produced H2S. 
 
Figure 9.2. (A) Conceptual diagram of the aerenchymal system in seagrass. (B) Cross-
sectional image of a shoot base with leaf sheath of Zostera muelleri spp. capricorni showing 
the extended air lacunal system at the meristematic region of the rhizome. Scale bar = 100 
μm. LS = indicate the leaf sheath; A = aerenchyma; RD = initial root development. Data 
modified from Brodersen et al. (2015b). Copyright 2015 John Wiley & Sons Ltd. 
 
Internal O2 concentration gradients 
The seagrass rhizosphere is largely anoxic and thus roots and rhizomes are unable to take up 
O2 from the sediment environment. Instead, O2 moves along a concentration gradient from 
the above-ground shoot to the rhizome and root-tips by means of molecular gaseous 
diffusion. As described above, diffusion in liquid phase is slow and not effective over 
distances larger than a few mm. As a consequence, seagrasses have evolved a network of 
porous gas-filled spaces (aerenchyma) in all tissues where gas phase diffusion enables 
sufficient O2 transport to the below-ground tissues. 
The motive force of O2 transport is the strong internal gradient in O2 partial pressure (pO2) 




and ii) radial O2 loss (ROL) from the aerenchyma to the environment. In the mature zones of 
rhizomes and roots, tissue respiration is moderate since the metabolic processes primarily 
serve to support maintenance respiration, and barriers to ROL exists that reduce the loss of 
O2 along the diffusion pathway (Colmer, 2003). In the apical zones of rhizomes and in the 
root-tips, on the other hand, cell division requires additional energy and thus increased O2 
consumption, resulting in a steep decline in tissue pO2. The root-tips are highly permeable 
to O2 so ROL is extensive (Jensen et al. 2005; Pedersen et al. 1998), resulting in a steep 
gradient in pO2 inside the aerenchyma from shoot to root-tip. This gradient drives a steady 
flux of O2 to the O2 demanding tissues. Figure 9.3 demonstrates the point that tissue pO2 
systematically declines with distance to the shoot that acts as entry point of O2 in the dark 
and site of production in the light. 
 
Figure 9.3. Below-ground tissue pO2 as a function of water-column pO2 in darkness 
measured in Zostera marina. The O2 microelectrodes were inserted into the shoot base 
close to the leaf meristem, which was buried approximately 5 mm into the sediment, and in 
the 3rd and the 4th internode of the rhizome. The pO2 of the water-column was successively 
reduced in steps of 4-5 kPa over a timeframe of 6 h and kept at 20 °C. Data modified from 
Pedersen et al. (2004). 
 
In the dark, pO2 of roots and rhizomes is strongly correlated to water-column pO2 (e.g. 
Greve et al. 2003), which is reflected by decreasing tissue pO2 following a decline in water-




respiration has also been demonstrated in situ (Sand-Jensen et al. 2005; Borum et al. 2005). 
Sand-Jensen et al. (2005) reported that at dusk, when photosynthesis ceased (~8 p.m., Fig. 
9.4), tissue pO2 declined rapidly to a point where the decline followed water-column pO2 
(Fig. 9.4), and the shoot base became anoxic at a water-column pO2 of approximately 9-10 
kPa (~50% air saturation; Fig. 9.5). The water-column pO2 required to prevent shoot base 
anoxia depends on the above-ground:below-ground tissue ratio since the shoot acts as site 
of O2 uptake, whereas roots and rhizomes are sinks due to respiration and ROL. At a 
relatively low ratio, the critical water-column pO2 for shoot base anoxia would be higher 
compared to a situation, where the ratio is higher. Implications of tissue anoxia encompass 
low energy yield when anaerobic fermentation takes over from respiration, reduced 
nutrient uptake by the roots, impeded translocation of carbohydrates and nutrients 
between leaves and roots, as well as anoxic rhizosphere conditions near the root-tips 
potentially leading to sulphide intrusion (see below; e.g. Zimmerman and Alberte, 1996; 
Pedersen et al. 2004; Borum et al. 2006; Brodersen et al. 2015b). 
 
Figure 9.4. In situ pO2 of the shoot base of 3 replicate plants of Zostera marina and the 
water-column over a diurnal cycle measured in Roskilde Fjord, Denmark. The O2 
microelectrodes were inserted into the shoot base close to the leaf meristem, which was 
buried approximately 5 mm into the sediment. The dotted line indicates air equilibrium of 
dissolved O2. Irradiance of the PAR spectrum measured at the canopy surface is shown in 






Figure 9.5. Water-column pO2 versus shoot base pO2 during night-time of 3 replicate plants 
of Zostera marina. The data are extracted from Figure 9.4 in the time period of 10 p.m. to 5 
a.m. The grey lines represent linear regression of each replicate plant and are extrapolated 
to interception with the horizontal axis (as this gives an estimate of at which water-column 
pO2 the vulnerable shoot base tissue becomes anoxic). Data modified from Borum et al. 
(2006). 
 
The aerenchyma has been suggested to function as an important reservoir of O2 for 
respiration in the dark. However, in the case of Z. marina, the pool of O2 initially captured in 
the aerenchyma would only be able to support respiratory demands for 8-13 min, assuming 
an initial pO2 near atmospheric equilibrium (i.e. 20.6 kPa) (Sand-Jensen et al. 2005). 
Moreover, shoot and apical root tissues are highly gas permeable and the pool of O2 quickly 
equilibrates with the environment (e.g. Fig. 9.3) further shortening the time that stored O2 
can meet respiratory demands. Thus, seagrasses primarily rely on a reservoir of O2 in the 
water-column surrounding the leaves to support their night-time respiration in their tissues, 
and this makes them vulnerable to O2 depletion in the water-column during night-time or 
periods of low irradiance, e.g. due to low water transparency. 
Photosynthetically produced O2 supports daytime respiration in both above- and below-
ground seagrass tissues. In the light, shoot base tissue pO2 can reach 40 kPa or more (Fig. 
9.4) and thereby significantly exceed water-column pO2. As previously mentioned, the high 




column and also internally from shoot to root-tips facilitating that even the most distant 
root-tips can experience daytime pO2 of close to air equilibrium as shown for e.g., 
Cymodocea rotundata and Zostera marina (Jensen et al. 2005; Pedersen et al. 1998). 
The strong relationship between below-ground tissue pO2 and photosynthesis during the 
day is illustrated in Figure  showing a saturation of shoot base pO2 with increasing irradiance 
at leaf canopy height with a shape resembling typical photosynthesis versus irradiance 
curves. The data for Figure 9.6 are extracted from the light period between 6 and 11 a.m. in 
Figure 9.4, and shows that with a photon irradiance of approximately 250-300 μmol photons 
m-2 s-1 and above, shoot base pO2 exceeds the atmospheric equilibrium of 20.6 kPa. Thus in 
shallow transparent waters governing good light conditions, the below-ground tissues of 
seagrasses exhibit a beneficial intra-plant O2 status due to photosynthetic O2 production 
during the day. 
 
Figure 9.6. Irradiance versus shoot base pO2 during day-time of 3 replicate plants of Zostera 
marina. The data are extracted from Figure 9.4 in the time period of 6 p.m. to 11 a.m. on 
day 2. The grey lines represent non-linear regression of each replicate plant applying a 
Jassby and Platt (1976) model. The dotted line represents air saturation of dissolved O2. 







Seagrasses are generally found in highly reduced sediments enriched with organic matter 
(Borum et al. 2006), where such enrichment to a large extent is due to the presence of the 
seagrass plants and their detritus. The high productivity of seagrass meadows and the 
resulting continuous contribution of organic matter to the sediment, both from seagrass 
debris and exudates from roots and rhizomes (Moriarty et al. 1986; Pollard and Moriarty, 
1991), as well as from enhanced sedimentation due to diminished flow in dense seagrass 
beds (Ward et al. 1984; Madsen et al. 2001), supports high rates of microbial carbon 
mineralization in the sediment. As O2 solubility in seawater is limited (typically 283.9-195.7 
μM in air-saturated seawater at 10-30°C; at a salinity of 34) as compared to terrestrial 
systems, and the O2 supply to the sediment from the seawater is impeded by a diffusive 
boundary layer (DBL) (e.g. Jørgensen and Revsbech, 1985; Jørgensen and Des Marais, 1990; 
Kühl and Revsbech, 2001), aerobic respiration and re-oxidation of reduced chemical species 
diffusing towards the sediment-water interface rapidly deplete O2 in the upper mm’s of the 
sediment. In anoxic marine sediments, microbial sulphate reduction is the dominant 
anaerobic respiratory process (Jørgensen, 1982), whereby sulphate is reduced to sulphides 
that shows a pH dependent speciation (with a pKa value of ~pH 7) into dissolved hydrogen 
sulphide gas (H2S) and hydrogen sulphide ions (HS-) at typical sediment pH values. Sulphides 
reacts efficiently with oxidized molecules such as Fe(III), causing a further reduction of the 
sediment. Due to its high toxicity to aerobic organisms, high H2S concentrations are 
generally detrimental to plants and animals living in sulphidic sediments (Lamers et al. 
2013). It has therefore long been speculated that seagrasses must have a capacity to 
alleviate H2S exposure in order to sustain their own growth. 
 
H2S intrusion at low water-column O2 concentrations 
Water-column hypoxia during night-time can lead to sulphide intrusion into below-ground 
tissues if the O2 flux across the DBL is insufficient to maintain ROL at the basal leaf meristem 
and root-tips. The fast growing root-tips are highly gas permeable because they lack a 
structural barrier to ROL (Connell et al. 1999), but during conditions with normal water-




rhizosphere around the basal leaf meristem and root-tips (Jensen et al. 2005; Frederiksen 
and Glud, 2006; Brodersen et al. 2015b). The released O2 can oxidize sulphide and thereby 
prevent H2S from diffusing into the young, structurally unprotected tissue (further described 
below; Brodersen et al. 2015b). During water-column hypoxia, however, the ROL may 
become insufficient to maintain these oxic shields in the rhizosphere, increasing the risk of 
H2S exposure and intrusion (Fig. 9.7).  
 
Figure 9.7. Shoot base pO2 and shoot base H2S as a function of water-column pO2 in Zostera 
marina. The O2 and H2S microelectrodes were inserted into the shoot base close to the leaf 
meristem, which was buried approximately 5 mm into the sediment. Water-column pO2 was 
manipulated in steps of about 10 kPa and kept at 20 °C. Data modified from Pedersen et al. 
(2004). 
 
Gaseous H2S spreads by molecular diffusion inside the aerenchyma from areas of high 
concentration near the root-tips towards the shoot. In the gas phase, oxidation of H2S with 
O2 is a relatively slow spontaneous chemical reaction, and both O2 and H2S can thus coexist 
for some time in the same tissues (Borum et al. 2005; Pedersen et al. 2004). Figure 9.7 
demonstrates an example where water-column pO2 was experimentally manipulated, and 
where a decline from 15 to 3 kPa O2 resulted in H2S intrusion. At the shoot base, H2S was 
detected in the tissue before complete O2 depletion, where after H2S continued to rise up to 
250 μM. When the surrounding water-column was brought back to atmospheric 




co-existed in the same tissue for >1 h until O2 reached the root-tips and H2S intrusion was 
once again restricted by the oxic sediment microshield. Recent studies also suggest an 
internal H2S detoxification mechanism, whereby H2S is oxidized to elemental sulphur (an 
intermediate in sulphide oxidation) precipitating on the inner walls of the aerenchyma (e.g. 
Holmer and Hasler-Sheetal, 2014; Hasler-Sheetal and Holmer, 2015). 
Sulphide intrusion into seagrass tissue has also been demonstrated in situ, where sulphide 
poisoning has been suggested to result in localised die-off events (e.g. Borum et al. 2005; 
Carlson Jr et al. 1994). Florida Bay in the U.S. has been severely affected by such die-off 
events, and Borum et al. (2005) showed that gaseous H2S started penetrating the below-
ground tissues and spread to the shoot base of seagrasses at a water-column pO2 of 
approximately half air equilibrium (10 kPa) (Fig. 9.8). As the water-column experienced 
further hypoxia during the night, H2S reached a tissue concentration of more than 750 μM in 
the shoot base. In line with the observations from laboratory experiments (Fig. 9.7), the 
shoot base never became anoxic and H2S and molecular O2 coexisted throughout the night 
(Fig. 9.8). Tissue H2S then started declining following sunrise as photosynthetically produced 
O2 resulted in higher pO2 in the below-ground tissues but H2S persisted in the shoot base 
tissue until 10 a.m., i.e., >4 h after sunrise. Sulphide intrusion into the below-ground tissue 






Figure 9.8. In situ pO2 and H2S of the shoot base of Thalassia testudinum and the water-
column pO2 over a diurnal cycle measured in a die-off patch at Barnes Key, Florida Bay, USA. 
The O2 and H2S microelectrodes were inserted into the shoot base close to the leaf 
meristem, which was buried approximately 20 mm into the sediment. The dotted line 
indicates air equilibrium of dissolved O2. Data modified from Borum et al. (2005). 
 
Koren et al. (2015) found that the oxygenated region around the seagrass rhizome of Z. 
muelleri was diminished during night-time (Fig. 9.9), likely in response to lowering of the 
internal pO2 and thereby a reduction in the O2 gradient from the rhizome to the anoxic 
sediment. A combination of darkness and low water-column pO2 ( 50% air equilibrium) has 
previously been shown to enable H2S to reach the root and rhizome of the plant, thus 
exposing the plant to potential poisoning (Fig. 9.10). Seagrasses may thus be sensitive to 
diminished water flow, light and/or pollution that can affect the O2 transport to the lower 
tissue regions of the plant. Pollution effects include sediment re-suspension from dredging, 
which lowers the photosynthetically active radiation (PAR) reaching the leaves (Erftemeijer 
and Lewis, 2006), and eutrophication, which causes algal blooms lowering light availability 
and water-column O2 concentrations through increased night-time respiration and 
degradation of settled algal biomass in the sediment. Growth of epiphytic algae on the 
seagrass leaf can also reduce PAR and increase the DBL thickness and thus impede O2 





Figure 9.9. (a): Colour coded O2 image acquired via novel optical nanoparticle-based O2 
sensors, visualising the O2 distribution in the seagrass rhizosphere under an incident photon 
irradiance of 500 μmol photons m−2 s−1. (b): The relative difference in the below-ground 
tissue oxidation capacity between measurements in light and darkness. (c): Real-time O2 
concentrations within selected regions of interest (ROIs, as shown in panel A) during a 
light/dark transition. Black symbols and profile represents measurements at the prophyllum 
(ROI 1), red symbols and profile represent measurements at the root-shoot junction (ROI 2), 
blue symbols and profile represent measurements at the basal leaf meristem (ROI 3). (d): 
The extracted line profile from the O2 image (shown in panel A) across 2 roots, visualising 
radial O2 loss (ROL) from the root apical meristems during a light/dark transition. Partly 
redrawn with permission from Koren et al. (2015). Copyright 2015 American Chemical 
Society. 
 
Oxic microshields and below-ground tissue oxidation capacity 
The passive, internal aeration system of the seagrass plant thus not only serves to 
aerate various tissue parts including the below-ground portions (described above). 
Aerenchymatic gas transport to the below-ground tissue and ROL to the surrounding 




exposure to phytotoxins such as H2S (Brodersen et al. 2015b). The release of O2 from roots 
and rhizomes has been demonstrated on multiple occasions over the last three decades 
(Pedersen et al. 1998, 1999; Jensen et al. 2005; Frederiksen and Glud, 2006; Brodersen et al. 
2015a,b; Koren et al. 2015) (Fig. 9.9), but only recently has the direct connection between 
O2 release and removal of H2S around the below-ground tissue been confirmed (Brodersen 
et al. 2014, Brodersen et al. 2015b). By applying a split flow chamber with artificial, 
transparent sediment, Brodersen and co-workers used microsensors to measure the O2 
release from the below-ground tissue from Z. muelleri spp. capricorni and could align such 
oxic microzones with the concomitant detection of H2S depletion towards the roots and 
rhizomes resulting from chemical oxidation (Fig. 9.10). While the leakage of O2 varied across 
the rhizome, a several hundred μm thick oxic microshield was detected at the point of O2 
loss (Fig. 9.11), which was sufficient to oxidize most of the H2S before it reached the tissue 






Figure 9.10. Seagrass-derived sediment detoxification as a result of below-ground tissue 
radial O2 loss into the immediate rhizosphere. Concentration profiles of O2, H2S and pH were 
measured with microelectrodes in darkness (black profiles), at an incident photon irradiance 
of 260 (blue profiles) and 350 (green profiles) μmol photons m-2 s-1, and in darkness with 
hypoxic conditions in the water-column (red profiles). Upper panels represents 
measurements at the basal leaf meristem with leaf sheath, intermediate panels 
(horizontally) at the root-shoot junction and lower panels at the rhizome. Left panels 
represent the immediate rhizosphere O2 concentration, intermediate panels (vertically) 
represents the immediate rhizosphere H2S concentration and right panels represents the 
immediate rhizosphere pH. Y = 0 indicate the below-ground tissue surface. Error bars are 
±SD. n = 2–4. Note the break on the x-axis of panels illustrating the immediate rhizosphere 
H2S concentration. The illustration of Z. muelleri spp. capricorni originates from the 
IAN/UMCES symbol and image libraries (Diana Kleine, Integration and Application Network 
(IAN), University of Maryland Center for Environmental Science 
(ian.umces.edu/imagelibrary/)). Data modified from Brodersen et al. (2015b). Copyright 





In contrast to previous observations in temperate Z. marina plants (Jensen et al. 2005); Z. 
muelleri which extends into subtropical regions, showed no or very little ROL from the root-
tips, and the highest ROL was found around the basal leaf meristem with leaf sheaths, 
where new leaves are generated (Brodersen et al. 2014, 2015b; Koren et al. 2015). While 
mature seagrass tissue has a high resistance to radial O2 transport (Jensen et al. 2005; 
Frederiksen and Glud, 2006), partly due to the presence of Casparian-band like structures 
(Barnabas, 1996), the new tissue being formed in the meristem has a poorly developed 
lacunal system and little resistance to radial gas transport. As such, the concomitant higher 
lateral movement of O2 to the meristematic tissue of Z. muelleri is likely an adaptation to 
protect this crucial but vulnerable tissue of the plant against exposure to H2S, both internally 
and externally. However, to what extent this is a general feature of seagrasses needs further 
evaluation. 
 
Figure 9.11. Oxic microshields surrounding the root/shoot junctions (including the basal leaf 
meristem with leaf sheath), the rhizome and the apical root meristems of seagrasses. Black 
symbols and profile represents [O2]; red symbols and profile represents [H2S]; and blue 
symbols and profile represents pH. The shown microelectrode microprofiles are from the 
meristematic region of the rhizome. Y=0 indicate the below-ground tissue surface. Error 
bars are ±SD. n = 3. Data modified from Brodersen et al. (2015b). Copyright 2015 John Wiley 





Anoxic, reduced sediment conditions have also been shown to induce development of 
below-ground tissue gas barriers owing to accumulation of suberin lamellae in the 
hypodermal tissue of seagrasses (Enstone et al. 2003; Armstrong and Armstrong, 2001; 
2005). Adequate internal aeration is thus a key prerequisite for healthy seagrass 
communities, as the intra-plant O2 status and thereby the below-ground tissue oxidation 
capacity to a large extent determines the resilience of the plants towards sediment-
produced H2S and environmental disturbance, such as nutrient loadings and dredging 
operations leading to markedly reduced light availability and O2 conditions in the water-
column (Brodersen et al. 2015a,b).  
Apart from its protective function, ROL into the rhizosphere may also stimulate aerobic 
heterotrophic bacteria leading to increased local remineralisation and mobilization of 
nutrients of potential benefit to the seagrasses (Blaabjerg et al. 1998; Hansen et al. 2000; 
Nielsen et al. 2001) (see also chapter 17). Nutrient mobilization may also happen through a 
change in the rhizosphere pH as a result of ROL. Brodersen et al. (2015b) showed that the 
pH micro-environment around the below-ground tissue was affected by ROL with pH 
decreasing by 1-2 pH units inside the oxic microshield relative to the surrounding buffered, 
artificial sediment (Fig. 9.10). This drop in pH is likely a result of the release of protons (H+) 
from re-oxidation of H2S, and this mechanism has been proposed to be of significance for 
the mobilization of phosphate in carbonate-rich sediments (Fourqurean and Zieman, 2002; 
Holmer et al. 2006; Brodersen et al. 2015b). 
 
Rhizosphere pH heterogeneity and pH-mediated sulphide detoxification 
While seagrass O2 dynamics has been investigated in several studies, much less is known 
about spatio-temporal pH dynamics in the seagrass rhizosphere. By means of novel 
nanoparticle-based optical pH imaging, Brodersen et al. (2016) recently documented 
pronounced spatio-temporal pH heterogeneity and microdynamics in the immediate 
rhizosphere of the seagrass Z. marina L. Imaging of the sediment pH distributions in 2D 
revealed several distinct micro-niches of low and high pH within the seagrass rhizosphere as 
compared to the bulk sediment pH (Fig. 9.12). Light exposure of the canopy and an 




oxygenic photosynthesis in summer acclimated Z. marina L. plants (Staehr and Borum, 
2011), lead to elevated pH levels in the seagrass rhizosphere with rhizome/root surface pH 
increasing by up to 0.9 pH units relative to the sediment pH. This 
photosynthesis/temperature-dependent pH effect may be due to: i) secretion of 
allelochemicals like amines by the plant, ii) CO2 uptake by the below-ground tissue changing 
the carbonate equilibrium in the rhizosphere (Colmer, 2003; A.W.D. Larkum unpublished 
data), and/or iii) enhanced root/rhizome exudates stimulating sulphate reducing bacteria in 
the rhizoplane consuming protons through their microbial metabolism (Pollard and 
Moriarty, 1991). Previous studies have shown an increase in sulphate reduction rates (SRR) 
within seagrass-vegetated sediment and on the below-ground tissue surface of seagrass 
during photosynthesis, and such stimulation of SRR was attributed to increased exudation of 
carbohydrates and amino acids (Isaksen and Finster, 1996; Moriarty et al. 1986; Blaabjerg et 
al. 1998; Hansen et al. 2000; Nielsen et al. 2001). The dissolved organic carbon (DOC) 
exudation from the seagrass rhizome and roots has been estimated to account for 0.7-18 % 
of the total carbon fixed via photosynthesis (e.g. Wetzel and Penhale, 1979; Moriarty et al. 
1986; Blaabjerg et al. 1998; Hansen et al. 2000). 
 
Figure 9.12. pH heterogeneity and dynamics in the seagrass rhizosphere determined via 
novel optical nanoparticle-based pH sensors during a light/dark transition (incident 
irradiance of 500 μmol photons m-2 s-1). Colour coded pH image; Legend depicts the pH 
units. Left panel represents measurements in darkness; right panel represents 
measurements in light. The colour coded pH images are the average of three 






The chemical speciation of sulphide is pH-dependent, where H2S predominates at pore-
water pH <7 and HS- ions at pH >7. A plant-induced increase in rhizosphere pH can thus shift 
the chemical speciation towards the non-tissue-permeable HS- ion, thereby reducing H2S 
exposure of the below-ground tissues (Brodersen et al. 2015b; Brodersen et al. 2016). 
Brodersen and co-workers (2015b; 2016) showed that regions of the rhizosphere with low 
pH (down to pH 4) correlated with the presence of plant-mediated oxic microniches (Fig. 
9.11 and 9.12), while the tissue surface pH generally was higher than in the bulk sediment. A 
pH drop within the oxic microshield of the rhizosphere, as a result of the formation of 
sulphuric acid (i.e. 2O2 + H2S → 2H+ + SO42-), could potentially lead to dissolution of 
carbonates and a concomitant release of sediment-bound phosphorus (Fourqurean and 
Zieman, 2002; Holmer et al. 2006; Lambers et al. 2009), which would then become available 
for plant assimilation. However, the exact mechanisms and significance of such a nutrient 
mobilisation mechanism of seagrasses remain to be demonstrated. 
An overview of the effect of plant activity on the rhizosphere pH microenvironment at 
plant/sediment- and oxic/anoxic interfaces is given in Figure 9.13. Interestingly, at or close 
to selected root/shoot junctions (Fig. 9.13c, e) either a pronounced decrease in pH towards 
the tissue surface was observed (Fig. 9.13e), indicating chemical re-oxidation of H2S via ROL 
and thereby sediment detoxification in these regions, or an increase in pH towards the 
approximate oxic/anoxic interface, followed by a rapid decrease in pH towards and on the 
below-ground tissue surface (Fig. 9.13c). The latter is indicative of proton consuming 
processes, such as sulphate reduction, at the oxic/anoxic interface followed by chemical re-
oxidation of H2S at the plant/sediment interface (Brodersen et al. 2016). High sediment SRR 
may lead to a sulphide-induced release of sediment-bound phosphor, from the reduction of 
Fe(III)oxyhydroxides to Fe(II), as this results in the release of previously sequestered 
phosphate into the surrounding pore-water (Pollard and Moriarty, 1991; Pagès et al. 2011; 
Pagès et al. 2012). It is therefore intriguing to speculate that a mutual beneficial relationship 
may exist between the plant hosts and sulphate reducing bacteria based on a reciprocal 





Figure 9.13. pH microdynamics in the seagrass rhizosphere at plant/sediment- and 
oxic/anoxic interfaces measured via novel optical nanoparticle-based pH sensors during 
light/dark transitions and at temperatures of 16°C and 24°C (where 24°C represents the 
temperature optimum for oxygenic photosynthesis in Zostera marina L.). (a) Colour coded 
pH image visualising the extracted cross tissue line profiles in the seagrass rhizosphere. (b-f) 
Cross tissue line section 1-5 as shown in panel a, determining pH microdynamics at 
plant/sediment- and oxic/anoxic interfaces. Data modified from Brodersen et al. (2016). 
Copyright 2015 John Wiley & Sons Ltd. 
 
Thus there is first experimental evidence that seagrasses can modulate their rhizosphere pH 
microenvironment. Such changes in pH potentially present an important additional chemical 
defence mechanism, whereby seagrass plants can further alleviate H2S toxicity by shifting 





Effects of anthropogenic impacts on seagrass habitats and the rhizosphere 
microenvironment 
Human activity in coastal marine areas such as boating activities, coastal and harbour 
development, dredging-induced sediment re-suspension and nutrient loadings, can have 
profound and adverse effects on the health of adjacent seagrass meadows (Erftemeijer and 
Lewis, 2006; Orth et al. 2006; Waycott et al. 2009). In fact, seagrass meadows are declining 
worldwide at a rate of ~7% p.a. (Waycott et al. 2009). This is often a result of synergetic 
negative impacts/effects on the surrounding environment and thereby the plants 
performance, such as i) lower light availabilities in the water-column caused by, for 
example, nutrient-driven algal blooms and/or increased water turbidity from 
anthropogenic-induced land run-off, adversely regulating rates of leaf photosynthesis during 
day-time (e.g. Dennison, 1987; Short & Burdick, 1995; Erftemeijer and Lewis, 2006), ii) 
enhanced water-column respiration rates during night-time, reducing the water-column O2 
conditions and thus the passive O2 influx into the aerenchyma (e.g. Borum et al. 2006), iii) 
impeded gas exchange with the surrounding water, owing to, for example, nutrient-driven 
enhanced leaf epiphyte growth further reducing the passive O2 in-/efflux and the leaves CO2 
uptake thereby potentially leading to inadequate internal aeration and photorespiration 
(e.g. Maberly, 2014; Brodersen et al. 2015a), as well as iv) high sediment H2S 
concentrations, as a response to high sediment SRR fuelled by nutrient inputs, leading to 
enhanced rhizosphere O2 demands and sediment toxicity (Borum et al. 2005). Enhanced 
seagrass mortality has thus often been linked to low light availability (e.g. Kim et al. 2015; 
York et al. 2015) and low night-time water-column O2 conditions (Greve et al. 2003; 
Pedersen et al. 2004; Borum et al. 2005; Brodersen et al. 2015b) coupled with high sediment 
O2 demands and H2S production/concentrations (e.g. Carlson et al. 1994; Borum et al. 
2005).  These factors can strongly reduce the intra-plant O2 status owing to a reduction in 
the O2 source and/or an increase in the O2 sink, as the plant-derived rhizosphere oxic 
microshields, described above, generally ensures protection against phytotoxic H2S intrusion 
(Brodersen et al. 2015b). These effects highlight the importance of minimizing 
environmental disturbance activities in close proximity to seagrass meadows, and pose a 
challenge for making the increasing exploration of natural resources, e.g. causing increased 





The aerenchyma system of seagrasses ensures aeration of the shoots, rhizomes, roots and, 
in many cases, the rhizosphere. The shoot and shoot-base manifold are important aspects of 
this aeration system and have to be understood to fully understand the aeration of the 
roots and rhizomes. In particular the shoot-base manifold seems to ensure that O2 is 
supplied to the young leaf meristem, and this may be particularly important when H2S 
penetrates the roots and rhizomes. However, perhaps the major conclusion in this chapter 
is that seagrasses can actively alter their rhizosphere microenvironment via release of O2 
and allelochemicals into the sediment surrounding their below-ground tissue. This 
exudation provides a chemical defence mechanism, whereby seagrasses can detoxify their 
immediate rhizosphere through i) chemical oxidation of sediment-derived H2S via plant-
released O2, or ii) shifting the chemical sulphide speciation towards non-tissue-permeable 
and thus non-phytotoxic HS- ions by local increase of the rhizosphere pH (Fig. 9.14). Radial 
O2 loss mainly occurs at the meristematic regions of the rhizome and roots forming 
oxygenated microzones around the most essential and vulnerable parts of the plants in the 
otherwise reduced, anoxic sediment environment. The capacity of seagrass below-ground 
tissue to oxidize the rhizosphere is predominantly regulated by light availability during day-
time and by water-column O2 levels during night-time. Overnight water-column hypoxia 
may lead to inadequate internal aeration of the seagrass, which in turn may result in 
sulphide intrusion and thereby increased seagrass mortality owing to chemical asphyxiation. 
Seagrass plants are thus most vulnerable to phytotoxin intrusion at night-time, where O2 
supply to the below-ground tissue to sustain aerobic metabolism and maintain protective 
oxic microniches in the immediate rhizosphere is completely dependent on passive diffusion 
of O2 from the surrounding water-column into the aerenchymal tissue of the leaves. The 
most important structural adaptation of seagrasses to life in sulphidic sediment habitats is 
therefore, most likely, the formation of suberin tissue barriers to ROL, where the low cross 
tissue gas permeability ensures efficient transport of O2 to distal parts of the plants and at 





Figure 9.14. Conceptual diagram visualising seagrass-derived sediment detoxification. (a) O2 
transported down to the below-ground tissue via the aerenchyma is released from the 
meristematic region of the rhizome (basal leaf meristem), the rhizome and from root apical 
meristems into the immediate rhizosphere. Radial O2 loss from the below-ground tissue 
maintaining protective oxic microniches in the immediate rhizosphere, and plant-derived 
sediment pH changes, chemically detoxifies the surrounding sediment by re-oxidizing 
sediment-produced H2S and shifting the geochemical sulphide speciation towards non-
tissue-permeable HS- ions, respectively. (b) Oxic microshield protecting the vulnerable basal 
leaf meristem. O2 released from the below-ground tissue drives chemical re-oxidation of 
sediment-produced H2S within the oxic microniches. (c) Inadequate internal aeration may 
lead to H2S intrusion which in turn may kill the plants as a result of chemical asphyxiation. 
Data modified from Brodersen et al. (2015b). Copyright 2015 John Wiley & Sons Ltd. 
 
Plant-mediated low pH hotspots in the rhizosphere may lead to a concomitant release of 
sediment-bound phosphorus, which is often the limiting nutrient in carbonate-rich 
sediments. Modification of rhizosphere pH may thus be important for nutrient mobilization 
allowing seagrasses to grow in nutrient-limited marine environments. The relatively higher 
pH levels on below-ground tissue surfaces also indicate secretion of allelochemicals and/or 
plant-derived stimulation of proton consuming microbial metabolisms, such as sulphate 
reduction. However, such mechanisms remain speculative and call for direct experimental 




The chemical defence systems of seagrasses, described in this chapter, are of great 
importance for the plants. They ensure protection against sediment-produced phytotoxins 
and provide oxygenated microniches for the growing seagrass roots. Overnight water-
column hypoxia and DBL-impeded O2 transport/evolution in the leaves may result in the 
degradation of the below-ground oxic microshields and H2S exposure of the below-ground 
tissue surface. Anthropogenic-induced environmental disturbances causing O2 depletion in 
coastal marine environments thus represents a major threat to seagrass meadows, as low 
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The seagrass rhizosphere: a mosaic of chemical 
microgradients that controls biogeochemical processes at 










The overall aim of the research presented in this PhD thesis was to extend our knowledge 
on the complex seagrass rhizosphere, with special attention on potential seagrass-driven 
rhizospheric sediment detoxification and nutrient mobilization processes. We investigated 
the dynamics of the below-ground biogeochemical microenvironment of seagrasses through 
a wide range of novel chemical imaging techniques and developed methodologies to better 
understand how seagrasses interact with and directly influence their surrounding 
environment. This work resulted in 9 manuscripts, most of which have already been 
published in high-rank scientific journals. From the following major findings, the work 
presented in this thesis has advanced our knowledge of how seagrasses can alter their 
below-ground biogeochemical microenvironment to improve their own fitness and health in 
changing oceans: 
(i) Radial O2 loss (ROL) from the below-ground tissue, especially from the root/shoot 
junctions and the root apical meristems, leads to oxidized below-ground environments that 
protect seagrasses against reduced phytotoxic compounds, such as hydrogen sulphide (H2S) 
produced in the adjacent anoxic sediment (Chapters 1, 2, 5 & 7). Our results suggests, that 
chemical re-oxidation of phytotoxic H2S with plant-released O2 is the most important 
sediment detoxification process within the seagrass rhizosphere (Chapter 5). However, this 
may depend on the seagrass species and needs to be confirmed within natural sediments. 
During night time, ROL and sediment oxidation is purely driven by the water-column O2 
content, and hypoxic water-column conditions therefore vastly impedes ROL and weakens 
the rhizospheric oxic microshields; in turn rendering the seagrass more susceptible to H2S 
intrusion (Chapters 2, 3 & 9).  
(ii) Sediment re-suspension, leaf epiphyte overgrowth and/or leaf silt/clay covers have the 
potential to profoundly reduce the fitness of seagrass meadows, mainly as a result of 
reduced light availability/quality and by increasing the diffusive boundary layer thickness at 
the leaf surface, thereby impeding mass transfer across the leaf tissue. Such conditions may 
subsequently lead to severe seagrass die-backs, especially if combined with other 




(iii) Seagrass-derived rhizospheric pH microheterogeneity may provide an additional 
chemical defence mechanism towards sediment-produced H2S, as plant-mediated 
microniches of high rhizosphere pH leads to a shift in the chemical sulphide speciation 
towards tissue impermeable, and consequently non-phytotoxic, HS- ions (Chapters 2 & 4). 
However, most seagrass-driven pH changes in the rhizosphere are caused by the 
spontaneous chemical reaction between H2S and O2 that produces sulphuric acid and thus 
reduces the rhizosphere pH, evidenced by a strong co-localisation between seagrass-
generated rhizospheric oxic microzones and low-pH microniches (Chapter 4). Plant-derived 
rhizospheric low-pH microenvironments may be crucial for seagrasses colonizing carbonate-
rich sediments in oligotrophic, tropical waters, where the high phosphate fixation capacity 
of calcium carbonates often leads to severe phosphorus-limitation (Short et al. 1990; 
Fourqurean et al. 1992; Jensen et al. 1998; Nielsen et al. 2007). The seagrass-mediated low-
pH microniches results in carbonate dissolution, releasing the sediment-sequestered 
phosphate to the pore-water (Chapter 7).  
(iv) Other important nutrients essential for seagrass growth and performance, such as 
nitrogen (NO3-, NH3), may be largely facilitated by root-associated, diazotrophic (N2-fixing) 
microorganisms such as some types of Clostridia (Chapter 5). Clostridia were found to be 
highly abundant and possibly selected for by the chemical conditions around the seagrass 
root apical meristems (Chapter 5), which are known to secrete dissolved organic carbon 
(DOC) and stimulate microbial activity (Moriarty et al. 1986; Pollard & Moriarty, 1991; 
Blaabjerg et al. 1998; Hansen et al. 2000; Nielsen et al. 2001; Badri & Vivanco, 2009).  
 
Below, we provide detailed descriptions of each of the above-mentioned major findings, 
and discuss how the plants performance and the surrounding sediment characteristics were 
affected by changing environmental conditions. We conclude with a more general 






Intra-plant O2 status and H2S intrusion 
The intra-plant O2 status of seagrasses is known to be a complex and dynamic interaction 
between several O2 sources and sinks, where the O2 transport to the below-ground tissue is 
determined by the internal O2 concentration gradient (Armstrong, 1979; Pedersen et al. 
2004; Borum et al. 2006; Raun & Borum, 2013). However, little information exists on how 
the internal plant aeration is affected by changing environmental conditions such as 
sediment re-suspension, and thereby fluctuations in the water-column light availability and 
quality, in the field situation. In this thesis, we show that the internal meristematic O2 
concentration, determined at the basal leaf meristem of the common temperate seagrass 
species Zostera muelleri ssp. capricorni via microsensors in situ, is mainly driven by 
fluctuations in incident solar irradiance (Chapters 8 & 9). In the light, pronounced 
photosynthetically-derived internal O2 evolution was observed at sunrise, resulting in an up 
to 40-fold increase in the internal O2 partial pressure (pO2), most likely facilitated by the 
accumulation of CO2 within the aerenchymal tissue during night-time (Chapter 8). In 
darkness, when photosynthesis ceases seagrasses are completely dependent on a passive O2 
influx into the leaves from the surrounding water-column (Greve et al. 2003; Pedersen et al. 
2004; Borum et al. 2005). This was further supported by our findings of strong correlations 
between the water-column O2 conditions and the internal plant aeration during night-time 
(Chapters 8 & 9).  
Dredging-induced sediment re-suspension and eutrophication has been shown to lead to 
enhanced seagrass mortality (e.g. Erftemeijer & Lewis, 2006; York et al. 2015). However, 
little is known of the adverse effects of epiphyte- and silt/clay covers on seagrass leaves in 
terms of potential reduced below-ground tissue oxidation capacity owing to reduced 
photosynthesis, and even less is known about what causes phytotoxic H2S intrusion in 
seagrasses. In this thesis, we show that deposition of fine sediment particles (<63 μm 
sediment fraction) and leaf epiphyte overgrowth on seagrass leaves affects the intra-plant 
O2 status by strongly regulating the plants performance through synergetic negative effects 
on (i) the light availability and quality for photosynthesis, (ii) the solute transfer across the 
leaf tissue surface owing to thicker DBLs, and (iii) as a result of high night-time respirations 
rates of leaf-associated microorganisms (Chapters 6 & 8). Leaf epiphyte- /silt-clay covers 




below-ground tissue oxidation capacity and thus rendering smothered plants more 
susceptible to phytotoxic H2S intrusion (Chapters 6 & 8). Recent studies by Hasler-Sheetal 
and Holmer (2014 & 2015) have shown that H2S detoxification can also occur inside the 
plants as long as O2 is present in the below-ground aerenchymal tissue. However, 
unfavourable environmental conditions, such as during water-column hypoxia at night-time 
(Pedersen et al. 2004; Borum et al. 2005) or caused by leaf silt/clay covers (Chapter 8), may 
result in inadequate internal tissue aeration, thus allowing intruding H2S to freely diffuse to 
the vulnerable basal leaf meristem (Pedersen et al. 1998, 2004). It has recently been shown 
that H2S in the below-ground tissue induce the production of reactive O2 species (ROS), 
which eventually kills the basal leaf meristem and ultimately the whole plant (Pulido Pérez & 
Borum, 2010). Microbial-mediated oxidation of sulphide could be an efficient mean to 
remove intruded sulphide in seagrass, however, our in situ measurements revealed a degree 
of co-existence of H2S and O2 in the aerenchymal tissue (Chapter 8), which corroborate 
previous findings (Pedersen et al. 2004; Borum et al. 2005), and indicate negligible 
microbial-mediated aerenchymal H2S re-oxidation. Generally rapid microbial H2S re-
oxidation would not allow for co-existence at such temporal extent (Jørgensen & Revsbech, 
1983; Nelson et al. 1986). However, at sunrise, when active leaf photosynthesis supports 
steep internal O2 concentration gradients and thus O2 transport to below-ground tissues, 
over-night intruded H2S is rapidly diminished within the aerenchyma as a result of chemical 
oxidation (Chapter 8), protecting the plants towards H2S-induced suffocation. 
Up until now, costal management of seagrass meadows has mainly focused on the effect of 
dredging and other activities on the water-column light availability over seagrass meadows. 
However, based on the evidence presented in chapter 6 and 8, we propose a widening of 
this perspective to include the consequences of enhanced silt/clay- and epiphyte covers on 
leaves, including: (i) increased thickness of leaf-insulating DBLs and (ii) competition with the 
epiphytic community for essential nutrients, CO2 and O2. These additional negative 
pressures may provide much longer lasting adverse effects on the health and performance 






Seagrass-altered rhizospheric biogeochemistry 
Oxic microshields and sediment detoxification 
Seagrasses are known to release O2 from the root-tips, especially from around the root 
apical meristem situated a few mm’s behind the root-apex (e.g. Jensen et al. 2005; 
Frederiksen & Glud, 2006). Mature regions of roots generally possess barriers to ROL that 
vastly improve the effectivity of long-distance gas transport within the aerenchymal tissue 
of seagrasses (Barnabas, 1996; Colmer, 2003; Borum et al. 2006). Barriers to ROL seems to 
be of vital importance for seagrasses and the concomitantly enhanced internal tissue 
aeration may explain the immense success of seagrasses in coastal waters worldwide 
despite mainly colonizing strongly reduced, anoxic sediments (see e.g. Sand-Jensen et al. 
2005; Jovanovic et al. 2015). However, it has often been indicated that ROL-generated 
rhizospheric oxic microzones may provide a below-ground chemical defence mechanism 
towards sediment-produced reduced phytotoxic compounds such as H2S (e.g. Pedersen et 
al. 2004; Borum et al. 2005; Jensen et al. 2005; Borum et al. 2006). To explore this 
importance of ROL as protection against sediment toxicity, we developed a novel 
experimental approach applying a split flow-chamber wherein the seagrass plants were 
maintained in a de-oxygenated and reduced, artificial sediment matrix (Chapter 1). This 
allowed us to characterise the biogeochemical processes at the plant/sediment interface 
without continuously disturbing the geochemical conditions at the tissue surface (as 
performing microsensor measurements in natural sediment involves un-covering the roots 
from sediment when positioning the microsensors at the below-ground tissue surface) 
(Chapters 1 & 2). Using this technique we showed that seagrass-driven rhizospheric oxic 
microshields (i.e. a volume of sediment with an O2 gradient reaching up to ~300 μm away 
from the tissue surface) can detoxify the surrounding sediment and thereby reduce the 
exposure of the below-ground biomass to phytotoxic H2S (Chapters 2 & 7). The below-
ground oxic microshields were most pronounced at the root/shoot junctions, including the 
basal leaf meristem with leaf sheath. This correlated with the areas in which we measured 
the highest rhizospheric H2S re-oxidation rates (Chapters 2, 5 & 7), proving the efficiency of 
the oxic microshield in protecting the seagrass tissue. The below-ground tissue oxidation 
capacity was strongest in the light, with an up to ~3-fold increase in ROL at the root/shoot 




the leaf canopy resulted in an up to ~150-fold increase in ROL as compared to darkness 
(Chapter 6), albeit still >2 times lower than at the root/shoot junctions under equivalent 
incident photon irradiance. As such, the below-ground tissue ROL was clearly coupled to leaf 
photosynthesis, especially at the more distal parts of the plants (Chapters 2, 5 & 6), as also 
previously demonstrated for the internal plant tissue aeration (Greve et al. 2003; Pedersen 
et al. 2004; Borum et al. 2005; Borum et al. 2006). Seagrass below-ground tissue is residing 
within sediments characterised by high sulphate reduction rates and thus production of 
phytotoxic H2S (Pollard & Moriarty, 1991; Isaksen & Finster, 1996: Blaabjerg et al. 1998; 
Blaabjerg & Finster, 1998; Hansen et al. 2000; Nielsen et al. 2001). As such the chemical 
defence mechanism of the below-ground tissue facilitates growth and survival within this 
hostile environment during non-stressful environmental conditions (Chapters 2, 5 & 7). 
However, during stressful environmental conditions, such as caused by over-night water-
column hypoxia, the lower internal O2 concentration results in diminished rhizospheric oxic 
microshields and thus increased exposure of the below-ground biomass to reduced 
phytotoxic compounds such as H2S (Chapters 2 & 3). Inadequate internal aeration has 
previously been linked to severe H2S intrusion and enhanced seagrass mortality (Plus et al. 
2003; Pedersen et al. 2004; Borum et al. 2005). In this thesis, we show that epiphyte 
overgrowth on seagrass leaves also have adverse effects on ROL from the below-ground 
biomass and thus reduce the below-ground tissue oxidation capacity (Chapter 6). This was 
most pronounced in darkness where seagrasses with leaf epiphyte-covers lost their 
rhizospheric oxic microshields, initiating anaerobic metabolism in the below-ground tissue 
and thus rendering affected plants more vulnerable to chemical asphyxiation caused by H2S 
intrusion (Chapter 6). We also show that ROL do not only occur from the root apical 
meristems (i.e. the root-tips) as previously assumed, but actually mainly from the 
root/shoot junctions, as well as from the rhizome (Chapters 1-5, 7 & 9). The O2 distribution 
within the seagrass rhizosphere is thus much more prevalent than hitherto thought, which 
can explain the observed positive effects on the sediment redox potential, sulphide pools 
and microbial activity (Pollard & Moriarty, 1991; Nielsen et al. 2001; Holmer et al. 2006; 
Pagès et al. 2012) that all hardly could have been driven alone by the minor O2 leakage from 




In summary, seagrass-derived rhizospheric oxic microzones thus serves as below-ground 
chemical microshields that oxidizes reduced phytotoxic compounds within the seagrass 
rhizosphere (mainly around the actively growing parts of the plants), and thereby greatly 
reduces the toxicity of the uppermost cm’s of the anoxic sediment. The seagrass chemical 
defence mechanism is profoundly diminished during stressful environmental conditions 
such as water-column hypoxia and leaf epiphyte overgrowth, highlighting the importance of 
minimizing environmentally disturbing activities, such as dredging operations, nutrient 
loadings and coastal development, adjacent to these vital marine ecosystems. 
 
Plant/microbe interactions 
Seagrasses release dissolved organic carbon (DOC exudates) into the rhizosphere from their 
below-ground tissue (Moriarty, 1986; Pollard & Moriarty, 1991; Badri & Vivianco, 2009). 
Translocation of photosynthates to the below-ground biomass and subsequent secretion 
into the rhizosphere has been shown to enhance bacterial growth and productivity in the 
sediment (Pollard & Moriarty, 1991). This may benefit seagrasses in multiple ways, such as 
through bacterial-mediated H2S re-oxidation. This oxidation process is much faster than the 
spontaneous chemical reaction between O2 and H2S (Jørgensen & Revsbech, 1983; Nelson 
et al. 1986) and thus rarely allows for appreciable co-localization between the two chemical 
species in the sediment. It is therefore intriguing to speculate on the existence of a 
symbiotic relationship between sulphide-oxidizing bacteria and seagrasses, such as 
previously suggested by Jensen et al. (2007). Given the potential importance of such 
relationship in the resilience of seagrasses to environmental perturbation, we applied our 
previously developed split flow-chamber system in combination with molecular techniques, 
including PCR sequencing and fluorescent staining; to investigate whether mutualistic 
relationships between seagrasses and their rhizosphere microbes exists. Combined with 
detailed microsensor measurements of O2 and H2S, we were able to probe the changes in 
the composition of the bacterial community in the rhizosphere as a result of the presence 
and activity of the seagrass host (Chapter 5). We found that plant-altered rhizospheric 
biogeochemistry controls the microbial community composition at the microscale level 




sulphide-oxidizing bacteria within seagrass-generated rhizospheric oxic microniches as 
compared to bulk sediment (P>0.05), with operational taxonomic units (OTUs) (i.e. clusters 
of similar 16S rRNA sequences) matching Arcobacter sp. and Sulfurimonas sp. (Chapter 5). 
However, comparisons of H2S re-oxidation rates within a sterilized and microbe enriched 
environment, with ~34% of OTUs matching sulphide-oxidizing bacteria, showed no bacterial-
mediated positive effects on sediment detoxification, thus indicating a weaker beneficial 
relationship between seagrasses and sulphide-oxidizing bacteria than previously anticipated 
(e.g. Jensen et al. 2007; Cúcio et al. 2016) (Chapter 5). Interestingly, around the root-tips we 
found significantly higher mean relative abundance (~57% of sequences; p<0.05) of the 
sulphate-reducing bacterial class Clostridia, with OTUs matching Lachnospiraceae. Many 
members of this class of bacteria are known to be capable of fixing nitrogen (diazotrophs), 
and these results therefore provide some support for the hypothesis of a mutual beneficial 
relationship between seagrasses and nitrogen fixing diazotrophs, where the seagrasses 
provides DOC to the diazotrophs in exchange for fixed nitrogen (e.g. Welsh, 2000; Devereux, 
2005). Another way, in which seagrasses may benefit from boosting the microbial 
community, perhaps counterintuitively, is through the resulting increase in bacteria-
mediated rhizospheric sulphide production that may lead to enhanced phosphorus 
solubilisation owing to H2S reducing capacity through reductive Fe(III) dissolution, which is 
described in detail below (Chapter 7). In addition to changes to the sulphur cycling 
microbes, we also observed lower mean relative abundance of Bacteroidia within the plant-
derived oxic microzone (~13% of sequences) compared to at the root apical meristems and 
within the bulk sediment (> 23% of sequences) albeit not significant (p>0.05; Chapter 5). The 
growth rate of Bacteroidetes is pH dependant (Thomas et al. 2011) and our results thus 
indicate that seagrass-derived reductions of rhizosphere pH (~2 pH units as compared to the 
bulk sediment) may impede growth of these potential plant pathogens (Thomas et al. 2011) 
(Chapter 5). The highly-motile Spirochaetes also seemed important rhizosphere colonizers 
(Chapter 5), which corresponds with results from previous studies showing that this 
bacterial class is often found in fluctuating chemical micro-gradients/interfaces (Berlanga et 
al. 2008). 
As such, we have shown that seagrasses actively selects for a distinct microbial community 




availability in the seagrass rhizosphere owing to enhanced nitrogen fixation by sulphate-
reducing, diazotrophic bacteria such as Lachnospiraceae and Desulfovibrio sp. We therefore 
provide further evidence of a potential mutualistic beneficial relationship between 
seagrasses and rhizospheric, heterotrophic diazotrophs based on a mutual exchange of 
essential nutrients. 
 
Rhizospheric pH microheterogeneity and nutrient mobilization 
Seagrasses inhabiting carbonate-rich sediments e.g. in the Caribbean and around the Great 
Barrier Reef, Australia, are often phosphorus limited owing to the high phosphate fixation 
capacity of calcium carbonates (Short et al. 1990; Fourqurean et al. 1992; Jensen et al. 1998; 
Nielsen et al. 2007). Tropical seagrasses are thus generally challenged to mobilize nutrients 
such as phosphate and iron, around their below-ground tissues to accommodate growth in 
oligotrophic waters (e.g. Duarte et al. 1995). Dissolution of carbonates induced by seagrass-
released organic acids has previously been suggested as a phosphorus mobilization 
mechanism in seagrass-vegetated carbonate rich sediments (Long et al. 2008); however, 
little evidence exists to support this. In this thesis, we have shown that the spontaneous 
chemical reaction between seagrass-released O2 and sediment-produced H2S leads to 
localised acidification of the rhizosphere owing to proton formation (Chapters 2 & 4). We 
further verified this finding via two-dimensional chemical imaging, showing a strong 
correlation between the seagrass-derived oxic microzones and the rhizospheric low-pH 
microniches (Chapters 4 & 7). This was demonstrated in high spatio-temporal resolution by 
means of both planar optodes and novel optical sensor nanoparticles incorporated into a 
reduced, artificial sediment matrix (Chapters 4 & 7). Interestingly, we also showed that the 
seagrass-derived rhizospheric low-pH microniches results in nutrient mobilization around 
the below-ground tissue of the tropical seagrass Cymodocea serrulata when colonizing 
carbonate-rich sediments (Chapter 7). As such, we found that tropical seagrasses mainly 
possess two biogeochemical mechanisms to mobilize nutrients around their below-ground 
tissue in carbonate-rich sediments (Chapter 7): (i) a direct acidification-induced phosphorus 
solubilisation mechanism that involves seagrass-generated rhizospheric low-pH microniches 




carbonates and concomitant release of calcium-bound phosphate to the pore-water, and (ii) 
an indirect sulphide-induced phosphorus and iron solubilisation mechanism based on 
seagrass-released DOC stimulating sulphate reducers in the rhizosphere and thereby 
enhancing the production of H2S, which in turn leads to reduction of Fe(III)oxyhydroxides 
and concomitant release of (1) insoluble Fe(III)-phosphates, (2) Fe(III)oxyhydroxide adsorbed 
phosphate and (3) dissolved Fe(II) to the pore-water (Chapter 7). Tropical seagrasses have 
been shown to be Fe limited (Duarte et al. 1995) and an enhancement in the availability of 
dissolved iron (Fe(II)) in the pore-waters thus enables enhanced photo-pigment synthesis, 
such as Chl a, in the leaf epidermal tissues. The seagrass-derived rhizospheric nutrient 
mobilization mechanisms resulted in an up to 100-fold increase in the rhizospheric 
phosphorus availability and an up to 10-fold increase in the iron availability (Chapter 7). The 
revealed seagrass nutrient mobilization mechanisms thus explain the immense success of 
tropical seagrasses in oligotrophic, tropical waters (Chapter 7). 
The thesis work has thus shown that the ability of seagrasses to alter the pH of their 
rhizosphere is an important biogeochemical process, where elevated rhizospheric pH 
microniches can alleviate the exposure of the vital meristematic tissue to phytotoxic H2S 
through geochemical sulphide speciation shifts towards non-permeable HS- ions, and where 
rhizospheric low-pH microniches mobilize essential nutrients around the below-ground 
biomass in carbonate-rich sediments. 
 
Final conclusions 
In order to proliferate, seagrasses rely on nutrients from both the water column and the 
sediment, but they also need to protect themselves against sediment-produced reduced 
phytotoxic compounds such as sulphide. Nutrient concentrations are often much higher in 
the sediment as compared to the water-column, but can be largely inaccessible to the plants 
due to various sediment fixation mechanisms. In this thesis, we show that seagrasses can 
alter their immediate rhizosphere biogeochemistry and thereby (i) detoxify the surrounding 
sediment, (ii) stimulate mutually beneficial rhizosphere microbes, such as sulphate-reducing 
diazotrophs, and (iii) enhance nutrient availability in the ambient pore-water. The plant-




the seagrass rhizosphere are strongly linked to the radial O2 loss (ROL) from the below-
ground tissue of seagrasses, and thus the intra-plant O2 status. This underlines the 
importance for seagrasses to sustain positive internal O2 budgets at any time. Inadequate 
internal tissue aeration may lead to severe phytotoxic H2S intrusion, and/or inadequate 
nutrient mobilisation in carbonate-rich sediments causing nutrient starvation over the 
longer term, and thereby loss of crucial ecosystem services such as carbon capture and 
storage (i.e. “blue carbon”), coastal protection and marine biodiversity shelters. Our work 
has thus paved the way for better management strategies by increasing our knowledge on 
what determines seagrass health and thus what may result in seagrass die-offs. In light of 
the findings in this thesis, coastal managers are strongly advised to minimize the occurrence 
and duration of anthropogenic-induced environmental stressors leading to reduced internal 
plant aeration, including dredging-induced sediment re-suspension and agricultural-derived 






The results from this thesis open up new avenues in the investigation of important 
plant/sediment interactions, which will further our knowledge of crucial rhizosphere 
dynamics such as how plants benefit from modifying the biogeochemistry of their 
rhizosphere. Specifically, the studies that have been carried out in this thesis and the 
techniques that we have developed may help direct molecular studies about where, when 
and at what scale to sample for molecular analyses. Too often, modern ‘omics’ approaches 
are carried out more or less "blindfolded", but in combination with microenvironmental 
analyses, such as chemical imaging and microsensor measurements, these studies can be 
improved upon and facilitate more hypothesis-driven approaches. As such, combining 
detailed microsensor measurements with molecular tools such as Fluorescence In Situ 
Hybridisation (FISH) to accurately link the below-ground chemical microenvironments with 
the activity and identity of specific microbial functional groups (such as sulphate-reducing 
bacteria and sulphide-oxidizing bacteria) at the plant-derived rhizospheric oxic/anoxic 
interfaces, deserves further attention.  
 
In this thesis, several different techniques and novel methodologies were applied, all of 
which have different strengths and weaknesses. The combined use of in situ microsensor 
measurements with detailed laboratory measurements showed to be of great significance, 
as it enabled improved interpretation of results obtained in situ. For example, interpretation 
of the in situ work on how sediment re-suspension effects seagrass health was greatly 
facilitated by our prior knowledge based on detailed laboratory investigations determining 
the physiological response of seagrasses to sediment deposition on leaves. In addition, as 
discussed in chapter 3 and 4, employing optical sensor nanoparticles incorporated into 
artificial sediments to investigate below-ground biogeochemical processes on entire 
rhizosphere scale, provides an important supplement to other well-established 
microenvironmental analyzing techniques, such as planar optodes and microsensors. This 
includes, utilizing the high-resolution 2D chemical images provided by optical sensor 
nanoparticles to guide detailed 1D microsensor measurements to chemical hotspots within 




applying microsensors. The main advantage of the optical nanoparticle-based sensors as 
compared to planar optodes is the fact that it is impossible to gain a good contact between 
the entire below-ground biomass and the planar optode at once. However, optical sensor 
nanoparticle measurements are limited to artificial sediments owing to the requirement for 
good optical properties in the investigated medium. Applying such artificial sediment matrix 
as compared to natural sediment obviously has its limitations due to the lower buffering 
capacity and microbial activity, some of which can be alleviated by enriching the applied 
artificial sediment with porewater microbes. The major benefit of employing a transparent 
artificial sediment matrix is, however, that it enables precise co-localization of the below-
ground plant tissue structures with the rhizosphere biogeochemistry that is challenging to 
obtain in natural systems. Optical nanoparticle-based sensors thus have the potential to 
resolve important site-specific processes and interactions with the surrounding 
environment, which would otherwise be easy to overlook, especially when combined with 
other high-resolution measuring techniques, such as microsensors, and/or molecular 
studies.  
 
Future studies of the dynamic and complex seagrass rhizosphere should include detailed 
descriptions of the seagrass microbiome, with special focus on potentially mutually 
beneficial relationships between the seagrass hosts and their rhizosphere and surface-
associated microbial community, e.g., in terms of nutrient mobilization and sediment 
detoxification. Plant/microbe interactions at interfaces have often been shown to lead to 
enhanced plant fitness in terrestrial and aquatic environments, where in particular 
mycorrhizal fungi and rhizobia have been shown to be of great importance (e.g. Bolan, 
1991; Jeffries et al. 2003; Denison & Kiers, 2004; Mohammadi et al. 2011); although some 
rhizospheric microbes can also act as pathogens (Thomas et al. 2011; Cúcio et al. 2016). 
Determining important seagrass/microbe relationships may help us better understand how 
seagrasses assimilate nutrients from the surrounding sediment and water-column, as well as 
the importance of microbes in providing protection towards reduced phytotoxic compounds 
produced in the sediment. During the last decades, seagrass meadows have been declining 
with alarming rates worldwide, mainly as a result of human-induced environmental 




future climate change scenarios. A thorough understanding of rhizospheric 
seagrass/microbe interactions may provide us with important knowledge of how to protect 
seagrasses and thereby optimize carbon capture and sequestration in seagrass meadows to 
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below-ground tissue of Z. muelleri during conditions of 
combined water-column hypoxia and darkness, leaving the 
plants more susceptible to sulphide invasion. The spatial 
O2 heterogeneity within the immediate rhizosphere of Z. 
muelleri was furthermore determined in two dimensions by 
means of planar optodes. O2 images revealed a decrease in 
the spatial extent of the plant-derived oxic microzone sur-
rounding the below-ground tissue during darkness, support-
ing the microelectrode measurements. This new experimen-
tal approach can be applied to all rooted aquatic plants, as 
it allows for direct visual assessment of the below-ground 
tissue surface during microprofiling, while enabling modi-
fication of the above-ground environmental conditions.
Introduction
Seagrass meadows provide a diverse range of key ecosys-
tem services such as coastal protection from erosion and 
enhancement of marine biodiversity (Larkum et al. 2006; 
Orth et al. 2006; Waycott et al. 2009), and they are ranked 
2–4 times higher than mangroves/salt marshes and coral 
reefs in ecosystem service value (Costanza 1997). How-
ever, seagrass meadows are currently declining at an alarm-
ing rate worldwide, mainly as a result of anthropogenic 
stressors including eutrophication from land run-off and 
coastal developments such as harbour dredging and boat-
ing activities (Holmer et al. 2009; Orth et al. 2006; Ralph 
et al. 2006; Waycott et al. 2009). Inadequate internal aera-
tion resulting in low meristematic (below-ground tissue) O2 
content is considered one of the key factors in seagrass die-
off events (Borum et al. 2005; Greve et al. 2003; Pedersen 
et al. 2004; Raun and Borum 2013).
As seagrasses typically inhabit organically enriched, 
sulphidic sediments, they are challenged to provide their 
Abstract We present a new experimental set-up enabling 
fine-scale examination of how changing environmental 
conditions affect the below-ground biogeochemical micro-
environment of aquatic macrophytes. By means of micro-
sensor and planar optode technology, the influence of plant-
mediated radial O2 release on the below-ground chemical 
microenvironment of Zostera muelleri and Halophila ova-
lis was determined in high spatio-temporal resolution. 
The seagrass specimens were cultured in a new split flow 
chamber with artificial sediment made of a deoxygenated 
seawater–agar solution with added sulphide. Microelec-
trode measurements revealed radial O2 release from the 
root–shoot junction of both Z. muelleri and H. ovalis dur-
ing both light stimulation and darkness, resulting in a rapid 
decrease in H2S concentration, and a significant drop in pH 
was observed within the plant-derived oxic microzone of 
Z. muelleri. No radial O2 release was detectable from the 
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below-ground tissue with sufficient O2 in order to sustain 
aerobic metabolism in roots and rhizomes and provide pro-
tection against sediment-derived phytotoxic compounds 
(Borum et al. 2006). The internal O2 supply mainly stems 
from photosynthesis in the leaves during daytime or from 
diffusive supply across the leaf surface from the surround-
ing water column during night-time or low light conditions. 
In the plant, O2 is transported from the above-ground tissue 
to the below-ground tissue via low-resistance, intercellular 
gas-filled spaces (aerenchyma) (Borum et al. 2006; Greve 
et al. 2003; Jensen et al. 2005; Pedersen et al. 1998, 1999). 
The total amount of O2 supplied to the root system is deter-
mined by the internal oxygen partial pressure (pO2) of the 
shoots relative to the resistance of the below-ground tissue 
towards cross-tissue gas diffusion, as well as the consump-
tion of O2 via respiration and leakage along the diffusion 
path (Borum et al. 2006). The O2 supply to the below-
ground tissue is therefore strongly dependent on the envi-
ronmental conditions and may be severely limited during 
the night when the water-column O2 concentration is often 
reduced (Borum et al. 2006; Greve et al. 2003; Pedersen 
et al. 2004). Unusually, calm weather resulting in lowered 
flow as well as high water-column temperatures has also 
been shown to impede O2 diffusion to the below-ground 
tissue (Binzer et al. 2005; Raun and Borum 2013).
Apart from directly restricting metabolic processes, 
inadequate internal aeration can also result in H2S intru-
sion, leading to seagrass mortality from chemical asphyxi-
ation (Holmer and Bondgaard 2001; Perez-Perez et al. 
2012; Raven and Scrimgeour 1997). Previous studies have 
revealed that seagrasses often leak O2 from their below-
ground tissue to the surrounding rhizosphere, in particular 
from the area close to the root-apex (Frederiksen and Glud 
2006; Jensen et al. 2005; Pedersen et al. 1998). Such radial 
O2 loss (ROL) to the rhizosphere results in an oxidized 
microenvironment adjacent to the root surface, enabling 
chemical and/or microbial oxidation of reduced phytotoxic 
compounds (Jensen et al. 2005, 2007). In this way, healthy 
seagrasses may be actively modifying the geochemical 
microenvironment within the sediment to accommodate 
their growth (Brodersen et al. submitted).
The current understanding of the chemical microen-
vironment in the seagrass rhizosphere is largely based on 
microelectrode and planar optode measurements, which 
provide excellent means for describing internal and exter-
nal O2, H2S and pH variability with high precision and high 
temporal and spatial resolution. (Brodersen et al. submit-
ted; Borum et al. 2005; Frederiksen and Glud 2006; Greve 
et al. 2003; Jensen et al. 2005; Pedersen et al. 1998, 2004). 
Microelectrodes were introduced to seagrass research in 
the early 90 s (Caffrey and Kemp 1991) and have since 
revolutionized the understanding of the internal gas trans-
port in seagrass tissue (Borum et al. 2005, 2006; Pedersen 
et al. 2004). Later these findings were supported by planar 
optode measurements (Frederiksen and Glud 2006; Jensen 
et al. 2005) enabling non-invasive imaging of the two-
dimensional microdistribution of O2 within the seagrass 
rhizosphere.
Microsensor techniques are limited by the difficulty 
of precise positioning of the microelectrode relative to 
roots and rhizomes. A commonly used method involves 
uncovering the root for microsensor positioning and sub-
sequent covering with sediment. This limits the number 
of measuring points and can disturb redox conditions in 
natural sediment, especially when attempting microsen-
sor measurements on actively growing roots (Jensen et al. 
2005; Pedersen et al. 1998). Planar optodes provide a bet-
ter overview of heterogeneity in the O2 dynamics around 
the below-ground tissue, but the biomass must be closely 
associated with the planar optode, which can affect the dis-
tribution of solutes in the sediment by acting as a physical 
barrier to the diffusion of analyte compounds such as O2 
(Frederiksen and Glud 2006). Most studies of the below-
ground chemical microenvironment of seagrasses have 
focused on the O2 microdistribution in the rhizosphere, 
while knowledge about the microdistribution and dynam-
ics of important chemical species such as H2S and pH is 
very limited. Effects of changing environmental conditions 
on seagrass health are thus largely based on internal micro-
electrode measurements in the meristematic region of the 
rhizome (Binzer et al. 2005; Borum et al. 2005, 2006; Ped-
ersen et al. 2004; Raun and Borum 2013), while knowledge 
about the dynamics of the external below-ground biogeo-
chemical microenvironment is still lacking.
In order to address some of the experimental limitations 
in previous studies, we developed a new split flow chamber 
wherein seagrass specimens could be cultured in a trans-
parent, sulphidic medium with properties mimicking those 
of typical reduced sediment. The set-up enables the use 
of both microsensors and planar optodes for rapid deter-
mination of changes in the below-ground tissue chemical 
microenvironment in response to changing environmen-
tal conditions in the leaf region (i.e. light/dark shifts and 
water-column O2 content). This experimental approach 
allows for efficient analyses of the effect of combined 
environmental stressors, such as those predicted from cli-
mate changes or caused by human activity, on the health 
of seagrasses and other aquatic macrophytes. Hence, the 
aims of this study were to: (1) describe a new experimen-
tal approach that allows for measuring the dynamics of 
the chemical microenvironment around the tissue surface 
of aquatic macrophytes as a response to experimentally 
manipulated changing environmental conditions and (2) 
investigate whether results obtained with this method are 
comparable to below-ground chemical microdynamics pre-
viously reported in natural sediment.




The flow chamber consisted of a “water phase” compart-
ment and an adjoining “sediment” compartment, connected 
by a small slit (Fig. 1). The “water” compartment was 
designed as a conventional flow cell, in which water flows 
uniformly from an inlet towards an outlet on the opposite 
side of the chamber. Water flow was maintained with a sub-
mersible pump connected to the chamber via a silicon hose 
(Fig. 2). The “sediment” compartment was fully closed off 
except for the narrow opening (5 mm) to the “water” com-
partment, through which the seagrass leaves could reach 
the water phase. This narrow opening was closed off by a 
small polystyrene wedge after positioning of the seagrass 
specimen. To reduce influx of O2 to the artificial sediment 
(described below), a silicon tube with numerous holes was 
positioned below the waterline in the compartment and 
continuously flushed with humidified N2. The water phase 
in the “sediment” compartment was covered with parafilm 
to reduce evaporation and advection, and, lastly, a layer 
of aluminium foil was applied to further retain the N2 in 
the chamber and to prevent roots being exposed to light. 
Microsensor measurements were performed through a 
small opening in the aluminium foil which could be closed 
off between measurements. In order to facilitate planar 
optode measurements (described below) from the under-
side of the sediment chamber, the bottom of the split flow 
chamber was made from 3-mm-thick, highly transparent 
polycarbonate. Detailed drawings of the flow chamber are 
provided as supplementary information (Fig. S1, S2, S3, S4 
and S5).
Transparent artificial sediment
Artificial sediment was constructed to mimic chemical 
conditions in natural sediment while enabling direct visual 
navigation when performing the below-ground microsensor 
measurements. The artificial sediment (in the “sediment” 
compartment) consisted of three functional layers: (1) a 
bottom layer (~3 mm) of Na2S-enriched gauze (~1 mM 
H2S) to ensure a continued diffusive supply of H2S to the 
sediment, (2) a viscous, (~40 mm thick) anoxic layer of 
Fig. 1  Schematic drawing of the applied split flow chamber (top 
view) visualizing the position of the examined seagrass specimen, 
with leaves in the “water” compartment and roots/rhizome in the 
“sediment” compartment (detailed drawings are available in the sup-
plementary information)
Fig. 2  Schematic diagram of 
the experimental set-up. Data 
acquisition and microsensor 
positioning were done with 
dedicated PC software (Sen-
sorTrace Pro, Unisense A/S, 
Denmark; VisiSens, PreSense, 
Germany)
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a ~0.2–0.7 % agar–seawater solution deoxygenated via 
N2 bubbling, buffered with HEPES buffer (10 mM) and 
amended with Na2S to a final concentration of 50–200 μM 
H2S and (3) a top layer (10–20 mm) of seawater kept 
hypoxic via continuous bubbling with humidified N2 and 
thus functioning as an O2 sink.
Filtered (0.22 μm) seawater was used throughout the 
experiment in order to ensure natural ratios of essential 
nutrients and avoid salinity gradients within the artificial 
sediment. For experiments involving planar optode meas-
urements (see below), the gauze (layer 1) was excluded 
from the area above the planar optode to allow for direct 
visual inspection of the below-ground tissue from below 
the chamber. The separation of the different layers during 
casting of the artificial sediment was enabled by carefully 
pouring the upper medium with a plastic spoon to lower the 
impact force on the below medium.
Seagrass collection and maintenance
The seagrass specimens (i.e. Halophila ovalis and Zos-
tera muelleri subsp. capricorni) were collected from shal-
low waters (less than 2 m depth) at Narrabeen Lagoon and 
Brisbane Waters, NSW, Australia. Specimens were trans-
ported to the University of Technology, Sydney, within 
2 h of sampling, where the plants were maintained in a 
greenhouse under a natural light regime at a temperature 
of ~22 °C and a salinity of ~34. The below-ground tissue 
of the plants selected for measurements was gently washed 
free of adhering sediment particles and left in the water col-
umn attached with loose rubber bands to small glass jars 
filled with sand. The latter was done to remove any remain-
ing sediment particles from the root surface and root hairs, 
without causing any damage to the root tissue. Further-
more, to obtain information on the natural chemical condi-
tions in the sediment at the sampling site, a sediment core 
was collected at Narrabeen Lagoon adjacent to the seagrass 
meadow with a plastic tube (inner diameter 6.3 cm) used as 
corer.
Prior to each experiment, the seagrass plant was posi-
tioned horizontally in the split flow chamber with the 
leaves in the free-flowing “water” compartment and the rhi-
zome and roots supported in the deoxygenated agar matrix. 
Each plant was acclimatized in the split flow chamber for 
several days prior to measurements and was acclimatized 
to the experimental conditions for a minimum of 3 h before 
each experiment to ensure steady-state conditions.
Experimental set-up
Illumination was provided by a tungsten halogen lamp 
fitted with a collimating lens (KL-2500, Schott GmbH, 
Germany). The downwelling photon irradiance (PAR, 
400–700 nm) was measured with a scalar irradiance min-
isensor (US-SQS/L, Walz GmbH, Germany) connected to a 
calibrated quantum light meter (LI-250A, LI-COR, USA). 
The seagrass leaf canopy was positioned at the centre of 
the narrow light beam, thus limiting light exposure to the 
above-ground tissue. The plants were illuminated with 
an incident photon irradiance of 350–500 μmol photons 
m−2 s−1. A constant flow (~1 cm s−1) of aerated and ther-
mostated seawater (22 °C; salinity of 34) was maintained in 
the free-flowing seawater compartment by the submerged 
pump. Hypoxic water-column conditions (see “Experimen-
tal treatments”) were obtained by constantly flushing the 
supporting water bath with a mixture of atmospheric air 
and nitrogen. The O2 concentration of the water bath was 
monitored via a Clark-type O2 microsensor (OX-100, tip 
diameter of ~100 μm, Unisense A/S, Aarhus, Denmark). 
Plants were cultured in the flow chamber for more than 
2 weeks under constant conditions (22 °C; Salinity of 34; 
10:14 h light–dark cycle), and Chl a fluorometry was used 
to determine the longevity of seagrass plants held in the 
split flow chamber.
Experimental treatments
To demonstrate the potential of the novel experimental 
approach, we aimed to examine the impact of following 
treatments: (1) the effect of light exposure on the radial 
O2 loss (ROL) from the below-ground tissue of H. ovalis; 
(2) the effect of light exposure and hypoxic (~50 % air 
saturation) conditions in the water column during dark-
ness on ROL from the below-ground tissue of Z. muelleri; 
(3) the steady-state dynamics of the below-ground chemi-
cal microenvironment modified by Z. muelleri; and finally, 
(4) how the oxic microshield and the spatial O2 heteroge-
neity within the rhizosphere of Z. muelleri is affected by 
a light–dark transition. The H. ovalis measurements are 
mainly included in this study to show that the experimental 
approach can be applied to different aquatic macrophytes 
with, e.g. highly different morphological appearance (i.e. 
the leaves of the Z. muelleri specimens were ~40 cm in 
length, as compared to H. ovalis only ~5 cm), thereby illus-
trating the wide applicability of the used methodology.
Microsensor measurements
We used Clark-type O2 and H2S microsensors (OX-50 and 
H2S-50, tip diameter of ~50 μm, Unisense A/S, Aarhus, 
Denmark; response time <5 and 10 s, respectively; stirring 
sensitivity <2 %) to measure the O2 and H2S concentrations 
of the below-ground microenvironment (Jeroschewski et al. 
1996; Revsbech 1989). pH values were measured with pH 
microelectrodes (PH-50, Unisense A/S, Denmark; Kühl 
and Revsbech 2001). All microsensors were mounted on a 
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motorized micromanipulator and connected to a 4-channel 
multimeter (Unisense A/S, Denmark) both interfaced with 
a PC running data acquisition and positioning software 
(SensorTrace PRO, Unisense A/S, Denmark). The micro-
sensors were linearly calibrated at experimental tempera-
ture and salinity before microprofiling commenced (further 
information on the calibration procedures is provided by 
the manufacture on www.unisense.com). The microsensors 
were positioned at the seagrass tissue surface (defined as 
0 μm distance) by means of the micromanipulator. This was 
done by manually moving the microsensors while observ-
ing the microsensor tip and tissue surface through a stereo-
microscope (AmScope, Irvine, CA, USA) equipped with 
a small observation device in the form of a custom-made 
polycarbonate plastic tube closed off by a clear window. 
The device was carefully submerged into the water column 
of the “sediment” compartment without disturbing the arti-
ficial sediment surface and enabled a less obstructed/dis-
torted view through the microscope by excluding the air/
water interface. Microprofiles around the below-ground tis-
sue were measured in increments of 50–100 μm, whereas 
microprofiles describing the artificial sediment were meas-
ured in vertical step sizes of 1,000 μm.
Microsensor measurements within natural sediment
Vertical O2 and H2S microprofiles in natural sediment were 
obtained as described above. The sediment core was sub-
merged into a cylinder-shaped aquarium (~2 L), and stir-
ring was achieved via a constant flow of atmospheric air 
from an air-pump, applied onto the water surface through 
a Pasteur pipette (sediment surface at ~3 cm depth; ~22 °C; 
salinity of 34; incident irradiance of ~10 μmol photons 
m−2 s−1).
Planar optode measurements
The spatial O2 heterogeneity within the immediate rhizos-
phere of Z. muelleri was mapped with a transparent planar 
O2 optode (Glud et al. 1996; Jensen et al. 2005) providing 
information on the two-dimensional O2 distribution around 
the below-ground tissue. The planar optode consisted of 
an O2 quenchable platinum(II)octaethylporphyrin lumi-
nophore (indicator dye) combined with a light harvesting 
antenna dye (Macrolex® fluorescence yellow 10GN) immo-
bilized in polystyrene on a 125-μm-thick, transparent poly-
ester support foil and covered with a semi-transparent sili-
con layer containing carbon powder (Larsen et al. 2011). 
The planar optode was imaged with a compact USB cam-
era O2 imaging system (VisiSens, PreSens, Germany) inter-
faced to a PC running the manufacturers imaging software 
system (VisiSens, PreSens, Germany). The detecting unit 
consisted of a digital camera equipped with a long-pass fil-
ter and violet-blue LEDs for excitation of the planar optode 
(VisiSens, PreSens, Germany).
The planar optode system used a colour ratiomet-
ric imaging approach (Larsen et al. 2011), where the 
LED excites both the reference and the O2-sensitive dye 
causing dual emission, i.e. red luminescence from the 
O2-quenchable indicator dye and green luminescence from 
the inert reference. The recorded intensity ratio between 
the recorded luminescence intensity in the red and green 
channel of the USB camera (i.e. Ratio = (Red − Green)/
Green) provides a measure of the O2 concentration at the 
surface of the planar optode. The planar optode was cali-
brated in anoxic (N2 flushed) and air-saturated seawater 
before measurements commenced (further information on 
calibration procedures and image recordings are provided 
in Larsen et al. (2011)).
The planar optode was fixed on the bottom wall of the 
“sediment” compartment of the split flow chamber, using a 
thin layer of non-toxic silicone grease to “glue” the optode 
to the chamber bottom, carefully avoiding formation of 
air bubbles in between the chamber wall and optode. The 
sides of the optode were fixed with small pieces of tape. A 
seagrass plant was then positioned with the below-ground 
tissue touching the optode, where after the fluid, artificial 
sediment (~36 °C) was gently poured into the compart-
ment followed by rapid cooling to air temperature (22 °C). 
Finally, a layer of anoxic seawater was established above 
the solidified artificial sediment by gently pouring nitrogen 
flushed seawater over the sediment as described above.
Flux calculations
A cylindrical version of Fick’s first law of diffusion was 
used to calculate the radial O2 fluxes from the root–shoot 
junctions (Steen-Knudsen 2002), assuming a perfect homo-
geneous and cylinder-shaped oxic microzone:
where ϕ is the porosity, Ds is the apparent O2 diffusion 
coefficient within the artificial sediment (here assumed sim-
ilar to the molecular diffusion coefficient of O2 in seawater, 
D0), r is the tissue radius, and C1 and C2 are the measured 
O2 concentrations at the distances r1 and r2, respectively 
(i.e. the inner and outer distance from the root centre). The 
porosity of the artificial sediment was calculated to be 0.95 
from the weight loss of wet sediment (known initial vol-
ume) after drying in a 105 °C oven until a constant weight 
was reached. The radius of the root–shoot junction was 
defined under a stereo-microscope. D0 at the experimental 
temperature and salinity was obtained from tables available 
from Unisense A/S (www.unisense.com).
J(r)below-ground tissue = ϕDs(C1−C2)/r ln (r1/r2)
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Results
Chemical properties of the artificial sediment
The O2 concentration of the seawater layer overlying the 
artificial sediment (i.e. the O2 sink) was ~15 μmol L
−1 
owing to the continuous flushing with N2 gas, which kept 
the artificial sediment anoxic for the duration of the experi-
ments (Fig. 3a). In the first few mm of the artificial sedi-
ment, O2 concentrations were low and decreased rapidly 
with depth as typical for natural marine sediment (Fig. 3a, 
b). The thin oxic zone was followed by an anoxic homoge-
neous zone, which extended to the bottom of the chamber. 
The seagrass below-ground tissue (i.e. root–shoot junc-
tion, rhizome and roots) was placed >20 mm below the 
artificial sediment surface to ensure no O2 from the sur-
face would reach the below-ground tissue, and all micro-
sensor measurements were performed below this depth. 
In the anoxic part of the artificial sediment, we observed a 
rapid increase in the H2S concentration with depth, reach-
ing a maximum concentration of ~65 μmol L−1 at 3.6 cm 
depth (i.e. the deepest measured point within the artificial 
sediment ~10 mm below the below-ground tissue (Fig. 3a). 
The pH value of the artificial sediment decreased from ~7.5 
at the surface of the sediment to pH 7 at the deepest point 
measured (~4 cm depth) (Fig. 3a). In comparison, the O2 
penetration depth within the natural marine sediment was 
~1 mm and the H2S concentration reached ~65 μmol L
−1 at 
4.5 cm depth (Fig. 3b).
Seagrass health during cultivation
Pulse amplitude-modulated (PAM) fluorometry measure-
ments of photosynthetic performance (Beer et al. 1998; 
Ralph and Short 2002) confirmed that the plants were still 
healthy and photosynthetic competent after the 2-week 
incubation (Fv/Fm ~0.7; Z. muelleri). Furthermore, a com-
plete new root bundle, internode and new leaves developed 
over a 7–8-day period in both species, signifying active 
growth in the flow chamber. Over the duration of the exper-
iment, the new roots reached a length of 3 cm on average, 
corresponding to a growth rate of 0.4 cm day−1, which 
is comparable to growth rates found for Zostera marina 
growing in natural sediment (Jensen et al. 2005).
Below-ground O2 dynamics in the seagrass rhizosphere
Light exposure of the above-ground tissue of Z. muel-
leri resulted in a ~threefold increase in the radial O2 loss 
from the root–shoot junction, increasing from 1.05 mmol 
O2 m
−2 h−1 in darkness to ~3.0 mmol O2 m
−2 h−1 under 
an incident irradiance of ~350 μmol photons m−2 s−1 
(Fig. 4a). The radial O2 loss from the root–shoot junction 
resulted in the establishment of a ~300-μm-thick oxic 
micro-niche in the surrounding sediment. Hypoxic con-
ditions (~50 % air saturation) in the water column of the 
“water” compartment resulted in a complete disappearance 
of the oxic microzone surrounding the meristematic region 
of the rhizome, i.e. around the combined rhizome/basal leaf 
meristem area at the root–shoot junction (Fig. 4a). From 
the root–shoot junction of H. ovalis, we found a ~sixfold 
increase in the radial O2 loss as a response to light stimuli, 
with O2 fluxes increasing from 1.06 mmol O2 m
−2 h−1 in 
darkness to 6.5 mmol O2 m
−2 h−1 under an incident irradi-
ance of ~500 μmol photons m−2 s−1 (Fig. 4b).
Fig. 3  a Vertical microprofiles of [O2], [H2S] and pH in the artifi-
cial sediment from the surface of the overlying O2 sink (N2 flushed 
seawater; ~16 mm deep) until ~10 mm below the below-ground tis-
sue at a total vertical depth of ~4 cm. The dotted line represents the 
surface of the artificial sediment. All microsensor measurements were 
performed after the acclimatization period of the plants in the cham-
ber, just prior to the experiments. b Vertical microprofiles of [O2] and 
[H2S] in natural sediment originating from Narrabeen Lagoon, NSW, 
Australia. An enlarged plot of the [O2] microprofile across the water–
sediment interface is inserted. Legends depict the different chemical 
species. Symbols and error bars indicate mean ± SD (n = 3–4)
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Chemical microenvironment at the below-ground tissue 
surface
The chemical microenvironment in the immediate rhizo-
sphere of Z. muelleri at the root–shoot junction during 
darkness is shown in Fig. 5. Microelectrode measurements 
revealed a decrease in the H2S concentration within the oxic 
microshield, decreasing from ~11.3 to 0 μmol H2S L
−1 at 
the below-ground tissue surface over a distance of ~1 mm, 
demonstrating complete re-oxidation and removal of phy-
totoxic H2S at the tissue surface. The pH value decreased 
from 6.8 in the immediate rhizosphere to 4.7 at the tissue 
surface, likewise with a relatively steep gradient within the 
~400-μm-thick oxic micro-niche (Fig. 5). The O2 concen-
tration at the below-ground tissue surface was ~65 μmol 
O2 L
−1 (Fig. 5).
Distribution of O2 within the rhizosphere of Zostera 
muelleri
The planar optode images, visualizing the two-dimen-
sional O2 microdistribution at the root–shoot junction, 
revealed O2 loss from the below-ground tissue of Z. muel-
leri both from roots of the first actively growing root bun-
dle and from the root–shoot junction. This lead to the 
establishment of oxic microzones with O2 concentrations 
reaching up to ~60 % air saturation in light (~300 μmol 
photons m−2 s−1; Fig. 6). Light stimulation of the leaf can-
opy resulted in an expansion of the oxic microzones and 
enhanced O2 leakage into the rhizosphere, as compared to 
in darkness (Fig. 6).
Discussion
The new split flow chamber with transparent, artificial 
sediment enables investigations with high spatio-temporal 
resolution and replication to resolve effects of changing 
environmental conditions on seagrasses and their ability 
to modify the chemical microenvironment around their 
Fig. 4  a Radial O2 loss from the root–shoot junction of Z. muel-
leri as measured with O2 microelectrodes during darkness (trian-
gles), under an incident irradiance of ~350 μmol photons m−2 s−1 
(squares), and in darkness with hypoxic conditions (~50 % air satu-
ration) in the water column surrounding the leaves (empty circles). 
n = 3. b Microelectrode measurements of the radial O2 loss from the 
root–shoot junction of H. ovalis measured in darkness (triangles) and 
under an incident irradiance of ~500 μmol photons m−2 s−1 (squares). 
n = 4–5. Plants were investigated at the light intensity they were 
acclimatized to during cultivation/maintenance. Distance (in μm) 
refers to the distance from the below-ground tissue, where x-axis = 0 
indicates the below-ground tissue surface. Symbols and error bars 
indicate mean ± SD
Fig. 5  The chemical microenvironment at the meristematic region of 
the rhizome of Z. muelleri measured with O2, H2S and pH microelec-
trodes. Legend depicts the different chemical species: O2 concentra-
tion (empty circles); H2S concentration (squares); pH values (trian-
gles). Distance (in μm) refers to the distance from the below-ground 
tissue, where x-axis = 0 indicates the below-ground tissue surface. 
Average; no error bars. n = 2
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below-ground tissue. We examined the effect of light–
dark transitions and hypoxic water-column conditions on 
the oxidation capability of the below-ground tissue. The 
O2 flux rates measured at the below-ground tissue of both 
seagrass species were similar to previous reported O2 flux 
rates from the roots of Cymodocea rotundata in natural 
sediment (Pedersen et al. (1998); 2.3 and 5.3 mmol O2 
m−2 h−1 in darkness and light at equivalent incident irradi-
ance, respectively). The radial O2 loss (ROL) resulted in 
a 200–400-μm oxic microzone surrounding the root–shoot 
junction (Fig. 4), with a slight enhanced spatial distribu-
tion during light stimulation (~50 μm), owing to additional 
O2 in the leaf aerenchyma due to photosynthesis (Fig. 4). 
The extent of the oxygenated microzones is defined by 
the balance between the rate of ROL and the total O2 con-
sumption rate of the surrounding sediment and was similar 
in extension to what has been found in previous studies in 
natural sediment (Jensen et al. 2005). Hence, the artifi-
cial sediment in the split flow chamber set-up appeared to 
mimic basic properties of natural sediment. Furthermore, 
seagrass sediments are generally very rich in organic mat-
ter and therefore exhibit high microbial activity, which 
in combination with a low O2 solubility in water and low 
diffusion rate, results in very low O2 penetration depths 
(often only a few mm; as seen on Fig. 3b). As such, by 
far most of the seagrass below-ground biomass resides in 
anoxic sediment, and therefore, we find that the chosen 
method to a reasonable extent replicates natural condi-
tions. While the present study focuses on chemical dynam-
ics, the set-up could be further modified to include natu-
ral sediment pore-water with its abundance of microbes. 
This would allow for the development and quantification 
of biogeochemical processes (such as microbial sulphide 
oxidation) in the set-up, which likely would influence the 
chemical microenvironment around the below-ground tis-
sue. Such studies are underway.
When atmospheric O2 was introduced to the seawater 
overlying the artificial sediment (O2 sink) during meas-
urements, the O2 concentration of this sink depended 
on the total time that was spent on measuring during an 
experiment. During prolonged measurements (>4 h), the 
O2 concentration reached a maximum of ~40 μmol O2 L
−1 
(data not shown), whereas the O2 concentration of the sink 
was ~0 μmol O2 L
−1 in between measurements, as a result 
of the covering of the “sediment” compartment contain-
ing the artificial sediment (based on initial measurements 
in the sink just after removing the cover; data not shown). 
Importantly, however, the increase in O2 concentration did 
not extend to the deeper parts of the artificial sediment, 
where the seagrass rhizome and roots persisted in anoxia. 
Nevertheless, it is advisable to limit the measuring time and 
completely cover the “sediment” compartment of the split 
flow chamber between measurements to flush out the small 
amount of O2 introduced during measurements. To avoid 
movement (wobbling) of the artificial sediment, the flow 
rate of N2 had to be limited, resulting in the less than opti-
mal O2 removal efficiency during measurements. However, 
this issue may be alleviated by increasing the agar concen-
tration of the artificial sediment at the cost of a significantly 
reduced visibility through the sediment.
The planar optode images revealed O2 leakage from 
both the root–shoot junction and from the new and actively 
growing roots of Z. muelleri (Fig. 6). The spatial distribu-
tion of O2 expanded during light stimulation of photosyn-
thesis in the leaf canopy, thus supporting the microelec-
trode findings (Fig. 4). Both the microelectrode and planar 
optode measurements confirmed decreased oxidation capa-
bility of the below-ground tissue during darkness. In addi-
tion, hypoxic conditions in the water column resulted in an 
inability to sustain the external oxic microshield around 
the meristematic region of the rhizome, likely as a result 
of inadequate internal aeration (Fig. 4). This confirms a 
dependency of Z. muelleri on passive diffusion of O2 from 
the water column during night-time, as previously reported 
in other seagrass species (e.g. Pedersen et al. 2004; Borum 
et al. 2005), particularly during summertime where plant 
respiration rates may be high, as a result of elevated seawa-
ter temperatures (Raun and Borum 2013).
The presence of the oxic microshield seemed to 
reduce the concentration of H2S in the rhizosphere, most 
Fig. 6  The spatial O2 heteroge-
neity within the rhizosphere of 
Z. muelleri mapped via planar 
optodes during light–dark 
transitions. Measurements were 
taken at quasi-steady state at a 
temperature of 22 °C, a salinity 
of 35 and a water-column flow 
velocity of 1 cm s−1. The legend 
shows the O2 concentration in 
% air saturation
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likely as a result of chemical oxidation of H2S with O2 
(2O2 + H2S → 2H+ + SO42−). This process leads to for-
mation of protons and can therefore explain the observed 
decrease in pH within the oxic microzone (Fig. 5). This 
phenomenon was also observed in a recent study, describ-
ing the dynamics of the chemical below-ground microenvi-
ronment of Z. muelleri under changing environmental con-
ditions (Brodersen et al. submitted). Interestingly, a drop in 
pH within the oxic microzone towards the tissue surface (as 
seen on Fig. 5) would likely lead to dissolution of carbon-
ates and concomitant release of sediment-bound phospho-
rus, which is generally a limiting nutrient in carbonate-rich 
sediments.
Prolonged periods of darkness thus have a significant 
negative impact on the oxidation capacity of the below-
ground tissue, and in combination with decreased water-
column O2 content, this could leave seagrasses more sensi-
tive to H2S in the sediment as a result of inadequate internal 
aeration (Borum et al. 2005; Pedersen et al. 2004). Anthro-
pogenic activities resulting in poor light conditions in the 
seagrass canopy, such as in the case of dredging operations 
where water-column turbidity is greatly increased (Erfte-
meijer and Lewis 2006), may thus have a substantial nega-
tive impact on the health of seagrass meadows, especially 
if enhanced respiration rates in the water column results in 
overnight hypoxia.
The presented experimental approach has broad applica-
tions within aquatic macrophyte ecophysiology and ecol-
ogy. In this study, we focussed on the impact of environ-
mental changes to the below-ground microenvironment, but 
effects on the above-ground microenvironment can easily 
be addressed as well. This could include investigations 
of: (1) how the thickness of the diffusive boundary layer 
around the leaves is affected by decreased water motion 
due to epiphyte growth on the leaf surface and (2) how the 
internal O2 levels in leaves and rates of photosynthesis and 
respiration are affected by water turbidity. The main advan-
tage of the presented experimental approach, as compared 
to previous used methodology (e.g. Jensen et al. 2005; Ped-
ersen et al. 1998), is, however, that it simplifies the use of 
microsensors for measurements of the chemical microenvi-
ronment in the immediate rhizosphere, allowing for more 
frequent and detailed measurements with minimal risk of 
breaking the fragile microsensor tip. The artificial sediment 
allows for exact determination of the position of the micro-
electrode tip relative to the tissue surface, which is essential 
when doing quantitative calculations of fluxes and meta-
bolic rates from microgradients. Such measurements can 
now be combined with planar optode measurements to get 
a more detailed mapping of the heterogeneity in the chemi-
cal microenvironment around the below-ground tissue, 
which otherwise would be challenging to obtain in natural 
sediment.
In summary, the experimental approach described in this 
paper has broad application within all micro-scale studies 
of aquatic macrophytes including plant–sediment interac-
tions. A detailed understanding of how changing environ-
mental conditions affect the health of aquatic macrophytes 
such as seagrasses, through its effect on the plants perfor-
mance and its interaction with the surrounding sediment 
biogeochemistry, can lead to important new insight ena-
bling better direction of coastal management resources, as 
well as provide a better understanding of the consequences 
of anthropogenic-induced stressors such as eutrophication 
and harbour dredging operations.
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Summary
 Seagrass is constantly challenged with transporting sufficient O2 from above- to below-
ground tissue via aerenchyma in order to maintain aerobic metabolism and provide protection
against phytotoxins.
 Electrochemical microsensors were used in combination with a custom-made experimental
chamber to analyse the belowground biogeochemical microenvironment of Zostera muelleri
under changing environmental conditions.
 Measurements revealed high radial O2 release of up to 500 nmol O2 cm2 h1 from the
base of the leaf sheath, maintaining a c. 300-lm-wide plant-mediated oxic microzone and
thus protecting the vital meristematic regions of the rhizome from reduced phytotoxic metab-
olites such as hydrogen sulphide (H2S). H2S intrusion was prevented through passive diffusion
of O2 to belowground tissue from leaf photosynthesis in light, as well as from the surrounding
water column into the flow-exposed plant parts during darkness. Under water column
hypoxia, high belowground H2S concentrations at the tissue surface correlated with the inabil-
ity to sustain the protecting oxic microshield around the meristematic regions of the rhizome.
We also found increased pH levels in the immediate rhizosphere of Z. muelleri, which may
contribute to further detoxification of H2S through shifts in the chemical speciation of sul-
phide.
 Zostera muelleri can modify the geochemical conditions in its immediate rhizosphere,
thereby reducing its exposure to H2S.
Introduction
Seagrasses (angiosperms) are considered to be crucial ecological
engineers as they provide important ecosystem services that have a
significant positive impact on their physical, chemical and biologi-
cal surroundings (Costanza, 1997; Larkum et al., 2006; Orth
et al., 2006; Waycott et al., 2009). Over the past century, seagrass
meadows have faced worldwide decline, mainly as a result of
anthropogenic impacts such as eutrophication and coastal devel-
opment (Orth et al., 2006; Ralph et al., 2006), resulting in an
increasing number of seagrass die-off events (Seddon et al., 2000;
Plus et al., 2003; Borum et al., 2005), ranging from frequent small
scale events (Carlson et al., 1994; Zieman et al., 1999) to isolated
episodes of mass mortality (Robblee et al., 1991). The exact causes
leading to such die-offs remain largely unknown, but combined
stressors such as high temperatures, high salinity, low flow-rates
and water column hypoxia, causing plant tissue anoxia, in combi-
nation with hydrogen sulphide (H2S) invasion from the sur-
rounding sediment, have been suggested as likely causes (Carlson
et al., 1994; Zieman et al., 1999; Borum et al., 2005; Frederiksen
et al., 2006; Holmer et al., 2009; Raun & Borum, 2013).
Because seagrasses mostly grow in highly reduced sediments
(Borum et al., 2006), they are constantly challenged to supply
sufficient O2 to their belowground tissue to sustain aerobic
metabolism, as well as to provide protection against invasion of
reduced phytotoxic compounds such as H2S from the surround-
ing sediment (Armstrong, 1979; Borum et al., 2005, 2006). To
facilitate this, seagrasses have well-developed aerenchyma (lacunar
system), which enable rapid internal gas-phase diffusion of O2 to
the roots, rhizomes and basal meristems. During daytime, photo-
synthesis in the seagrass leaves coupled with efficient gas transport
in the aerenchyma ensures an adequate O2 supply to the below-
ground tissues. At night-time, however, seagrasses are completely
dependent upon passive diffusion of O2 into leaves from the
water column (Pedersen et al., 1998; Borum et al., 2006); this
process is influenced by the O2 concentration in the surrounding
water, the thickness of the seagrass leaf diffusive boundary layer
(DBL), and thereby the flow velocity of the surrounding water, as
well as by the plant respiration rate itself (Pedersen et al., 2004;
Binzer et al., 2005). This important physiological adaptation
enables seagrasses to maintain an oxidized microzone (oxic mi-
croshield) around their roots (Pedersen et al., 1998; Jensen et al.,
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2005; Borum et al., 2006; Frederiksen & Glud, 2006), typically
originating from around the root apex/apical meristem (Jensen
et al., 2005; Borum et al., 2006) and resulting in a temporally
oxidized microzone 1–2 mm behind the root tip. The impact of
such O2 release on the biogeochemistry and microbial diversity
in the seagrass rhizosphere is, however, still under-explored (e.g.
Pedersen et al., 1998, 1999; Jensen et al., 2005, 2007).
The O2 budget of seagrass, which determines the sulphide oxi-
dation capability of the belowground tissue, is the result of com-
plex interactions between several sources and sinks. Sources
include photosynthetically derived O2 evolution and passive diffu-
sion of O2 into the seagrass leaves from the ambient water column.
The sinks consist of the sediment O2 demand resulting from
biotic and abiotic chemical reactions, as well as the plants’ own
respiration (Greve et al., 2003; Borum et al., 2005, 2006; Holmer
et al., 2006). Plant tissue respiration is strongly influenced by
changes in water temperature, and increased respiration as a result
of increasing temperature can lead to decreased O2 supply to
belowground tissue, resulting in inadequate internal aeration
(Raun & Borum, 2013), which in turn may lead to H2S intrusion.
Sulphide is produced by sulphate-reducing bacteria in anoxic
marine sediment and exhibits a pH-dependent speciation where
H2S predominates at porewater pH < 7, and HS
 predominates
at higher pH. As dissolved H2S gas is the only form of sulphide
that can freely permeate the cell membrane, the toxicity of sul-
phide in sediment not only relies on the overall sulphide concen-
tration, but is also strongly affected by the sediment pH. High
H2S concentrations have a negative effect on the viability of
submerged plants by reducing photosynthesis, reducing nutrient
uptake, and by blocking the mitochondrial respiratory electron
transport chain through its strong binding with iron in cyto-
chrome c oxidase (Goodman et al., 1995; Raven & Scrimgeour,
1997; Holmer & Bondgaard, 2001; Perez-Perez et al., 2012).
H2S is thus considered a broad-spectrum toxin that leads to
chemical asphyxiation and formation of reactive oxygen species
(ROS), which can lead to protein degradation and peroxidation
of membrane lipids (Raven & Scrimgeour, 1997; Eghbal et al.,
2004; Truong et al., 2006; Perez-Perez et al., 2012).
As H2S can be chemically oxidised by O2 (i.e. 2O2 +H2S ?
2H+ + SO4
2), the influx of H2S into plant tissue seems to corre-
late with the inability to sustain a protective oxic microzone
around the belowground tissue (Pedersen et al., 2004; Borum
et al., 2005). The thickness and efficiency of such an oxic micro-
shield depends on the rate of O2 leakage to the rhizosphere rela-
tive to the O2 consumption rate in the surrounding sediment.
Bacterial sulphide oxidation in the immediate rhizosphere may
also dramatically lower the half-life of H2S in comparison to the
spontaneous chemical oxidation alone (Cline & Richards, 1969;
Chen & Morris, 1972; Almgren & Hagstrom, 1974; Jørgensen
& Revsbech, 1983; Pedersen et al., 2004), further alleviating the
H2S exposure of seagrass roots. Yet another potential chemical
defence mechanism could involve a local increase of rhizosphere
or root surface pH, shifting the sulphide speciation away from
H2S towards nonpermeable and thereby nonphytotoxic HS

ions. A detailed description of the pH microheterogeneity within
the seagrass rhizosphere is, however, still lacking.
Mature seagrass roots also exhibit a range of anatomical adap-
tations, including casparian band-like structures (Barnabes,
1996) and/or suberized lamellae (e.g. Enstone et al., 2003) that
reduce cross-tissue gas transport. This is likely to increase the effi-
ciency with which O2 is carried to the roots, thus facilitating the
maintenance of aerobic metabolism and possibly also reducing
H2S intrusion (Armstrong, 1979; Armstrong & Armstrong,
2001; Jensen et al., 2005). The presence of a strong barrier
against cross-tissue gas transport has been shown to correlate with
anaerobic conditions within the sediment, as well as the presence
of phytotoxins (Colmer et al., 1998; Armstrong & Armstrong,
2001).
In this study, we elucidate the dynamics of the chemical micro-
environment in the rhizosphere of Zostera muelleri under chang-
ing environmental conditions. We present the first detailed
microscale mapping of O2, H2S and pH gradients around the
basal meristems with leaf sheath (BM), rhizome and roots of
Z. muelleri and investigate whether local pH enhancement and




Zostera muelleri ssp. capricorni (Asch.) S. W. L. Jacobs specimens
were collected from a sheltered lagoon exposed to low flow rates
(Narrabeen Lagoon, NSW, Australia). Specimens were sampled
in shallow waters (c. 1 m depth) and transported in seawater from
the sampling site to the laboratory within 1 h of sampling. Speci-
mens were kept in a glasshouse under a natural light regime (c.
11 h : 13 h, light : dark cycle) for a minimum of 72 h before fur-
ther handling. Three specimens with similar aboveground and
belowground biomass (i.e. two shoots with intact root bundles
and more than two internodes) were selected for this study. Rhi-
zome and roots were gently washed and plants were left free of
sediment over night to aerate roots and rhizomes before placing
them in the split flow chamber (Fig. 1).
Split flow chamber and artificial sediment
A seagrass specimen was placed horizontally in a custom-made
split flow chamber (Fig. 1), with the aboveground tissue posi-
tioned in the upper compartment with free-flowing seawater and
the belowground tissue inserted in viscous, reduced artificial sedi-
ment consisting of: 0.19% anoxic seawater-agar (grade J3; Gelita,
Beaudesert, Qld, Australia) solution amended with Na2S to a
final concentration of 250 lM H2S and buffered with 10 mM
anoxic HEPES buffer (N-2-hydroxyethylpiperazine-N 0-2-
ethanesulfonic acid; pH range 6.8–8.2). Natural seawater was
used to ensure natural concentrations and ratios of essential
nutrients. The artificial sediment was kept anoxic in the chamber
by constantly flushing the overlying layer of seawater with
humidified nitrogen (Fig. 1). To ensure a continuous supply of
H2S to the artificial sediment, pieces of gauze were soaked in
anoxic and acidic (pH 4) 1 mM Na2S solution and placed in the
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bottom of the lower chamber before adding the artificial sedi-
ment. The O2 demand of the reduced artificial sediment was kept
relatively high in order to mimic natural sediment conditions.
This was achieved through the combined effect of the added
reducing agent (H2S) constantly diffusing up into the artificial
sediment from the bottom layer and the above-lying oxygen sink
(further information on the experimental approach is provided in
Brodersen et al. (2014)).
A constant flow (c. 1 cm s1) of seawater (21°C; salinity of 34)
was maintained in the upper compartment via a pump
submerged in an aerated, temperature-controlled water bath. Illu-
mination in the upper compartment (with seagrass leaves) was
provided by a fibre optic tungsten halogen lamp (KL-2500;
Schott GmbH, Mainz, Germany). The downwelling quantum
irradiance (PAR) was measured with a calibrated quantum irradi-
ance meter (Li-250A; LiCor, Lincoln, NE, USA) equipped with
an irradiance sensor (Walz GmbH, Effeltrich, Germany) kept at
the same distance from the light source as the seagrass leaf
canopy.
Plants were acclimatized to the split flow chamber under stan-
dard conditions (c. 250 lmol photons m2 s1; 10 h : 14 h,
light : dark cycle) for several days before measurements com-
menced. The seagrass specimens were then acclimatized to differ-
ent treatment conditions: dark + air saturated water column;
260 lmol photons m2 s1 + air saturated water column;
350 lmol photons m2 s1 + air saturated water column; and
dark + c. 50% air saturation in the water column (hypoxia).
Treatments were applied for at least 3 h before measurements to
ensure steady-state biogeochemical conditions (as confirmed by
repeated microprofile measurements). The hypoxia treatment
(i.e. c. 50% air saturation in the water column of the upper com-
partment) was achieved by simultaneously flushing the water in
the supporting water bath with a mixture of N2 and atmospheric
air. The O2 concentration in the water was constantly monitored
by a calibrated Clark-type O2 microsensor (OX-100, tip size c.
100 lm, 90% response time < 8 s, stirring sensitivity < 1.5%;
Unisense A/S, Aarhus, Denmark). Thirty-six hours before the
hypoxia experiment, additional sulphide (5 ml, 10 mM Na2S)
was injected into the bottom layer of the artificial sediment in
order to re-establish H2S concentrations, as preliminary experi-
ments had shown that photosynthesis-induced O2 release during
the light treatment completely removed H2S from the basal meri-
stem microenvironment. The split flow chamber was left
untouched for 36 h after the injection to ensure steady-state bio-
geochemical conditions as confirmed by repetitive vertical micro-
sensor profiles. Before microelectrode measurements
commenced, O2 microprofiles were performed at the cut end of
the rhizome to ensure that no O2 release was detectable, indicat-
ing intact plants and thereby an enclosed aerenchyma.
Microsensor measurements
Precontaminated (i.e. pre-exposed to H2S) Clark-type O2 micro-
sensors (OX-50, tip diameter c. 50 lm; Unisense A/S; Revsbech,
1989), with a fast 90% response time of < 5 s and a low stirring
sensitivity of < 2% were used to measure the radial O2 release
from the belowground tissue. Oxygen microelectrodes were line-
arly calibrated from signal readings in 100% air saturated seawa-




Fig. 1 (a) Split flow chamber shown from above, with the free-flowing
water section (upper chamber) and the anoxic artificial sediment
compartment (lower chamber) (split flow chamber illustration provided by
Dotmar EPP, Australia). (b) Median section of lower part of split flow
chamber illustrating the three layers of the artificial sediment. (c)
Schematic illustration of Zostera muelleri belowground tissue, visualizing
the spatial distribution of the microsensor measurements within the
immediate rhizosphere. T, root tip/root cap; A, apical meristem region; E,
elongation zone; M, mature zone (i.e. formation of root hairs); BM, basal
meristem with leaf sheath; N, node; IN, internode.
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scavenger sodium dithionite) at experimental temperature and
salinity.
H2S concentrations were measured with Clark-type H2S
microelectrodes (H2S-50, tip diameter c. 50 lm, 90% response
time < 10 s, stirring sensitivity < 2%; Unisense A/S; Jeroschewski
et al., 1996; K€uhl et al., 1998) that were linearly calibrated
(three-points) in anoxic, acidic Na2S (pH 4) solutions of known
H2S concentrations (i.e. 0, 50 and 100 lM, at experimental
temperature and salinity). The microelectrode is only sensitive to
H2S (Jeroschewski et al., 1996), which is the only sulphide
species that is able to penetrate plant tissue by liquid solution
permeation of the plasmalemma (Raven & Scrimgeour, 1997).
pH measurements were done with pH microelectrodes (PH-
50, tip diameter c. 50 lm, linear range pH 4–9; Unisense A/S;
K€uhl & Revsbech, 2001) with a 90% response time < 10 s and a
detection limit of 0.05–0.1 pH units. The pH microelectrodes
were used in combination with a reference electrode (REF-RM,
tip diameter of c. 5 mm; Unisense A/S) immersed in the seawater
in the flow through chamber in which measurements were taken.
The pH microelectrode was calibrated from sensor readings in
three pH buffers (pH 4, 7 and 9, at experimental temperature
and salinity) and responded linearly to pH over the calibration
range with a signal to pH ratio of c. 52 mV/pH unit.
All microsensors were connected to a four channel multim-
eter (Unisense A/S) interfaced with a PC running data acqui-
sition software (SensorTrace PRO; Unisense A/S). During
operation, the microsensors were mounted on a PC-interfaced
motorized micromanipulator (MM33-2, MC-232; Unisense
A/S) controlled by dedicated positioning software (Sensor-
Trace PRO; Unisense A/S). All microprofiles were measured
in steps of 100 lm (except vertical profiles describing the
relative difference between the rhizosphere and the artificial
sediment that were performed in 1000 lm step sizes). Before
each microprofile measurement commenced, the microsensors
were positioned at the tissue surface (indicated as 0 lm on
graphs) by means of the micromanipulator, while observing
the plant tissue surface and microsensor tip in the transparent,
artificial sediment through a stereomicroscope mounted on an
articulating arm (SM-6TZ; Amscope, Irvine, CA, USA)
equipped with a handheld lens (further described in Brodersen
et al., 2014).
Mapping the chemical microenvironment
Microelectrode measurements were performed at the basal mer-
istems with leaf sheath (meristematic regions of the rhizome;
base of leaf sheath), at the nodes (meristematic regions of the
rhizome; root–shoot junctions), on the internodes (three points/
locations along the latitude direction), as well as on the first
root bundle (n = 2–4, where ‘n’ represents numbers of technical
replicates). Note that the meristematic region of the rhizome is
a combined basal leaf/rhizome meristem area located between
the leaf bundle and rhizome (Short & Duarte, 2001); in this
study divided up in two regions, namely the nodium and the
basal meristem with leaf sheath c. 1 mm apart. The first root
bundle was divided into four areas: root mature zone (with
completely developed root hairs; RM), root elongation zone
(RE), root apical meristem region (area of root cell division;
RA) and root tip (RT) based on observations under a stereo
microscope (see Fig. 1).
Flux calculations
The radial oxygen flux (J(r); nmol O2 cm
2 h1) from the below-
ground tissue was calculated via a cylindrical version of Fick’s first
law of diffusion, assuming homogeneous O2 release from a per-
fect cylinder (Steen-Knudsen, 2002):
J ðrÞrootsystem ¼ /DsðC1  C2Þ=r ln ðr1=r2Þ Eqn 1
(φ, porosity; Ds, diffusion coefficient for oxygen in the artificial
sediment; r, radius of the given root/rhizome, DC, oxygen
concentration gradient through the oxic microzone (i.e. from the
tissue surface to the last point of the linear concentration gradient
c. 300 lm away from the tissue surface); r1 and r2, distance from
the root centre (i.e. radius of inner and outer cylinder shell)
equivalent to the measured O2 concentrations C1 and C2,
respectively). Radial H2S consumption rates (J ðrÞH2S; in
nmol H2S cm
2 h1) were calculated in a similar manner only
replacing the respective diffusion coefficient (see next paragraph).
The porosity, φ, of the artificial sediment was 0.95, and was
determined after drying the sediment at 105°C in an oven until a
constant weight was reached (known initial volume and wet
weight). The following equation was used for the calculation:
/ð%Þ ¼ ððMw=DwÞ  100Þ=ððMw=DwÞ þ ðMa=DaÞÞ Eqn 2
(Mw, weight of seawater; Dw, density of seawater; Ma, weight of
agar; Da, density of agar). The respective diffusion coefficients
within the sediment were calculated to be DS;H2S = 1.52519
105 cm2 s1 and DS;O2 = 2.01389 10
5 cm2 s1 at experimen-
tal temperature and salinity (assuming similar diffusion rates as
in seawater). The molecular diffusion coefficient for O2 in seawa-
ter, D0, and the multiplication factor for calculating the molecu-
lar diffusion coefficient of H2S at experimental temperature and
salinity, were taken from tables available at www.unisense.com
(Ramsing & Gundersen, 2014).
Measurements of seagrass health and photosynthetic
capacity during cultivation
Maximum and effective quantum yields of photosystem II (PSII)
in Z. muelleri were measured by pulse amplitude modulated
(PAM) fluorometry (PocketPAM equipped with an optical fiber;
PAM settings: saturating intensity 6, saturating width 0.6 s,
F > 100). The measurements were used as a general indicator of
seagrass health. Light energy absorbed by chlorophylls can either
be used for photochemistry, re-emitted as fluorescence (i.e. as
longer wavelengths) or dissipated as heat (nonphotochemical
quenching (NPQ)). The relative proportions of energy directed
through each of these different pathways define the health of the
photosystems, and can be used to determine maximum PSII
 2014 The Authors
New Phytologist 2014 New Phytologist Trust





Fv=Fm ¼ ðFm  FoÞ=Fm Eqn 3
and the effective quantum yield of PSII as:
DF =F 0m ¼ ðF 0m  F Þ=F 0m Eqn 4
(Fm, maximal fluorescence yield for dark-acclimated plants; Fo,
minimum fluorescence yield; F 0m , light-adapted maximum fluo-
rescence yield). As quantum yields are ratios of fluorescence yield
measurements, they have no units (Beer et al., 1998; Ralph &
Short, 2002). The maximum quantum yield provides a measure
of PSII photochemical efficiency (after a minimum dark adapta-
tion period of 10 min) and the effective quantum yield is a
measure of PSII photosynthetic activity (measured under
experimented irradiance intensities, i.e. 260 and 350 lmol pho-
tons m2 s1). Seagrass specimens were maintained in the artifi-
cial sediment for > 14 d before experiments (similar conditions as
used during the microsensor measurements), to verify the long-
term health of the plants under the experimental conditions. This
was confirmed by the observation of active growth in both above-
and belowground biomass during cultivation, as well as by mea-
sured effective and maximum quantum yields. A complete new
root bundle, internode and bundle of leaves were developed dur-
ing cultivation. The rhizome was growing c. 0.8 cm and the new
root bundle reached an average root length of 2.6 cm over a 7 d
period.
Histology
The base of the leaf sheath of the first shoot and the first inter-
node of each plant were cut into 20–40 lm transverse tissue
sections by means of a cryotome after prefixation in cryo-gel
(Tissue-Tek®; ProSciTech, Kirwan, Qld, Australia). The samples
were left embedded in the cryo-gel at c. 4°C for 24 h before the
cutting process, to ensure efficient tissue penetration. The
obtained sections of the belowground tissue were then transferred
to microscope glass slides where they were gently washed to
remove any remaining cryo-gel. The cleaned sections were then
examined under a stereo microscope and photographed with a
digital camera (Coolpix 995; Nikon, Tokyo, Japan).
Results
The detailed mapping of the belowground chemical microenvi-
ronment presented in the following originates from three Zostera
muelleri plants exposed to similar experimentally manipulated
environmental conditions, as well as above- and belowground
microenvironmental conditions. Results are shown from the two
plants examined in most detail.
Chemical conditions in the immediate rhizosphere
Photosynthetic O2 evolution, as well as diffusion of O2 from the
ambient water column into the aerenchyma, resulted in high
radial O2 release to the immediate rhizosphere of Z. muelleri
(Fig. 2; Table 1). The O2 release originating from the base of the
leaf sheath, as well as the rhizome (i.e. node and internodes),
resulted in the establishment of a c. 300-lm-thick oxic micro-
shield around the basal meristems with leaf sheath (BM), nodes
(during light and dark treatments; Fig. 2) and internodes (during
light treatments only; Fig. 2). Furthermore, a slightly deeper O2
penetration depth was observed within the immediate rhizo-
sphere of Z. muelleri, here defined as from the oxic microshield/
reduced sediment interface to the last measured point in the
rhizosphere (i.e. c. 0.3–5 mm distance away from the below-
ground tissue) as compared to the bulk artificial sediment (Sup-
porting Information Figs S1–S3; except during hypoxic water
column conditions (further described in Notes S1)). H2S was
completely removed from the artificial sediment surrounding the
BM, as well as from the first sections of the rhizome (until inter-
node 2), and the H2S concentration was generally highly reduced
(up to 20-fold) within the immediate rhizosphere, as compared to
the bulk artificial sediment concentrations measured at a similar
depth (Figs 2, S1, S2; except during hypoxic water column condi-
tions). As a reference to the measurements at the BM, H2S micro-
profiles were performed at the same vertical depth but c. 5 mm
away from the meristematic regions of the rhizome, and con-
firmed that H2S was present at concentrations up to
23 lmol H2S l
1 just outside the immediate rhizosphere (Fig.
S4).
No or low radial O2 release was detectable from the root bun-
dles as well as further down the rhizome – that is, away from the
growing direction (Fig. 3; data from root bundle 2 not shown).
This correlated with the relatively high H2S concentrations
(> 200 lmol H2S l
1) measured in the artificial sediment
surrounding the root tips (Fig. 3; dark treatment).
In the immediate rhizosphere of the meristematic tissue, pH
values reached up to c. 7.9 as compared to pH c. 6.2 in the bulk
of the artificial sediment at similar vertical depth (Figs 2, S1, S2).
Within the immediate rhizosphere, pH decreased towards the
root tips (Fig. 3), reaching pH values of c. 6.0 at the root tip sur-
face. Due to the horizontal orientation of the belowground tissue
in the flow chamber, these findings could not have been simply a
result of the vertical pH microgradient present in the reduced
artificial sediment (Figs 1, S1, S2).
Microgradients and oxic microshield
At an incident irradiance of 350 lmol photons m2 s1, radial
O2 release rates reached local maxima of c. 500 nmol O2
cm2 h1 at the base of the leaf sheath, located at the meriste-
matic region of the rhizome (Fig. 2; plant 2, node 1; Table 1).
This correlated with a complete removal of H2S in the same
region (Fig. 2). The highest re-oxidation rate of H2S was
measured at the second internode of plant 2 during the dark
treatment, reaching c. 48 nmol H2S cm
2 h1. This somewhat
unexpected region of the rhizome consuming most H2S per unit
time was likely a result of the almost complete re-oxidation and
consequent removal of H2S in the immediate rhizosphere of the
meristematic regions of the rhizome (Fig. 2; Table 1). Hence, flux
calculation from this region with the highest O2 leakage was
New Phytologist (2015) 205: 1264–1276  2014 The Authors






Fig. 2 The dynamics of the belowground chemical microenvironment of Zostera muelleri under experimentally changed environmental conditions
as mapped with microelectrodes, illustrating the rhizome region including basal meristems with leaf sheath: (a) shoot 1; (b) shoot 2. The x- and
y-axis are organized spatially, thus reflecting the actual orientation of the belowground microsensor measurements. Y = 0 indicate the
belowground tissue surface. Error bars are  SD. n = 2–4. The illustration of Z. muelleri originates from the IAN/UMCES symbol and image
libraries (Diana Kleine, Integration and Application Network (IAN), University of Maryland Center for Environmental Science (ian.umces.edu/
imagelibrary/)).
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impossible. The highest O2 release rates were measured at the
meristematic regions of the rhizome (i.e. BM and nodes), with
> 3-fold higher release rates as compared to any other regions of
the belowground tissue (Table 1; expect during hypoxia condi-
tions). Inside the oxic microshield, pH levels decreased towards
the tissue surface with an average of c. 1 pH unit (Table 1). A
close-up of the oxic microshield and the overall dynamics of the
chemical microenvironment within the immediate rhizosphere,
as well as throughout the oxic microzone is shown in Fig. 4.
Changing environmental conditions
The main difference between the light and dark treatments was
the establishment of an oxic microshield around the first
internode during illumination, as a result of radial O2 release
from this section of the plant (Fig. 2). At the tissue surface of
the first internode, an average radial O2 release rate of
93 nmol O2 cm
2 h1 and an average H2S consumption rate of
30 nmol H2S cm
2 h1 was found, under an incident irradiance
of 350 lmol photons m2 s1 (Table 1).
The radial O2 release from the meristematic regions of the rhi-
zome increased from 2 nmol O2 cm
2 h1 during hypoxia to
395 nmol O2 cm
2 h1 at an incident irradiance of
350 lmol photons m2 s1 in an air-saturated water column
(Table 1).
The H2S concentration at the surface of this region varied
between 0 and c. 2 lmol H2S l
1 in darkness, and between 0 and
1 lmol H2S l
1 under the highest experimental incident irradi-
ance (350 lmol photons m2 s1; Fig. 2). During water column
hypoxia, the H2S concentration increased to between 8 and
99 lmol H2S l
1 (Fig. 2).
The low or lacking radial O2 release from the belowground tis-
sue during and after water column hypoxia thus resulted in
relatively high H2S concentrations at the belowground tissue sur-
face averaging 56 lmol H2S l
1 (Figs 2, 3; Table 1). These find-
ings suggest very limited consumption and removal of H2S
Fig. 3 Microprofiles showing the belowground microenvironment surrounding the roots of the first root-bundle (R1) in Zostera muelleri. Y = 0 indicates
the belowground tissue surface. Error bars are  SD. n = 2–4. Abbreviations are explained in the main text. Seagrass illustration from ian.umces.edu/
imagelibrary/.
 2014 The Authors
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during the hypoxia treatment as a result of the much lower oxida-
tion capability of the belowground tissue. Furthermore,
Z. muelleri specimens showed low recovery after the hypoxia
treatment, where no belowground radial O2 release was detect-
able for a period of 48 h after the exposure (12 h : 12 h,
light : dark cycle; leaf canopy exposed to 100% air saturated water
column during the recovery time), and a loss of aboveground bio-
mass was observed (i.e. detachment of leaves; data not shown).
Oxygen source and rhizome histology
Histological studies of the BM and the surrounding leaf sheath
revealed extensive internal gas channels (lacunar system) in the
tissue of the leaf sheath at the meristematic region of the rhizome,
in addition to gas channels in the meristematic tissue (Fig. 5).
The transverse sections of the first internode, that is, further away
from the growth direction, also showed well-developed aeren-
chyma situated in the cortex in a circular orientation close to the
tissue centre (Fig. 5). Moreover, a central stele was distinct in the
cross-tissue section of the internode, and a newly formed root
bundle, clearly impeding the distribution of the aerenchyma, was
visible in the cross-tissue section of the basal meristem area
(Fig. 5).
PAM fluorometry measurements
The maximum quantum yields of PSII measured at the centre of
each leaf in the middle of the leaf canopy was c. 0.67 for both
plants (Table 2). After exposure to hypoxic conditions in the
water column, the maximum quantum yield decreased 6% to
0.61 (measured on plant 2, n = 4; Table 2). The effective quan-
tum yield increased 23% (from 0.43 to 0.53) when the light
intensity was increased from 260 to 350 lmol photons m2 s1,
but decreased by > 50% (to 0.27) after exposure to hypoxic con-
ditions under an incident irradiance of 350 lmol pho-
tons m2 s1 (Table 2). These results verify that the measured
microprofiles of the chemical microenvironment represent the
dynamics of healthy and photosynthetic competent seagrasses
(under the light : dark treatments) and that the seagrass photo-
synthetic quantum efficiency was affected by the hypoxic condi-
tions (measured after a 24 h recovery time; 12 h : 12 h,
light : dark cycle).
Discussion
Our results show that the seagrass Zostera muelleri can modify the
biogeochemical conditions of its immediate rhizosphere, via O2
release from belowground tissue, resulting in an almost complete
re-oxidation of phytotoxic H2S around the basal meristems with
leaf sheath (BM) and rhizome in the growing direction (Figs 2, 6).
This supports earlier findings in studies of Thalassia sp., showing
significantly decreased sulphate reduction rates and H2S pools in
seagrass-vegetated sediment as compared to nonvegetated areas
(Borum et al., 2005; Holmer et al., 2006). The continuous release
of O2 from the belowground tissue of Z. muelleri likely ensures
the maintenance of an oxic microshield around vital and meta-
bolically active parts of the plant (Figs 2, 4). The oxic microshield
was widest at the base of the leaf sheath (Fig. 2; Table 1), which
likely protects this important but vulnerable part of the plant
from H2S intrusion. The leaf sheath surrounds the meristematic
plant tissue that, owing to its compact anatomy, has poorly
developed aerenchyma, wherefore O2 transport and supply to
this sensitive area is impeded (Raun & Borum, 2013). This is
supported by our observations of the morphological characteris-
tics of the aerenchyma in the leaf sheath (Fig. 5), showing a
Fig. 4 Selected microprofiles showing the oxic microshield (OM) at the
basal meristem with leaf sheath in Zostera muelleri. [O2] (blue circles),
[H2S] (black circles) and pH (red circles) values measured at increasing
distance away from the belowground tissue (base of the leaf sheath),
illustrating the dynamics of the belowground chemical microenvironment
across the oxygen–sulphide interface as well as throughout the oxic
microzone. Y = 0 indicates the belowground tissue surface. Error bars are
 SD (n = 3). The microprofiles shown are from the dark treatment.
(a) (b)
Fig. 5 Transverse sections of the rhizome in Zostera muelleri. (a)
Meristematic region of the rhizome, including the surrounding leaf sheath;
(b) internode. Black arrows show aerenchyma (internal lacunar system).
Note the extensive distribution of the internal gas channels in the leaf
sheath. R, initial formation of a root bundle.
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well-developed lacunar system at the basal meristems with large
internal gas channels, thus enabling rapid and extensive O2
release to the rhizosphere. Furthermore, a slightly deeper O2 pen-
etration and a downward movement of the H2S front were found
within the immediate rhizosphere as compared to the bulk artifi-
cial sediment (Figs S1, S2), a result of plant-mediated alterations
of the belowground biogeochemical microenvironment, whereby
the plants accommodate their own growth.
The radial O2 fluxes from the meristematic regions of the rhi-
zome (up to c. 5 mmol O2 m
2 h1 in light and
3.32 mmol O2 m
2 h1 in darkness; Fig. 2; Table 1) are similar
to previously reported rates measured in the rhizosphere of
Cymodocea rotundata (5.25 mmol O2 m
2 h1 in light and
2.28 mmol O2 m
2 h1 in darkness; Pedersen et al., 1998).
Earlier studies have shown that photosynthetically derived O2
evolution during illumination results in an enhanced O2 partial
pressure in the internal gas channels of the plant. In darkness, on
the other hand, the belowground tissue is supported only by pas-
sive diffusion from the surrounding water column through the
leaf tissue and into the lacunar system (Greve et al., 2003; Sand-
Jensen et al., 2005; Borum et al., 2006). This is supported by our
findings of higher O2 release during light exposure, as well as the
formation of an oxic microshield around the first internode as a
result of O2 release from the rhizome under an incident irradi-
ance of 350 lmol photons m2 s1 (Fig. 2). The thickness of the
oxic microshield (c. 300 lm; Figs 2, 4) surrounding the rhizome
of Z. muelleri was similar to previous measurements around
Z. marina in natural sediment, where Jensen et al. (2005) found
an c. 500-lm-thick O2 microzone surrounding the root tip. The
O2 demand of the reduced artificial sediment in our experimental
setup was thus of similar magnitude as in natural settings. Previ-
ous O2 microelectrode and planar optode studies of Z. marina
roots (Jensen et al., 2005; Frederiksen & Glud, 2006) demon-
strated a heterogeneous microdistribution of O2 along the first
actively growing root bundle, with O2 mainly leaking out from
around the apical meristem of the root tip (i.e. 1–2 mm away
from root apex). Low rates of O2 release were also observed from
the meristematic region of the rhizome of Z. marina by Jensen
et al. (2005), indicating an analogous protection mechanism pro-
vided by the leaf sheath to the diminished gas channels in the
compact meristematic tissue in this particular Zostera species.
This is also supported by findings by Caffrey & Kemp (1991),
who detected O2 release to the rhizosphere from both roots and
rhizomes of Z. marina.
The observed co-existence of H2S and O2 within the oxic
microzone (Figs 2, 4) suggests that spontaneous chemical re-
oxidation was the dominant sulphide oxidizing mechanism in
this experiment, as bacteria-mediated oxidation is 104–105 times
faster than chemical oxidation and thus rarely allows for co-exis-
tence to such temporal and spatial extents (Jørgensen &
Revsbech, 1983; Nelson et al., 1986; Pedersen et al., 2004).
However, microbially mediated oxidation of H2S is likely more
important in natural sediments in which the bacterial abundance
is much higher than in the artificial sediment employed in this
study. As such, the presence of sulphide-oxidizing bacteria would
lead to shorter turnover time of H2S and decrease the likelihood
of H2S to reach the rhizome in the presence of O2 (Jørgensen &
Revsbech, 1983; Nelson et al., 1986).
The decreased pH levels found within the oxic microshield of
the meristematic regions of the rhizome may be a result of the
formation of sulphuric acid as a byproduct of the spontaneous
chemical reactions between O2 and H2S (Figs 2, 4). Interestingly,
such locally decreased pH levels could lead to the release of sedi-
ment bound phosphorus, which is often considered a limiting
nutrient in carbonate-rich marine sediments (Fourqurean &
Zieman, 2002; Holmer et al., 2006), thus allowing for these
plants to grow in phosphorus-limited regions (Holmer et al.,
2006). The increased pH just outside the oxic microshield, as
compared to the bulk artificial sediment (Figs 2, 4), indicates that
Z. muelleri may secrete chemical substances (allelochemicals) to
Table 2 Maximum and effective quantum yields of photosystem II (PSII)
measured at the centre of the leaf in the middle of the leaf canopy of both







Plant 1 0.67 0.1 0.43 0.1 260
Plant 2 0.67 0.1 0.53 0.1 350
Plant 2 (after
HYPOXIA)
0.61 0.1 0.26 0.1 350
The after hypoxia measurements were conducted after a 24 h, 12 h : 12 h,
light : dark cycle. Leaves were exposed to a 100% air saturated water
column during the 24 h recovery time. Means SD (n = 2–4).
Fig. 6 Conceptual diagram visualizing the results of the microelectrode
measurements performed in the belowground microenvironment of
Zostera muelleri and presented here in this study. The colour gradient in
the immediate rhizosphere indicates the relative concentration of the
chemical species (blue, oxygen; yellow, H2S; red, pH value (indicated as
the relative amount of hydrogen ions)). Seagrass illustration from ian.
umces.edu/imagelibrary/.
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compensate for the generally decreased pH levels in the oxic mi-
crozone. An increase in the sediment pH would furthermore lead
to a decrease in the H2S concentrations in the immediate rhizo-
sphere as a result of a pH-induced change in the sulphide equilib-
rium towards nonphytotoxic HS ions, thus acting as a
counterbalance to the supposedly plant-induced formation of sul-
phuric acid. The enhanced pH level in the rhizosphere could con-
sequently act as an additional chemical defence mechanism
against toxic H2S. This potential importance of pH changes in
the rhizosphere of aquatic macrophytes has largely been over-
looked in previous studies (Caffrey & Kemp, 1991; Pedersen
et al., 1998; Jensen et al., 2005).
The limited O2 release during water column hypoxia (Fig. 2)
resulted in the deterioration of the oxic microshield and a con-
comitant increase in the flux of H2S towards the tissue surface
(Table 1). This likely enhanced the risk of H2S intrusion into the
plant tissue as H2S reaches the tissue surface as a consequence of
inadequate internal aeration (Table 1; Fig. 2). Particularly inter-
esting is the observation of H2S intrusion into the mature zone of
roots when exposed to hypoxic conditions (Fig. 3). This was not
observed in any of the other treatments (i.e. an influx of H2S)
and thus strongly suggests that this happened as a result of low-
ered O2 release from the rhizome and less O2 support to the roots
(Fig. 3). These results are supported by the findings of Pedersen
et al. (2004), showing H2S intrusion into seagrass meristem tissue
at low–moderate water column O2 concentrations (c. 35% of air
saturation). In our study, we found a slightly enhanced O2 com-
pensation point of c. 50% of air saturation in the water column –
that is, the O2 concentration where the total O2 demand exceeds
the rate of passive O2 diffusion from the surrounding water col-
umn. This can most likely be explained by relatively thicker dif-
fusive boundary layers over the leaves (Binzer et al., 2005),
although enhanced plant respiration and a higher O2 demand of
the artificial sediment are also possible explanations.
A recent study by Raun & Borum (2013) showed that internal
meristematic anoxia (or hypoxia) occurred in Z. marina at a water
column O2 concentration of c. 30% air saturation at 15°C, but
also at c. 60% air saturation at 25°C. High temperatures can thus
have a substantial negative impact on the O2 concentrations of
the meristematic tissue as a result of increased plant tissue respira-
tion. The experiments of Raun & Borum (2013) were conducted
in water-filled jars – that is with the above- and belowground tis-
sue experiencing exactly the same conditions – and did not take
into account the potential importance of bacterial respiration and
spontaneous chemical reactions such as H2S re-oxidation. Hence,
a slight decrease or increase in one of the numerous sinks or
sources of O2 could explain the higher O2 compensation point
seen in our experiment (Fig. 2; Table 1).
No radial O2 release was found from the roots of Z. muelleri
(Fig. 3). A barrier to radial O2 release from the root-region of
seagrasses has previously been shown to be restricted to the
mature zone of the roots of Z. marina, with O2 leaking out from
around the root cap (Jensen et al., 2005). Roots growing in
reduced environments rely on a continued supply of O2 to the
active apical meristem during elongation. A barrier to O2 release,
such as that provided by casparian band-like structures composed
of suberin (Barnabes, 1996), can ensure an efficient transport of
O2 to the roots, as well as provide protection against intrusion of
phytotoxic compounds such as H2S. Additionally, the oxic mi-
crozone described in this study results in a protective oxidized
zone, in which new roots can form and reach maturity with
developed barriers to O2 release and H2S intrusion (Fig. 7).
Loss of seagrass meadows has been related to H2S poisoning
during water column hypoxia (Pedersen et al., 2004; Borum
et al., 2005), as the internal O2 partial pressure of the aerenchyma
has been found to be highly correlated with the water column O2
content (Pedersen et al., 2004; Borum et al., 2005). Water col-
umn hypoxia leads to inadequate internal aeration, which in turn
may result in H2S intrusion. Our results strongly support these
previous findings showing that seagrass is more sensitive to water
column hypoxia during night-time, where there is no photosyn-
thesis-driven O2 supply to the rhizosphere. This underlines the
importance of the diffusive supply of water column O2 over the
seagrass leaf DBL during the night. Sufficient oxygen support
from the water column in darkness ensures the maintenance of a
protective oxic microshield around meristematic regions of the
rhizome, and is thus vital for seagrass survival in highly reduced
sediments.
In conclusion, we found that Z. muelleri is able to modify the
chemical conditions of its immediate rhizosphere, resulting from
high radial O2 release from the base of the leaf sheath surround-
ing the meristematic regions of the rhizome. This enables oxida-
tion of ambient phytotoxic H2S, and thereby acts as a chemical
defence mechanism, protecting the most vulnerable meristematic
tissue. In addition, plant-mediated pH increase in the immediate
rhizosphere likely reduces the concentration of phytotoxic H2S
by shifting the speciation of sulphide towards nonphytotoxic
HS ions, thus leading to further detoxification of the below-
ground microenvironment. Water column hypoxia may lead to
an inadequate internal O2 supply to the belowground tissues,
(a)
(b)
Fig. 7 Conceptual diagram illustrating the protecting oxic microshield at
the meristematic region of the rhizome (cross tissue section of the basal
meristem with leaf sheath) in Zostera muelleri. The presence of the oxic
microshield leads to a plant-derived oxidation of sediment produced H2S
(a). Inadequate internal aeration may result in H2S intrusion (b).
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resulting in H2S intrusion as a consequence of the degradation of
the protecting oxic microshield. Prolonged or sudden degrada-
tion of the oxic microshield protecting the vital basal meristems
may thus be the initial external chemical mechanism behind
sudden seagrass die-off events in highly reduced marine
sediments.
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†Marine Biological Section, Department of Biology, University of Copenhagen, Helsingør DK-3000, Denmark
‡Plant Functional Biology and Climate Change Cluster, University of Technology Sydney, Ultimo, New South Wales 2007, Australia
§Singapore Centre on Environmental Life Sciences Engineering, School of Biological Sciences, Nanyang Technological University,
Singapore 639798, Singapore
*S Supporting Information
ABSTRACT: Seagrass communities provide important eco-
systems services in coastal environments but are threatened by
anthropogenic impacts. Especially the ability of seagrasses to
aerate their below-ground tissue and immediate rhizosphere to
prevent sulfide intrusion from the surrounding sediment is
critical for their resilience to environmental disturbance. There
is a need for chemical techniques that can map the O2
distribution and dynamics in the seagrass rhizosphere upon
environmental changes and thereby identify critical stress
thresholds of e.g. water flow, turbidity, and O2 conditions in the
water phase. In a novel experimental approach, we incorpo-
rated optical O2 sensor nanoparticles into a transparent
artificial sediment matrix consisting of pH-buffered deoxy-
genated sulfidic agar. Seagrass growth and photosynthesis was not inhibited in the experimental setup when the below-ground
biomass was immobilized in the artificial sulfidic sediment with nanoparticles and showed root growth rates (∼5 mm day−1) and
photosynthetic quantum yields (∼0.7) comparable to healthy seagrasses in their natural habitat. We mapped the real-time below
ground O2 distribution and dynamics in the whole seagrass rhizosphere during experimental manipulation of light exposure and
O2 content in the overlaying water. Those manipulations showed that oxygen release from the belowground tissue is much higher
in light as compared to darkness and that water column hypoxia leads to diminished oxygen levels around the rhizome/roots.
Oxygen release was visualized and analyzed on a whole rhizosphere level, which is a substantial improvement to existing methods
relying on point measurements with O2 microsensors or partial mapping of the rhizosphere in close contact with a planar O2
optode. The combined use of optical nanoparticle-based sensors with artificial sediments enables imaging of chemical
microenvironments in the rhizosphere of aquatic plants at high spatiotemporal resolution with a relatively simple experimental
setup and thus represents a significant methodological advancement for studies of environmental impacts on aquatic plant
ecophysiology.
■ INTRODUCTION
Seagrasses are marine flowering plants that provide a range of
essential eco-engineering services, such as facilitating carbon
sequestration, improving water clarity, and protecting coastal
areas against erosion.1 Despite being considered as a high-value
ecosystem, providing nursery areas and feeding grounds to
numerous important commercial marine fish and crustacean
species, seagrass meadows are currently declining with an
alarming rate mainly due to human activity.2,3 Seagrass plants
mostly inhabit shallow coastal sediments, where they form an
important coastal ecosystem with high productivity and
biodiversity.1,2 However, the below-ground biomass of
seagrasses is anchored and grows in organic rich, reduced and
often sulfidic sediments, which present a challenge to the plants
and can potentially be involved in die-off events.4,5 Sulfide, and
especially dissolved H2S, is highly toxic for seagrasses
6,7 that
have developed a variety of structural defense mechanisms such
as the presence of an intracellular gas-filled lacunar system
(aerenchyma) enabling rapid and low-resistance exchange of
gases between the above- and below-ground tissue and
rhizosphere.8 However, our understanding of the function of
this system and its role for the survival of seagrasses under
environmental stress is still incomplete. The chemical micro-
environment in the seagrass rhizosphere exhibits a high
spatiotemporal heterogeneity that remains to be studied in
detail. Especially the O2 dynamics in the rhizosphere is of
importance as radial O2 loss from the below-ground biomass
can act as a microshield against toxic H2S from the surrounding
sediment.9−11 Inadequate O2 transport from seagrass leaves to
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the below-ground tissue is regarded as a key mechanism in
seagrass die-off events12,13 upon anthropogenic impacts such as
dredging and eutrophication affecting the transparency and/or
O2 level in the overlaying water.
14
It has recently been shown that O2 released from the
meristematic region of the rhizome of the seagrass species
Zostera muelleri subsp. capricorni alters the local below-ground
chemical microenvironment by chemically reoxidizing H2S and
thereby detoxifying the surrounding sediment.11 This chemical
defense mechanism is highly affected by hypoxic water-column
conditions during darkness, as the oxidation capacity of the
below-ground tissue of seagrasses is completely dependent on
passive diffusion of O2 from the surrounding water-column,
across diffusive boundary layers and into the aerenchyma when
no O2 is evolved via photosynthesis.
11−13
Most studies of the O2 dynamics in the seagrass rhizosphere
have used electrochemical or optical microsensors9−11,15 that
enable measurements with a very high spatiotemporal
resolution but only at a limited set of measuring points.
Therefore, studying different regions of the rhizome is very
tedious, and it is impossible to account for the complete O2
distribution around the below-ground biomass. There is thus a
need for techniques that can map the heterogeneous O2
microdistribution and dynamics around the rhizome and
roots of seagrasses over larger spatial scales.
Imaging of chemical parameters using planar optical sensor
foils, i.e., planar optodes, is a powerful alternative to
microsensor measurements.16 While planar optodes are
excellent tools for visualizing dynamic processes in sedi-
ments,17−19 this approach is not as straightforward for
investigations of the rhizosphere, where a good contact
between the sensor foil and the plant tissue is needed.
Achieving such a good contact is not easy and obviously only
possible for selected parts of the roots at once.20,21 Depending
on the root geometry and the planar sensor layer thickness,
diffusive smearing of the true O2 distribution can also be
induced due to the presence of the O2-impermeable sensor foil
up against the biomass.22
In the present study we used O2 sensitive optical nano-
sensors23 in combination with an artificial, semitransparent
sulfidic sediment matrix to simultaneously map the O2
dynamics in the whole rhizosphere of the seagrass Zostera
muelleri. We present the new methodology and show its
application for mapping responses in the rhizosphere O2
microenvironment due to changes in irradiance and O2 content
in the overlaying water.
■ MATERIALS AND METHODS
Materials for the Nanosensors. Platinum(II) meso-
(2,3,4,5,6-pentafluoro)phenyl porphyrin (PtTFPP) was bought
from Frontier Scientific (www.frontiersci.com); Macrolex
fluorescence yellow 10GN (MY) was obtained from Kremer
Pigments (http://kremerpigments.com). The styrene maleic
anhydride copolymer (PSMA with 8% MA, Mw: 250000
g*mol−1) XIRAN was generously provided by Polyscope
(http://www.polyscope.eu). Tetrahydrofuran (THF) was
obtained by Sigma-Aldrich.
Materials for the Transparent, Artificial Sediment.
Agar powder for microbiology (gel point ∼35 °C; gel strength
>300 g cm−2), HEPES buffer (N-(2-hydroxyethyl)piperazine-
N′-(2-ethanesulfonic acid); pKa (at 25 °C) = 7.48; useful pH
range = 6.8−8.2), and sodium sulfide nonahydrate (Na2S·
9H2O) were purchased from Sigma-Aldrich (www.
sigmaaldrich.com).
Nanosensor Preparation. The sensor nanoparticles were
prepared according to the previously described method by
Mistlberger et al.24 Briefly, 200 mg of PSMA, 3 mg of MY
(reference dye), and 3 mg of PtTFPP (O2 indicator) were
dissolved in 20 g of THF. This mixture was quickly poured into
200 mL of vigorously stirred distilled water. After evaporating
the THF under an air stream, the particle suspension was
concentrated at elevated temperature (60 °C) until a
concentration of 5 mg per mL was reached. The concentration
was checked by drying and subsequent weighing of 1 mL of the
particle suspension. The obtained particles have a size of several
hundred nm and a strongly negative zeta potential of around
−30 mV as shown elswhere.24 The particle suspension could be
stored over several weeks without any signs of sedimentation,
color change, or change in the calibration characteristics.
Seagrass Collection. Seagrass specimens of Zostera
muelleri subsp. capricorni (Asch.) S.W.L.Jacobs were collected
from a shallow (<1 m deep) coastal site at Brisbane Waters,
NSW, Australia. The plants were transported (in water from
the sampling site) to a greenhouse facility at the University of
Figure 1. A: Experimental setup. The below-ground tissue of the seagrass is embedded in the artificial sediment containing the O2 sensitive
nanoparticles. A SLR camera and LED are mounted perpendicular to the transparent chamber wall. Gas supply and reference optode are immersed
in the overlaying water. B: Calibration curve of the sensor nanoparticles in the artificial sediment. Symbols and error bars represent means ± SD (n =
3). The red curve shows a fit of an exponential decay function to the calibration data (R2 > 0.999).
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Technology Sydney, where they were kept under natural light
at a salinity of ∼34 ppt and a temperature of ∼22 °C. Prior to
the experiments, specimens were gently washed free of any
adhering sediment particles before transferring them to the
experimental chamber.
Experimental Setup. The experimental chamber (inner
dimensions 10 × 130 × 120 mm) consisted of a custom-made
narrow, transparent acrylic chamber with a removable front
window made of polycarbonate for ease of access when casting
the sediment and improved optical properties during imaging,
respectively (see Figure 1 and the Supporting Information
video). Illumination of the plant leaves was provided by a
tungsten halogen lamp equipped with a collimating lens (KL-
2500, Schott GmbH, Germany). Stirring and aeration of the
water-column was obtained via a submerged Pasteur pipet
connected to an air pump or a gas mixer (Sensorsense, The
Netherlands).
Preparation of the Artificial Sediment. The transparent,
artificial sediment consisted of a deoxygenated ∼0.5% (w/w)
agar-seawater solution (100 mL), buffered with HEPES (final
concentration of 10 mM) and amended with O2-sensitive
nanoparticles (2% w/w) and Na2S to a final H2S concentration
of 250 μM (at pH 7). Prior to casting the sediment, the agar
powder had been prewashed overnight in cold seawater to
improve clarity. The reduced, artificial sediment was thus
constructed to mimic chemical settings in natural sediment
while allowing for direct visual investigation of the below-
ground tissue during measurements.
The sensor nanoparticles were added to the heated artificial
sediment mixture during the preparation. Oxygen sensor
nanoparticles could be homogeneously incorporated into the
artificial sediment matrix with no visible formation of larger
sensor particle aggregates in the agar. To ensure this, the timing
of the nanoparticle addition to the agar is important, and this
should be done shortly before the artificial sediment is poured
into the chamber (i.e., at ∼38 °C). The concentration of
nanoparticles in the agar ensured a good measuring signal,
while preserving a good visual transparency. To further avoid
potential limitations of transparency, we placed the seagrass
rhizome close to (without touching) the polycarbonate plate of
the experimental chamber when pouring the agar with
nanoparticles into the chamber (at an agar matrix temperature
of ∼36 °C that rapidly cooled to room temperature upon
contact with the experimental chamber wall). The chamber
could then be sealed and positioned in front of the imaging
system. Gas supply from a gas mixer was ensured, and a fiber-
optic optode (Pyro-Science GmbH, Germany) was introduced
to continuously monitor the O2 concentration in the water
column. The leaf canopy was kept in the upper stirred water-
phase. A schematic of the setup can be seen in Figure 1. A
detailed video documentation of these preparation steps can be
found in the Supporting Information.
Imaging Setup. We used a ratiometric RGB camera setup
for O2 imaging.
25 The system consisted of a SLR camera (EOS
1000D, Canon, Japan) combined with a macro objective
(Macro 100 f2,8 D, Tokina, Japan) equipped with a 455 nm
long pass filter (Uqgoptics.com). Excitation of sensor particles
was achieved with a 405 nm multichip LED equipped with a
bandpass filter (NT43-156, Edmundoptics.com). The LED was
powered by a USB-controlled LED driver unit for fluorescence
imaging applications (available from http://imaging.fish-n-
chips.de). Image acquisition control of the SLR and LED was
done with the software look@RGB (http://imaging.fish-n-
chips.de).
Image Analysis and Calibration. Acquired images were
split into red, green, and blue channels and analyzed using the
freely available software ImageJ (http://rsbweb.nih.gov/ij/). In
order to obtain O2 concentration images the following steps
were performed: First the red channel (O2 sensitive emission of
PtTFPP) and green channel (emission of the reference dye
MY) images were divided using the ImageJ plugin Ratio Plus
(http://rsb.info.nih.gov/ij/plugins/ratio-plus.html). Afterward,
the obtained ratio-image was fitted with the previously obtained
calibration curve using the Curve Fitting tool of ImageJ
(exponential decay). The calibration curve was generated as
follows. A small piece of nanosensor-containing nonsulfidic agar
was immobilized in the chamber. Oxygen levels of the water on
top of the agar were altered with the help of compressed air and
nitrogen, which were mixed by a PC-controlled gas mixer
(SensorSense, The Netherlands). Simultaneously, the O2 level
in the water column was monitored by means of a calibrated O2
optode system (Oxygen dipping probe connected to Piccolo2
m; PyroScience GmbH, Aachen, Germany). To ensure that
equilibrium was reached, each calibration step was held for 60
min. The calibration was obtained by linking the measured
image ratios to the measured O2 level (Figure 1). A
visualization of the calibration process can be found in the
Supporting Information (Figure S1).
Seagrass Photosynthetic Performance. We assessed the
photosynthetic competence of various parts of the seagrasses
using a fiber-optic pulse amplitude modulated (PAM)
fluorometer (PocketPAM, Walz GmbH, Germany) measuring
the quantum yield of the PSII photosynthetic electron transport
in the dark adapted state (Fv/Fm = the maximal quantum yield)
and in the presence of actinic light (YII = the effective quantum
yield).26
Experimental Treatments. We monitored the O2
distribution around the seagrass roots under 2 experimental
manipulations:
i) During a light-dark transition, where the plant leaves were
first illuminated with an incident photon irradiance of ∼500
μmol photons m−2 s−1 for 90 min to ensure that equilibrium
conditions were reached in the light. Thereafter, the external
illumination was switched off, and the plant was left in the dark
for 3 h. During the dark incubation, the image acquisition could
be automated, while measurements in light required switching
the external light source off for a brief period just before and
during image acquisition.
ii) During decreasing O2 contents in the water-column, from
100% air saturation down to ∼0% air saturation. The plant was
first kept at an irradiance of ∼500 μmol photons m−2 s−1 for 90
min in air saturated water to ensure that equilibrium conditions
was reached. Then the external illumination was switched off,
and the overlaying water was flushed with N2 gas for 2.5 h to
simulate water column hypoxia. Finally the water-column was
again bubbled with air, and the plant was still kept in the dark
for another 4.5 h. The O2 concentration in the water-column
was monitored simultaneously by the above-mentioned fiber-
optic O2 optode. Image acquisition was performed as described
above.
■ RESULTS AND DISCUSSION
Introduction of optical sensor nanoparticles into the artificial
sediment did not affect the sensor performance. The calibration
curve of the agar-immobilized O2 nanoparticles showed the
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expected exponential decay typical for optical O2 sensors based
on luminescence quenching27 (Figure 1).
Obviously, it is important to assess potential effects of the
artificial sediment with nanosensors on the seagrass health. In
this study, we evaluated two plants of the species Z. muelleri.
Both plant specimens tolerated the artificial sediment with
nanoparticles well, and new root growth (at a rate of ∼5 mm
d−1) was actually observed in both plants after a few days. Good
plant health was also confirmed by measurements of photo-
synthetic performance of the two plants (Table 1). PAM
fluorometry measurements in both plants revealed a high
quantum efficiency of photosynthesis in the leaf canopy (shoot
1); i.e., maximum and effective quantum yields of PSII ∼0.7
and ∼0.6 (at a light intensity of 500 μmol photons m−2 s−1),
respectively. As seagrasses are considered healthy when
maximum PSII quantum yields of the shoot are around 0.7,28
we concluded that the two studied plants cultivated in the
artificial sediment were healthy. Besides the shoot, the
photosynthetic performance of the prophyllum, i.e., single
leaves originating from the horizontal rhizome, was also
evaluated. Whereas plant 1 had photosynthetically active
prophyllums, albeit with a lower photosynthetic quantum
efficiency than the fresh leaves, plant 2’s prophyllums showed
no photosynthetic activity (Table 1); these observations were
also supported by the respective images of O2 concentration
around these structures (see Figure 2). The presence of
photosynthetically active prophyllums was a surprising finding,
as these older plant structures are typically considered inactive.
A more detailed investigation of this finding was, however,
beyond the scope of this study and will be examined in future
work.
While the presented O2 nansosensor methodology is not
applicable to natural nontransparent sediments, it is well suited
to investigate the below-ground chemical microenvironment of
seagrasses embedded in artificial transparent sediment matrices
that mimic key aspects of the sediment biogeochemistry such as
high sulfide contents.11 With the experimental setup, both
structural images of the two plants as well as images of O2
concentration surrounding their below-ground biomass could
be recorded (Figure 2). Both images were taken after exposing
the plants to an irradiance of 500 μmol photons m−2 s−1 for 90
min. The O2 distribution in the below-ground environment was
evidently very different between the two investigated speci-
mens. In plant 1, photosynthetically active prophyllums (one
marked as P in each picture) oxidized the sediment, while plant
2 mainly showed O2 leakage around the nodiums (marked as
N), the basal meristem (B), and at the root tips. One of the
benefits of the method presented here is that aligned structural
and chemical (O2 concentration) images can easily be obtained.
While the chamber is illuminated by an external light source a
structural image can be taken and by switching off the external
light source and triggering the LED illumination, a
luminescence image can be acquired that leads to an O2
concentration image. In this way the position of structural
elements (e.g., roots, rhizome) can be precisely aligned with the
chemical information. A slight drawback is that due to the
emission filter in front of the SLR camera, the structural picture
appears slightly yellow.
The O2 imaging showed that it is possible to simultaneously
map the O2 distribution within the entire seagrass rhizosphere
(Figure 2, 3), and the method is well suited to observe changes
in sediment oxygenation under different environmental
conditions. Light exposure of the leaf canopy thus dramatically
changed the O2 status around the roots and rhizome (Figure
3). Under high irradiance, seagrass leaf photosynthesis
produced O2 that was transported to the below-ground
biomass of the plant, where it supported aerobic metabolism
and leaked into the immediate rhizosphere leading to locally
increasing O2 levels during illumination (Figure 3A, 3C; region
of interest (ROI), 1−3). During illumination, leakage of O2 was
also observed at the node region (ROI 2) and the basal
meristem (ROI 3). In contrast to the area on top of one of the
prophyllums (ROI 1), this leakage did not originate from
photosynthesis at the spot but was due to diffusive transport
through the aerenchyma.
In darkness, O2 diffuses into the leaves from the surrounding
water, across the diffusive boundary layer (DBL), and is then
transported to the below-ground tissue. This caused less
oxygenation of the rhizosphere, due to a relatively lower O2
supply from the above-ground tissue and owing to O2
consumption along the diffusive transport path (Figure 3;
Table 1. Maximum (Fv/Fm) and Effective (Y(II)) Quantum
Yields of PSII-Related Photosynthestic Electron Transport
in Seagrass Leaves of Plants Mounted in the Experimental
Setup with Artificial Sediment + O2 Nanoparticles
a
shoot prophyllum prophyllum
plant 1 nodium 1 nodium 5 nodium 8
Fv/Fm 0.74 ± 0.01 0.61 ± 0.02 0.59 ± 0.02
Y(II) 0.60 ± 0.01 0.48 ± 0.02 0.39 ± 0.01
shoot prophyllum prophyllum
plant 2 nodium 1 nodium 2 nodium 5
Fv/Fm 0.73 ± 0.01 (−) (−)
Y(II) 0.58 ± 0.02 (−) (−)
aMean ± SD; n = 4−6. (−) indicates no photosynthetic activity.
Figure 2. Structural images of the seagrass Z. muelleri mounted in the
artificial sediment (A, C) and the respective false color images of the
O2 concentration distribution (B, D) around plant 1 (top) and plant 2
(bottom) recorded after 90 min illumination of the leaves with 500
μmol photons m−2 s−1. Several plant structural elements are pointed
out: S − shoot, N − nodium, P − prophyllum, B − basal meristem.
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Figure 3. A: False color image of the O2 concentration around the seagrass roots taken after 90 min illumination of the leaves with 500 μmol
photons m−2 s−1. B: An O2 depletion image visualizing the change in O2 concentration between the end of the light period (i.e., onset of darkening)
and 130 min later. C: time profile of the 3 regions of interest (ROIs) over the light-dark exposure experiment. D: line profile (line shown in A)
across some small roots at the time points 90 and 240 min.
Figure 4. A: False color image of the O2 concentration around the seagrass roots taken after 90 min illumination of the leaves at 500 μmol photons
m−2 s−1. Oxygen dynamics pictures visualizing the change in oxygenation between the time points 0 min (light) and 135 min (anoxic water) (B) and
between the time points 135 min (anoxic water) and 405 min (air saturated water) (C). D−E: time profile of the 6 ROIs. F: line profile across some
small roots at the time points 0, 120, and 240 min.
Environmental Science & Technology Article
DOI: 10.1021/es505734b
Environ. Sci. Technol. XXXX, XXX, XXX−XXX
E
ROI 1−3 and line profile). To visualize the changes between
high light and dark conditions, we calculated an O2
concentration difference picture by subtracting the dark O2
image (time point 240 min) from the high light O2 image (time
point 90) (Figure 3B). This showed that the O2 production in
the prophyllum had a high local impact, but clear differences
were also evident at the root tips, close to the nodium and the
basal meristem. Such O2 leakage into the rhizosphere can
protect the seagrass from H2S intrusion through development
of an oxic microshield around the below-ground tissue that
prevents H2S from reaching the tissue surface, via chemical
oxidation with O2 (i.e., 2O2 + H2S → 2H
+ + SO4
2−).11
Furthermore, the line profile in Figure 3D showed significant
O2 leakage around the root tips. This leakage may have a
particular important defense role for the plant as this may
enable intermittent root growth through relatively oxidized
microzones.
While light-dark shifts appear on a diel basis, other
environmental changes such as O2 depletion in the water
column appear more rarely in the natural environment.
Hypoxic water-column conditions may be caused by anthro-
pogenic impacts such as eutrophication (e.g., due to land runoff
and nutrient loadings) and/or by dredging operations in areas
close to the seagrass meadows. During the latter, resuspended
anoxic sediment attenuates light and consumes O2 in the water
column leading to hypoxia (or even anoxia).14 This is especially
critical for seagrasses during night-time, where photosynthetic
O2 supply in the leaves is absent. To investigate such effects, we
monitored how defined changes in the O2 content of the water
column affected the rhizosphere O2 microenvironment of the
seagrass (Figure 4). In 5 of the selected ROIs, O2 was rapidly
depleted in the seagrass rhizosphere under dark anoxic
conditions in the overlaying water. After re-establishing full
atmospheric saturation in the water column, O2 diffusion from
the water column into above-ground tissue resulted in
increased below-ground O2 levels in the rhizosphere that
approached steady state (Figure 4; ROI 2, 3, 5, and 6). This was
further confirmed by measuring line profiles of the O2
concentration across some smaller roots (Figure 4F). Notably,
ROI 1 in Figure 4 showed no increase in O2 concentration
indicating that the prophyllums were not supplied with O2 via
the aerenchyma. The presented experimental setup thus
provides important information about the oxidation capability
of the below-ground tissue of seagrasses under various
environmental scenarios. Spatially explicit investigations are
important, especially seen in light of recent studies linking
seagrass die-backs with hypoxic water-column conditions,
leading to internal anoxia, and thereby making the plants
more susceptible to sulfide intrusion.11−13
In Figure 4, ROI 4 was chosen to follow the O2 dynamics in
the artificial sediment in close proximity to the artificial
sediment surface. This area showed efficient O2 diffusion into
the uppermost few mm’s within the time frame of the
experiments. The sulfide in the top layer of the artificial
sediment thus gets depleted over time, when O2 is present in
the overlaying water and such depletion has to be considered as
this limits the long-term applicability of the experimental setup.
Possible ways to avoid such oxygenation over longer incubation
times are presented elsewhere.29 The O2 concentration
difference images comparing high light and darkness (under
water column anoxia) showed pronounced changes around the
photosynthetic prophyllum (Figure 4B), while O2 leakage was
predominantly observed at the root tips and the nodiums when
diffusion from the water column was the only supply
mechanism (Figure 4C).
While planar optrodes only generate luminescence images
when the focal plane of the camera matches with the plane of
the optrode, the method presented here enables imaging at
different focal planes. As the entire artificial sediment is stained
with optical sensor nanoparticles it is in principle possible to
image at different focal planes. In the Supporting Information
O2 distribution images at six different focal plains within the
artificial sediment are shown (Figure S2). Only in one of the
pictures is the rhizome in focus; the others present focal planes
in front and in the back of the rhizome. The further away from
the actual roots the picture is taken the lower the O2
concentration. This explains why close contact to the roots is
required when working with planar optrodes. When the sensor
film is further away from the roots, only a blurry image can be
observed.
In conclusion, the use of O2 sensitive nanoparticles in
artificial transparent sediment represents a powerful new tool to
analyze the microenvironment around the below-ground
biomass of seagrasses and to quantify O2 dynamics at high
spatiotemporal resolution in the whole rhizosphere upon
environmental changes. The possibility of mapping the whole
below-ground O2 distribution and dynamics in the seagrass
rhizosphere enables identification of particular hot spots with
different O2 supply mechanisms. In contrast to microsensor
measurements, this method can thus generate data for multiple
parts of the plant simultaneously significantly accelerating
studies of the chemical dynamics in the rhizosphere of aquatic
plants. In future studies, O2 mapping can be easily
supplemented with detailed spot measurements with micro-
sensors for O2 and other chemical parameters such as pH and
H2S,
11,29 where the selection of specific measuring sites can be
guided by O2 sensitive nanoparticle maps. The application of
this new experimental approach is not limited to seagrasses and
can easily be adapted to studies of other waterlogged plants and
environments. For example, studies of O2 dynamics in rice with
the new approach presented here could easily be combined




Visualization of the image analysis and O2 concentration images
obtained in different focal planes. A detailed video documenta-
tion of the O2 sensitive sediment preparation and mounting of
seagrass in the experimental chamber. This material is available
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ABSTRACT
Seagrasses can modulate the geochemical conditions in their
immediate rhizosphere through the release of chemical com-
pounds from their below-ground tissue. This is a vital chemical
defence mechanism, whereby the plants detoxify the surround-
ing sediment.
Using novel nanoparticle-based optical O2 and pH sensors in-
corporated in reduced and transparent artificial sediment, we
investigated the spatio-temporal dynamics of pH andO2 within
the entire rhizosphere ofZostera marina L. during experimen-
tal manipulations of light and temperature. We combined such
measurements with O2 microsensor measurements of the pho-
tosynthetic productivity and respiration of seagrass leaves.
We found pronounced pH and O2 microheterogeneity within
the immediate rhizosphere of Z. marina, with higher below-
ground tissue oxidation capability and rhizoplane pH levels
during both light exposure of the leaf canopy and elevated tem-
perature, where the temperature-mediated stimuli of biogeo-
chemical processes seemed to predominate. Low rhizosphere
pH microenvironments appeared to correlate with plant-
derived oxic microzones stimulating local sulphide oxidation
and thus driving local proton generation, although the rhizo-
plane pH levels generally where much higher than the bulk
sediment pH.
Our data show that Z.marina can actively alter its rhizosphere
pH microenvironment alleviating the local H2S toxicity and
enhancing nutrient availability in the adjacent sediment via
geochemical speciation shift.
Key-words: microbial metabolism; nanoparticles; O2; pH;
plant-sediment interactions; seagrass; temperature elevation.
INTRODUCTION
To accommodate growth in often highly reduced, sulphidic
sediment environments, seagrasses possess aerenchymal tissue
composed of a system of interconnected gas channels facilitat-
ing rapid transport of O2 from the seagrass leaves to the below-
ground tissue (Larkum et al. 1989; McComb et al. 1999).
Aerenchymal O2 supply supports aerobic metabolism at the
root apical meristems, and also facilitates radial O2 loss
(ROL) to the immediate rhizosphere from the basal meristems
with leaf sheath, rhizome and the root apical meristems
(Pedersen et al. 1998, 1999; Jensen et al. 2005; Frederiksen &
Glud 2006; Brodersen et al. 2014, 2015a; Koren et al. 2015).
The below-ground ROL drives local chemical oxidation of
the surrounding sediment in plant-derived oxic microniches,
wherein new actively growing roots can form and reach matu-
rity with protective barriers to ROL and sulphide intrusion
(Barnabas 1996; Enstone et al. 2003; Brodersen et al. 2014,
2015a). Most of these barriers to ROL are induced by anoxic,
sulphidic conditions (Armstrong & Armstrong 2001, 2005)
and inhibit gas-exchange over most of the root surface area
ensuring an efficient internal gas transport to the apical parts
of growing roots (Colmer 2003).
Seagrasses can thus actively alter their rhizosphere microen-
vironment through the release of O2 from their below-ground
tissue, thereby enhancing the redox potential of the immediate
rhizosphere and stimulating re-oxidation of sediment-
produced reduced phytotoxins, such as H2S (Lamers et al.
2013; Brodersen et al. 2014, 2015a). The oxidation capacity of
the below-ground tissue is determined by numerousO2 sources
and sinks (Borum et al. 2006), where the most important regu-
lating parameters include the O2 conditions in the water
column during night-time as the plants are completely depen-
dent on passive diffusion of O2 into their leaves when photo-
synthesis ceases (O2 source) (Greve et al. 2003; Pedersen
et al. 2004; Borum et al. 2005; Frederiksen & Glud 2006;
Brodersen et al. 2015a), the light availability and quality during
day-time strongly regulating rates of shoot photosynthesis (O2
source) (Brodersen et al. 2015a,2015b), the ambient water
temperature affecting plant and sediment respiratory needs
and reaction kinetics (mainly regulating the O2 sinks, but also
affects rates of leaf photosynthesis) (Raun & Borum 2013), as
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well as the thickness of the seagrass leaf diffusive boundary
layer impeding gas and nutrient exchange with the surrounding
water-column and thereby the water flow (thus negatively
affecting the O2 source) (Binzer et al. 2005; Brodersen et al.
2015b).
Recently, Brodersen et al. (2015a) showed that the seagrass
Zostera muelleri subsp. capricorni can modulate the pHmicro-
environment in its immediate rhizosphere, further alleviating
the risk of H2S intrusion through local sediment pH enhance-
ments. This chemical defence mechanism, whereby pH
enhancement changes the sulphide speciation in the rhizo-
sphere towards non-permeable HS- ions, is still poorly under-
stood and there is therefore a need to elucidate the sediment
pH microheterogeneity on a whole rhizosphere-scale.
Possible mechanisms behind such pH changes in the
immediate rhizosphere are plant-derived allelochemicals.
Rhizome/root exudation of organic carbon to the rhizosphere,
as a result of internal carbon translocation, leads to enhanced
bacterial productivity and growth in the seagrass rhizosphere
(Moriarty et al. 1986). Rates of sulphate reduction have been
coupled to plant photosynthesis and below-ground biomass
(Pollard &Moriarty 1991; Blaabjerg & Finster 1998; Blaabjerg
et al. 1998; Hansen et al. 2000; Nielsen et al. 2001) and young
seagrass roots have also been found to stimulate the growth
of epsilon- and gamma-proteobacteria that can utilize O2 and
nitrate as electron acceptors to re-oxidize sulphide (Jensen
et al. 2007). Interestingly, the younger plant structures often
leak O2 from around the root-cap, where the presence of sul-
phide oxidizers overlaps with the plant-derived oxygenated
microniches (Jensen et al. 2005; Frederiksen & Glud 2006;
Brodersen et al. 2014).
The root-shoot junctions (including the basal leaf meristem)
and the root apical meristems (Moriarty et al. 1986) have been
suggested as sites of exudation, with rhizome/root organic car-
bon exudation amounting up to 18% of the total carbon fixed
by the seagrass host (Hansen et al. 2000). The highest sulphate
reduction rates in the seagrass rhizosphere have correspond-
ingly been observed at the seagrasses rhizomes and roots,
where, for example, Pollard & Moriarty (1991) found 6 times
higher sulphate reduction rates in seagrass-vegetated sediment
as compared to non-vegetated areas. Sulphate reducing bacte-
ria associated with the below-ground tissue of seagrasses show
highO2 tolerance (Blaabjerg & Finster 1998), and several stud-
ies have shown that increasing temperature and light exposure
of the seagrass leaf canopy has a pronounced positive impact
on the rhizosphere sulphate reduction rate (Isaksen &
Jørgensen 1994; Isaksen & Finster 1996; Blaabjerg et al.
1998). Sulphate reduction can have a positive impact on the
availability of phosphate inmarine sediment owing to its reduc-
ing properties (Pollard & Moriarty 1991), adding to the grow-
ing evidence of a specific relationship between the seagrass
host and sulphate reducing bacteria based on a reciprocal ex-
change of nutrients (Moriarty et al. 1986; Blaabjerg et al.
1998; Hansen et al. 2000; Nielsen et al. 2001).
The consumption or production of protons as a result of
microbial metabolisms and/or plant-derived allelochemicals
plays an important role in the determination of sediment pH
(Srinivasan & Mahadevan 2010; Brodersen et al. 2015a). Such
sediment pH alterations can influence the chemical speciation
and availability of vital nutrients (e.g. ammonium and phos-
phate) at the plant/sediment interfaces (Pollard & Moriarty
1991; Pagès et al. 2011, 2012; Brodersen et al. 2015a). Yet the
understanding of rhizosphere pH dynamics in seagrasses is
underexplored and data on pH microheterogeneity at
plant/sediment interfaces are lacking.
In present study, we used novel O2 and pH sensitive optical
nanosensors incorporated in artificial, transparent sediment
to investigate the pH andO2 microdynamics in the rhizosphere
ofZostera marina L. during light/dark transitions and tempera-
ture elevations. Our results provide new insights into the pH
microheterogeneity and O2 distribution in the Zostera marina
L. rhizosphere during changing environmental conditions. We
discuss how such pH and O2 microgradients may alter the geo-




Zostera marina L. specimens were collected in shallow waters
(less than 2m depth) near Rungsted Harbour, Denmark and
were transported in seawater from the sampling site to the lab-
oratory within 1 h of sampling. The collected seagrass speci-
mens were transplanted into sieved sediment from the
sampling site to exclude burrowing animals from the holding
tank. Specimens were held in a 30L aquarium continuously
flushed with aerated seawater (5Lh1; salinity of 34‰; tem-
perature of ~12 °C) under a 14:10h light/dark cycle. Illumina-
tion with a photon irradiance (400-700nm) of ~200μmol
photons m2 s1 was provided by a combination of fluorescent
and halogen lamps. Prior to experiments, selected plants were
gently washed free of any adhering sediment particles and rhi-
zome ends were carefully sealed with petroleum jelly to avoid
gas leakage from damaged older rhizome parts, before place-
ment in the custom-made, narrow split flow chamber
(described below; Fig. 1). Relative small Z. marina specimens
were used owing to the chamber dimension restrictions.
Experimental setup and artificial, transparent
sediment
The applied experimental chamber consisted of a custom-
made narrow, transparent acrylic split flow chamber attached
to the side of a 30L aquarium (inner dimensions
1× 13× 12 cm; Fig. 1). The split flow chamber was divided into
an upper and lower compartment by means of an acrylic wall
with numerous holes (inner diameter of ~1mm) and was
equipped with a removable front window for ease of access
when casting the sediment and positioning the seagrass. A
seagrass specimen was positioned in the upper compartment
with the above-ground tissue in the free-flowing seawater
phase and the below-ground tissue embedded in reduced, arti-
ficial sediment (Fig. 1). The artificial, transparent sediment
with embedded nanosensors was designed to mimic chemical
settings in natural marine sediment (Brodersen et al. 2014),
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while enabling direct visual assessment of the below-ground
tissue during measurements (Fig. 1; further described in Koren
et al. 2015). The transparent artificial sediment consisted of a
deoxygenated ~0.5% (w/v) agar-seawater gel, buffered with
HEPES (final concentration of 10mM; pH ~7), amended with
O2 or pH sensitive nanoparticles (~3 and 7% v/v, respectively)
and Na2S*9H2O to a final H2S concentration of 500μM
(at pH7). The agar powder was pre-washed in continuously
stirred cold seawater to improve clarity. The lower compart-
ment of the split flow chamber contained a highly sulphidic
(final H2S concentration of 2500μM) deoxygenated ~0.5%
(w/v) agar-seawater solution buffered with HEPES (10mM),
ensuring a continuous supply of H2S to the above artificial sed-
iment with nanosensors during experiments, thereby maintain-
ing a constantly high O2 demand in the sediment (Brodersen
et al. 2014, 2015a). After positioning of the plant and casting
the sediments, the chamber was sealed and placed in front of
the imaging system (described below).
Illumination of the leaf canopy was provided by a fibre-optic
tungsten halogen lamp (KL-2500; Schott GmbH, Mainz,
Germany) equipped with a collimating lens. The incident pho-
ton irradiance (PAR, 400-700nm) at the level of the seagrass
leaf canopy was measured with a calibrated irradiance sensor
(Walz GmbH, Effeltrich, Germany) connected to a quantum
irradiance meter (LI-250; LiCor, Lincon, NE, USA). A con-
stant flow of seawater (salinity of 34‰) was maintained in the
water-column of the upper flow chamber compartment via a
connected pump submerged in an aerated and temperature-
controlled seawater tank. The below-ground pH andO2micro-
environment within the Zostera marina L. rhizosphere was
investigated during light/dark transitions (incident photon
irradiance of 500μmol photons m2 s1) and at two different
experimental temperatures (~16 and 24 °C). Plants were accli-
matized to the experimental conditions for a minimum of 4h
prior to start of measurements to ensure steady-state biogeo-
chemical conditions in the rhizosphere (as confirmed from
repetitive image recordings). Temperature changes were
induced by slowly increasing the temperature of the seawater
reservoir for ~3h until the desired temperature was reached
and the plants were then allowed to acclimatize to the experi-
mental temperature and irradiance for another 4 h before
image recordings commenced.
Optical nanoparticle-based sensors
The optical nanoparticle-based pH sensors were prepared based
on a modified literature method (Wang et al. 2012; Xie et al.
2013). Briefly, 1mg of perylene (Sigma-Aldrich), 1mg of lipo-
philic indicator1-hydroxypyrene-3,6,8-tris-bis(2-ethylhexyl)sul-
fonamide (lipo-HPTS) (generously provided by Dr. Sergey
Borisov TUGraz; Borisov et al. 2009) and 100mg of the triblock
copolymer Pluronic® F-127 (Sigma-Aldrich) were dissolved in
15mL of tetrahydrofuran (THF). The mixture was poured into
100mL of continuously stirred distilled water, the THF was
evaporated under an air stream, and the particle suspension
was concentrated to a final concentration of 5mgmL1 at 60 °C.
The obtained pH sensor nano particles had an average size of
<100nm as shown in the literature (Xie et al. 2013). The pH
sensor nanoparticles were added to the pre-heated and previ-
ously deoxygenated artificial sediment in the last stage of the
Figure 1. Schematic diagram of the experimental setup, showing the aquarium equipped with the custom-made narrow split flow-chamber and the
ratiometric bio-imaging camera system (a). Image of the below-ground plant tissue structure during O2 measurements (b). Image visualising the
below-ground plant tissue structure during pHmeasurements (c). Note that the difference in brightness seen on the structural images (b, c) is due to
the specific long pass filters used for luminescence imaging.
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casting procedure, i.e., during cooling at ~38 °C to obtain a final
concentration of ~7 % (v/v) in the agar matrix.
A detailed description of the optical nanoparticle-based pH
sensors, including optical properties and calibration procedures
is provided in the Supporting Information (Fig. S1–4 and S6;
Notes S1).
Artificial sediment with optical O2 sensor nanoparticles was
prepared according to Koren et al. (2015). Briefly, 3mg of
platinum(II) meso-(2,3,4,5,6-pentafluoro)phenyl porphyrin
(PtTFPP; indicator dye), 3mg of Macrolex fluorescence yellow
10GN (MY; reference dye) and 200mg of the styrene maleic
anhydride copolymer (PSMAwith 8%MA) XIRANwere dis-
solved in 20 g of Tetrahydrofuran (THF). This mixture was
then poured into 200mL of continuously stirred distilled water.
THF was evaporated under an air stream, and the particle
suspension was concentrated to a final concentration of
5mgmL1 at 60 °C. The optical O2 sensor nanoparticles were
added to the pre-heated and previously deoxygenated artificial
sediment in the last stage of the casting procedure at an agar
temperature of ~38 °C to obtain a final concentration of~ 3%
(v/v) in the agar matrix.
Calibration curves of the optical O2 sensor nano particles at
the two different experimental temperatures are provided in
the Supporting Information (Fig. S5).
Imaging setup and data acquisition
A RGB camera setup (Larsen et al. 2011) was used for
ratiometric pH and O2 imaging (Fig. 1). The imaging system
consisted of a SLR camera (EOS 1000D, Canon, Japan)
mounted on a tripod and equipped with a macro objective lens
(Macro 100 f2,8 D, Tokina, Japan) and a long pass filter (pH
imaging, 455nm; O2 imaging, 530nm; Uqgoptics.com). Excita-
tion of the luminescent sensor nano particles was achieved by
means of a multichip LED (LedEngin Inc, RS Components
Ltd, Corby, UK) combined with a bandpass filter (pH imaging,
405nm; O2 imaging, 455nm). The applied LEDs were
powered by a USB-controlled LED driver unit designed for
luminescence imaging applications (imaging.fish-n-chips.de).
Data acquisition and control of the SLR exposure and LED
light were achieved with a PC running custom software
“look@RGB” (imaging.fish-n-chips.de).
Image calibration and analysis
The obtained SLR images were first split into red, green and
blue channels and were then analysed via the Java-based image
processing software ImageJ (rsbweb.nih.gov/ij/). In order to
achieve images of pH andO2 dependent ratios, raw images were
divided using the ImageJ plugin Ratio Plus (rsb.info.nih.gov/ij/
plugins/ratio-plus.html). For O2 imaging, this implied dividing
the red channel (emission of theO2 sensitive dye) with the green
channel (emission of the reference dye). For pH imaging, the
red channel (indicator dye) was divided with the blue channel
(reference dye). The obtained ratio images were fitted with pre-
viously obtained calibration curves (Fig. S4 and S5) using the
Curve Fitting function in ImageJ, by means of linking the ratio
images to the respective O2 concentrations or pH units (see fur-
ther details in Larsen et al. 2011; Koren et al. 2015).
Net photosynthesis and plant respiration rates
A seagrass leaf was positioned in a custom-made sample holder
consisting of two 2mm plexiglass plates to ensure a steady sam-
ple during microsensor measurements. Profiles were made
through a hole in the plates (ø=3mm) towards the seagrass leaf
surface. The sample holder was positioned in a flow chamber
(25×8×5cm), which was connected to an aquarium pump
ensuring a steady flow of ~3 cms1 of aerated seawater
(salinity=34) from a 25L aquarium, wherein the temperature
was kept constant at either ~16 or 24 °C by a thermostate
(F25-HD, Julabo GmbH, Germany). Light was provided with
a fiber-optic tungsten halogen lamp (KL-2500 LCD, Schott
GmbH, Germany) positioned at a 45° angle above the sample.
The experimental photon irradiance (PAR) was 500μmol pho-
tonsm2 s1,measured at the position of the sample, i.e., the leaf
canopy, with a calibrated quantum irradiance meter (ULM-500,
Walz GmbH, Germany) connected to an submersible spherical
micro-quantum-sensor (US-SQS/L, Walz Gmbh, Germany).
Vertical profiles of O2 concentration were measured in 50μm
increments from 0.5mm above the leaf towards the tissue sur-
face, using a Clark-type O2 microsensor with a tip diameter of
<25μm (OX-25, Unisense, Denmark; Revsbech 1989), with a
fast response time (t90< 0.5 s) and a low stirring sensitivity
(1-2%). The microsensor was mounted on a motorized micro-
manipulator (MU-1, PyroScience GmbH, Germany) and con-
nected to a pA-meter (OXY-meter, Unisense, Denmark) that
was interfaced to a PC via an A/D converter (DCR-16,
PyroScience GmbH, Germany). Microsensor positioning and
data acquisition were controlled by dedicated software (Profix,
PyroScience GmbH, Germany).
Net photosynthesis and dark respiration rates were calcu-




where D0 is the salinity and temperature dependent diffusion
coefficient of O2 in seawater (www.unisense.com) and dC/dz
is the linear concentration gradient of O2 in the diffusive
boundary layer.
RESULTS
Rates of photosynthesis and respiration
The net photosynthesis and respiration rates ofZostera marina
L. at the two experimental temperatures were determined via
O2 concentration microprofiles measured towards the leaf
tissue surface (Fig. 2). Measurements revealed a 2.2 times
higher net photosynthesis rate at 24 °C as compared to 16 °C,
amounting to an increase in O2 efflux from 0.117 to
0.252nmol O2 cm
2 s1; and a 1.4 times higher respiration
rate at 24 °C as compared to 16 °C, which amounted to an in-
crease in O2 influx from 0.116 to 0.159nmol O2 cm2 s1.
The measured temperature-induced enhancement in the rate
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of net photosynthesis and respiration corresponded to Q10
temperature coefficients of 2.6 and 1.5, respectively.
O2 distribution and microdynamics
The two-dimensional O2 distribution in theZ.marina L. rhizo-
sphere at 16 and 24 °C during light-dark transitions is shown in
Fig. 3. The O2 images showed an O2 release, i.e., radial oxygen
loss, especially from the root-shoot junctions (nodiums) and
the rhizome, leading to several oxic microniches in the immedi-
ate rhizosphere ofZ.marina L. The seagrass was able to main-
tain oxic conditions around the rhizome even without
photosynthetic activity (Fig. 3).
The O2 concentration images revealed a distinct increase in
the belowground tissue oxidation capacity at 24 °C as compared
to 16 °C; this temperature effect slightly predominated over light
stimulation of the plants photosystems (Fig. 3). The extent of
oxygenated regions and the below-ground tissue surface O2
concentration did only increase slightly during light exposure
of the leaf canopy at 16 °C (incident irradiance of 500μmol pho-
tons m2 s1; Fig. 3), whereas the effect of light stimulation on
ROL was more pronounced at 24 °C. Some of the prophyllums
(single leaves originating from the rhizome at the nodiums), as
well as the leaf sheath at the base of the shoot also released O2
to the rhizosphere. The maximal width of the oxic microniches
around the rhizome was ~5.0mm at nodium 7 during light expo-
sure at a temperature of 24 °C, corresponding to an oxic
microshield thickness of ~0.75mm surrounding the respective
root-shoot junction (data obtained by subtracting the diameter
of the rhizome), which is similar to previous findings in natural
sediment (e.g. Pedersen et al. 1998; Jensen et al. 2005). The O2
concentrations determined within selected regions of interest
(ROIs) in the Z. marina rhizosphere confirmed these observa-
tions (Fig. 4; Table 1). Based onO2 concentrationmeasurements
in ROI 1-7, we calculated a mean of a 1.1-fold increase in the
oxidation capability of the belowground tissue as a result of the
dark/light transitions as compared to a 1.3-fold increase in re-
sponse to the 8 °C temperature elevation. The highest rhizome
surfaceO2 levels were found at the root-shoot junctions (nodium
4, 5 and 7) corresponding to O2 concentrations reaching up to
122μmolL1 (ROI 3, 4 and 5 in Fig. 4; Table 1). TheO2 imaging
thus documented pronounced spatial microheterogeneity and
high spatio-temporal microdynamics of the belowground oxic
microzones around the rhizome of Z. marina that was modu-
lated by changes in light and temperature.
pH heterogeneity and dynamics
We found a high degree of pH heterogeneity within the seagrass
rhizosphere, with distinct microzones of very low pH (down
Figure 2. Vertical O2 concentration microprofiles measured towards
the leaf tissue surface of Z. marina during light-dark transitions
(incident irradiance (PAR) of 500μmol photons m2 s1) at the two
experimental temperatures (~16 and 24 °C). Y= 0 indicate the leaf
tissue surface. Symbols with error bars represent the mean ± SD. n = 3;
leaf level replicates.
Figure 3. O2 distribution andmicrodynamics within the rhizosphere ofZostera marina L. determined via optical nanoparticle-based O2 sensors (O2
colour coded image). The steady-state O2 images were obtained at two different temperatures (16 and 24 °C) during light-dark transitions (photon
irradiance (PAR) of 500 μmol photonsm2 s1). Legends depict the O2 concentration in% air saturation. The presented images represent an average
of 2 images.
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to~pH4), as well as rhizome/rhizoplane pH levels well above
the pH of the surrounding bulk sediment (up to pH> 8; Fig. 5).
Comparison of O2 and pH images revealed that areas of low pH
overlapped with oxic microniches in the seagrass rhizosphere,
whereas the high pH levels predominantly were measured on
the surface of the mature part of the roots, the prophyllums
and at the end of the rhizome, although patchy distributions of
relatively high pH levels (as compared to bulk sediment pH
levels) were observed on the surface of the entire belowground
tissue. Selected regions of interest (ROIs) within the immediate
rhizosphere of Z. marina exhibited higher pH levels (ΔpH of
0.02 - 0.31) in the rhizoplane during light exposure of the leaf
canopy as compared to dark conditions at both experimental
temperatures (ROI 1-7; Fig. 6; Table 2). The light-driven pH
microdynamics was surpassed by the effect of the 8 °C tempera-
ture elevation showing much higher pH levels (ΔpH of 0.46 
0.88) in the rhizoplane of Zostera marina L. at 24 °C as
compared to 16 °C during both light exposure and darkness
(ROI 1-3 and 5-7; Fig. 6; Table 2). A distinct hotspot of low
pH was measured in the region of nodium 7, internode 7 and
nodium 8 with an up to 5.2mmwide zone of pH<5. The lowest
rhizosphere pH levels were measured within this distinct zone
with pH levels reaching the lower detection limit (pH4) of the
pH indicator (Fig. 5 & 6). The region of the belowground tissue
with the highest pH levels was also found adjacent to nodium 7,
corresponding to ROI 7 in Fig. 6 (Table 2).
pH microheterogeneity at interfaces
Extraction of cross-tissue pH values along line profiles in the pH
images revealed pronounced pH microheterogeneity at inter-
faces (Fig. 7). The pH increased relative to the ambient sediment
across internode 3 with the surrounding prophyllum, reaching
pH levels of up to 8.3 on the rhizome surface and correlating
with rapidly increasing pH levels at the rhizome/sediment inter-
face (Fig. 7b; CTS 1). Interestingly, the cross tissue pH profile
across internode 4 with prophyllum close to nodium 4 showed
increasing pH levels at the approximate position of the
oxic/anoxic interface with pH levels reaching up to 8.0 during
light exposure of the leaf canopy (Fig. 7c; CTS2). This was con-
trary to the rhizome/sediment interface where decreasing pH
levels down to 4.1 were observed on the rhizome surface (mea-
sured during light exposure at 16 °C), thus indicative of proton
consuming and producing biogeochemical processes altering
the geochemical microenvironment at this specific belowground
oxic microniche (Fig. 7c; CTS2).
A line microprofile across a root from root-bundle 6 showed
similarmicroheterogeneity as found at internode 3, with increas-
ing pH levels at the root/sediment interface, and root surface pH
levels of up to 7.6 (Fig. 7d; CTS 3). Cross tissue microprofile 4
across internode 7 with prophyllum showed a pronounced de-
crease in pH at the approximate position of the oxic/anoxic in-
terface with pH levels within the low pH hotspot approaching
the lower detection limit of the pH indicator (Fig. 7e; CTS 4).
Across nodium 9 at the end of the rhizome with a degraded
prophyllum, pH increased at the approximate position of the
rhizome up to pH8.7 (Fig. 7f; CTS5). These observations were
Table 1. O2 concentrations at selected regions of interest (ROI) within the immediate rhizosphere ofZostera marinaL. Boxes and numbers indicate
the measured ROI. O2 concentrations are given in both % air saturation and μmolL
1 at ~16 and 24 °C during light-dark transitions
[O2]
~16 °C ~24 °C
Dark Light Dark Light
% air sat. μmolL1 % air sat. μmolL1 % air sat. μmol L1 % air sat. μmolL1
ROI 1 5.8 (14.6) 6.2 (15.4) 11.8 (25.5) 14.2 (30.6)
ROI 2 8.9 (22.3) 9.0 (22.5) 10.7 (23.1) 13.2 (28.6)
ROI 3 37.2 (93.2) 37.5 (94.0) 49.3 (106.6) 54.9 (118.6)
ROI 4 32.3 (81.0) 36.1 (90.6) 50.3 (108.7) 52.7 (113.9)
ROI 5 34.6 (86.7) 35.1 (88.0) 47.3 (102.3) 56.3 (121.8)
ROI 6 12.2 (30.6) 12.5 (31.3) 18.2 (39.3) 23.2 (50.3)
ROI 7 24.0 (60.2) 25.6 (64.3) 35.2 (76.0) 42.3 (91.5)
ROI 1 represents measurements at the non-illuminated part of the shoot; ROI 2 = at the root-shoot junction (nodium 2); ROI 3 = at the base of
the prophyllum close to the root-shoot junction (nodium 4); ROI 4 = at the root-shoot junction (nodium 5); ROI 5 = at the root-shoot junction
(nodium 7); ROI 6 = internode 7 with prophyllum; ROI 7 = at the rhizome-end.
Figure 4. Selected regions of interest (ROI) within the immediate
rhizosphere ofZostera marina L. used to determine the O2 distribution
during light/dark transitions (incident irradiance (PAR) of 500μmol
photons m2 s1) at the experimental temperatures (~16 and 24 °C).
Boxes and numbers indicate the measured ROI. Mean O2
concentration values representing the entire ROI are presented in
Table 1.
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supported by vertical pH microprofiles measured from the
seawater/sediment interface down to the bottom of the pH sen-
sitive sediment (Fig. 8). A rapid decrease in pH was observed
within the uppermost 5mm as typically observed in natural
marine sediments (Stahl et al. 2006; Zhu et al. 2006), with pH
levels decreasing from about~7 at the water/sediment interface
down to pH ~6 at 5mm depth where after it stabilised.
Avertical pHmicroprofile extracted from pH images (VM1;
Fig. 8b) showed the pH microdynamics and microheterogene-
ity at the interfaces between the sediment and the first
prophyllum, as well as between the sediment and the basal
meristem with leaf sheath. An increase in pH was measured
at the position of the basal meristem with leaf sheath, i.e., the
meristematic region of the rhizome, and along roots of the first
root bundle (Fig. 8b). This was in contrast to pH conditions at
the prophyllum/sediment interface, where we observed a rapid
increase in pH towards the leaf tissue surface followed by a
rapid decrease across the prophyllum, possibly due to oxic con-
ditions and/or biological re-oxidation of H2S (Fig. 8b; VM1).
Another vertical pH microprofile (Fig. 8c; VM2) showed a
rapid pH decrease at the interface between the sediment and
the base of the fifth prophyllum/internode 7. At nodium 8
(root-shoot junction), a rapid increase in pHwas seen at the ap-
proximate position of the oxic/anoxic interface with pH levels
up to 8.4, followed by a strong decrease in pH across the rhi-
zome tissue with pH levels decreasing to ~4.6 (Fig. 8d; VM3).
A root from root-bundle 8 may have interfered with the inter-
pretation of the pH microdynamics at nodium 8 (see Fig. 8d;
VM3; ~26mm depth). Nevertheless, our results clearly showed
that plant-derived alterations of the belowground chemical
microenvironment caused pH changes in the rhizosphere with
a high degree of spatial microheterogeneity.
DISCUSSION
Our results showed a high spatio-temporal pH andO2microhet-
erogeneity in the rhizosphere of Z. marina, where the chemical
conditions in the immediate rhizosphere were highly affected by
the plant (Fig. 3 and 5). Radial O2 loss (ROL) from the below-
ground tissue of Z. marina resulted in oxic microniches around
the root-shoot junctions and the rhizome (Fig. 3 & 4). Such oxic
microniches have recently been shown to facilitate chemical re-
oxidation of sediment-produced H2S, and ROL is therefore an
important chemical defence mechanism whereby the plants
can actively detoxify phytotoxins in the surrounding sediment
(Brodersen et al. 2014, 2015a).
Oxidation capacity of the below-ground tissue
The higher oxidation capacity of the below-ground tissue
observed at 24 °C as compared to 16 °C (Fig. 4; Table 1) was
Figure 5. pH heterogeneity and microdynamics within the rhizosphere of Zostera marina L. determined via optical nanoparticle-based pH sensors
(pH colour coded image). The steady-state pH images were obtained at two different temperatures (i.e. ~16 and 24 °C) during light-dark transitions
(incident light intensity (PAR) of 500 μmol photons m2 s1). Legends depict the pH value. BM indicates the basal leaf meristem; N indicates nodium
4; RM indicates the mature zone of roots in root-bundle 7. Images represent the average of 3 measurements. Note that white areas on leaves/
prophyllums (marked with black arrows on the figure) should be interpreted with caution as some of these high pHmicroniches (pH of ≥9) seemed to
be caused by epiphyte-derived red background luminescence (for further information see Notes S1; Figure S6).
Figure 6. Selected regions of interest (ROI) within the immediate
rhizosphere of Zostera marina L. used to determine the pH
heterogeneity and dynamics during light-dark transitions (incident
irradiance (PAR) of 500μmol photons m2 s1) at the two
experimental temperatures (~16 and 24 °C). Boxes and numbers
indicate the measured ROI. Mean pH values representing the entire
ROI are presented in Table 2. Note that the white areas on leaves/
prophyllums (marked with black arrows on the figure) should be
interpreted with caution as some of these high pH microniches (pH of
≥9) seemed to be caused by epiphyte-derived red background
luminescence (Notes S1; Figure S6).
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Table 2. pH values in selected regions of interest (ROI) within the immediate rhizosphere of Zostera marina L. Values are given as a mean of the
entire ROI ± S.E; and as the relative difference in pH between the experimentally changed environmental conditions (ΔpH). n = 518. The average
pH of the bulk, artificial sediment at similar vertical depth as the below-ground biomass was ~ 5.7 ± 0.0 (includes all treatments)
16 °C 24 °C 16 °C 24 °C dark light
dark light dark light dark/light dark/light 16/24 °C 16/24 °C
pH pH pH pH ΔpH ΔpH ΔpH ΔpH
ROI 1 5.8 ± 0.0 5.8 ± 0.0 6.4 ± 0.0 6.4 ± 0.0 0.0 0.1 0.6 0.6
ROI 2 5.6 ± 0.0 5.7 ± 0.1 6.3 ± 0.0 6.5 ± 0.1 0.1 0.2 0.7 0.8
ROI 3 5.6 ± 0.0 5.7 ± 0.1 6.3 ± 0.0 6.4 ± 0.1 0.1 0.2 0.7 0.7
ROI 4 6.7 ± 0.0 6.7 ± 0.1 6.6 ± 0.0 6.8 ± 0.0 0.0 0.2 -0.1 0.1
ROI 5 3.9 ± 0.0 4.2 ± 0.1 4.8 ± 0.0 4.9 ± 0.0 0.3 0.1 0.9 0.7
ROI 6 5.9 ± 0.0 6.0 ± 0.1 6.3 ± 0.0 6.6 ± 0.1 0.1 0.3 0.5 0.7
ROI 7 6.6 ± 0.1 6.9 ± 0.2 7.1 ± 0.0 7.4 ± 0.1 0.2 0.2 0.5 0.5
ROI 1 represents measurements at the basal leaf meristem (nodium 1); ROI 2 = the root-shoot junction (nodium 4); ROI 3 = at the base of the
prophyllum close to the root-shoot junction (nodium 4); ROI 4 = root-bundle at nodium 6; ROI 5 = internode 7 with prophyllum; ROI 6 = at the rhi-
zome-end; ROI 7 = root-shoot junction (nodium 7).
Figure 7. Cross tissue line sections (CTS) determining the pHmicrodynamics at the plant/rhizosphere interface and on the plant tissue surface. The
steady-state cross tissue line sections were determined at the two experimental temperatures (i.e. ~16 and 24 °C) during light-dark transitions (under
an incident photon irradiance (PAR) of 500 μmol photons m2 s1). (a) Structural image of the seagrass Z. marina L. embedded in the artificial,
transparent sediment with pH sensitive nanoparticles (pH colour coded image), illustrating the positions of the respective cross tissue line sections
(CTS1-5). (b) Line microprofile across internode 3 with attached prophyllum (CTS1). (c) Line microprofile across internode 4 with prophyllum close
to nodium 4 (CTS2). (d) Linemicroprofile across root from root-bundle 6 (CTS3). (e) Linemicroprofile across internode 7 with propyllum at the base
of the prophyllum (CTS4). (f) Line microprofile across nodium 9 at the end of the rhizome with degraded prophyllum (CTS5). n = 3. Note that the
white areas on leaves/prophyllums (marked with black arrows on the figure) should be interpreted with caution, as some of these high pHmicroniches
(pH of ≥9) seemed to be caused by epiphyte-derived red background luminescence (Notes S1; Figure S6).
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due to a relatively higher rate of shoot photosynthesis (Fig. 2).
The light-independent reactions, i.e., the enzyme-controlled
reactions in the photosystems, are highly temperature depen-
dent and the rate of photosynthesis, therefore, increases in
direct proportion to temperature until it reaches a temperature
optimum for the given plant, where after it rapidly decreases
e.g. due to enzyme denaturation (Staehr & Borum 2011). The
optimum temperature for oxygenic photosynthesis in summer
acclimated Z. marina plants is ~24 °C (Staehr & Borum 2011).
The higher ROL from the rhizome in darkness at 24 °C as com-
pared to 16 °C (Fig. 3 & 4) may be explained by a significantly
higher O2 diffusion coefficient in the temperature elevated wa-
ter. As a water column temperature elevation of 8 °C results in
a~25% increase in the rate of O2 diffusion across the diffusive
boundary layer (DBL) and into the above-ground tissue from
the surrounding aerated water column (Ramsing & Gundersen
2015), thus allowing enhanced internal O2 supply through the
aerenchyma (low-resistance internal gas channels) to the below-
ground tissue during darkness. This enhancement of the internal
O2 concentration gradient may be supported by a simultaneous
temperature-induced increase in ROL owing to (i) the relatively
increased lateral molecular O2 diffusion rate across the
epidermal layer of the belowground tissue at higher tempera-
tures (although this might be counter-balanced by the higher
tissue respiration), and (ii) the high leaf surface-to-volume ratio
of the small Z.marina specimens used in this study leading to a
relatively high efflux of O2 from the leaves into the water
column in light and a relatively high influx of O2 from the water
column into leaves in darkness.
Most prophyllums seemed to release O2 into the rhizosphere
(Fig. 3), and where prophyllum 1-5 potentially could be fueled
by O2 from the water-column, the fully buried prophyllum 6 at
nodium 9 must be supplied with O2 from the rhizome. Only a
minor O2 leakage was detected from the roots of the 2
nd
root-bundle close to the basal leaf meristem during light
exposure and a temperature of 24 °C (Fig. 3). Structural tissue
barriers to ROL (e.g. suberin; Barnabas 1996) minimize cross
tissue gas permeability of mature roots (e.g. Colmer 2003;
Jensen et al. 2005; Frederiksen & Glud 2006; Brodersen et al.
2015a). Frederiksen&Glud (2006) found that the root oxygen-
ated zones diminished with root age and suggested that O2
leakage from Z. marina roots eventually ceased. Our results
further support such anatomical root adaptation of Z. marina
to a life in a hostile reduced sediment environment. Barriers
Figure 8. Vertical pH microprofiles (VM) illustrating the pH heterogeneity and microdynamics in the rhizosphere of Z.marina L. The vertical pH
microprofiles were determined at steady-state conditions during light-dark transitions (photon irradiance (PAR) of 500μmol photons m2 s1) at ~16
and 24 °C. (a) Structural image of the Z. marina L. plant illustrating the spatial positions of the vertical pH microprofiles (colour coded image). (b)
Vertical pH microprofile from the water/sediment interface across the first prophyllum and the basal meristem with leaf sheath to the bottom of the
artificial sediment (VM1). (c) Vertical pH microprofile from the water/sediment interface across the base of the fifth prophyllum and the rhizome
(internode 7) to the bottom of the artificial sediment (VM2). (d) Vertical pH microprofile from the water/sediment interface across the root-shoot
junction at nodium 8 to the bottom of the artificial sediment (VM3). Y-axis = 0 indicate the artificial sediment surface. The approximate position of the
below-ground tissue is indicated on the graphs by means of colour coded boxes (i.e. P = Prophyllum (blue), BM=Basal meristem with leaf sheath
(green), R=Roots (brown); IN7P= Internode 7 at the base of the prophyllum (green); N=Nodium 8 (green)). n = 3. Note that the white areas on
leaves/prophyllums (marked with black arrows on the figure) should be interpreted with caution, as some of these high pH microniches (pH of ≥9)
seemed to be caused by epiphyte-derived red background luminescence (Notes S1; Figure S6).
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to ROL protect the plants against exposure to sediment-
derived reduced phytotoxins such as H2S and increase the
amount of internal O2 transported to the apical root meristems
ensuring aerobic metabolism in distal parts of the plants.
pH microheterogeneity in the rhizosphere
The novel pH sensitive nanosensors incorporated in the trans-
parent sediment matrix enabled the first detailed mapping of
the spatio-temporal pHmicroheterogeneity in the whole rhizo-
sphere of Z. marina (Fig. 5). A similar pattern was recently
observed in the rhizosphere of Zostera muelleri spp. capricorni
by means of point measurements using electrochemical
microsensors (Brodersen et al. 2015a). Regions in the immedi-
ate rhizosphere of Z. marina with very low pH levels (pH <5)
seemed to correlate with the plant-derived oxic microniches.
Such acidification could be due to proton formation as a
byproduct of the spontaneous chemical reactions between
plant-released O2 and sediment H2S within the oxic microzone
(Fig. 5 & 6). We also measured slightly lower pH values in the
immediate rhizosphere during darkness as compared to in light
(Fig. 5 & 6), owing to plant and sediment respiration processes
in addition to the aforementioned plant-derived spontaneous
chemical re-oxidation of H2S.
At the end of the rhizome around nodium 9, the pH imaging
revealed high pH levels in the adjacent sediment (Fig. 7f). We
speculate that such local pH enhancement may be due to high
levels of accessible organic carbon in this specific region of the
rhizoplane, as a result of tissue degradation and rhizome exu-
dates, leading to proton consumption through microbial me-
tabolisms such as sulphate reduction (Isaksen & Finster 1996;
Blaabjerg et al. 1998; Hansen et al. 2000; Nielsen et al. 2001).
These plant-microbial mediated local changes in the rhizo-
sphere pH microenvironment are potentially very important
for seagrasses as enhanced pH levels in the immediate rhizo-
sphere lead to a shift in the sulphide speciation away from
H2S and towards non-permeable and thus non-phytotoxic
HS- ions. Besides formation of oxic microniches due to ROL
(see above), rhizosphere pH changes represent another chem-
ical defense mechanism, whereby the plants further detoxify
the surrounding sediment to accommodate their own growth
in the often reduced, anoxic environments (Brodersen et al.
2015a).
Biogeochemical processes
The enhanced photosynthetic activity of Z.marina L. at its pho-
tosynthetic temperature optimum (~24 °C) (Fig. 2), positively
affects the production of photosynthates and thereby lead to
diurnal increases in the secretion of root/rhizome exudates and
ROL (Moriarty et al. 1986; Blaabjerg et al. 1998; Nielsen et al.
2001) that may stimulate the microbial activity (such as sulphate
reduction and sulphide oxidation, respectively) on the
root/rhizome surface and in the immediate rhizosphere. The
overall higher pH levels measured in the immediate rhizosphere
at 24 °C as compared to 16 °C (Fig. 5 & 6), may thus be a result
of a temperature-induced enhancement in the plants photosyn-
thetic activity leading to increased rhizome/root exudation of
organic carbon to the rhizosphere (Moriarty et al. 1986;
Blaabjerg et al. 1998). Such exudation could either directly in-
crease the pH levels in the immediate rhizosphere and on the
below-ground tissue surface through secreted allelochemicals
like amines (although this would be an expensive chemical de-
fence mechanism for the plants) and other alkaline substances,
and/or indirectly via stimulation of microbial processes such as
sulphate reduction (as indicated at the plant-derived
oxic/anoxic interfaces (Fig. 7c & 8d)), in combination with the
generally temperature-mediated increase of the sulphate reduc-
tion rates owing to reaction kinetics (Isaksen & Finster 1996;
Blaabjerg et al. 1998). Sulphate reduction rates associated with
rinsedZosteramuelleri spp. capricorni roots/rhizomes have been
found to be up to 11 times higher than in the bulk sediment
(Hansen et al. 2000), and both rhizome and roots have been
shown to be important habitats for sulphate-reducing and N2-
fixing bacteria (Blaabjerg & Finster 1998; Nielsen et al. 2001).
Sulphate-reducing bacteria associated with rhizomes/roots pos-
sess a high N2-fixing activity that can cover up to 65% of the ni-
trogen needed by the seagrass plants (Hansen et al. 2000;
Nielsen et al. 2001).
Notably, high sulphate reduction rates in the seagrass rhizo-
sphere, furthermore, leads to a sulphide-induced release of
sediment-bound phosphorus, as the reduction of Fe(III)
(oxyhydroxides) to Fe(II) results in phosphate release to the
pore water, which then becomes available for plant growth
(Pollard & Moriarty 1991; Pagès et al. 2011, 2012). A mutual
beneficial relationship between the Zostera marina L. plant
host and sulphate reducing bacteria in the rhizoplane seems
therefore likely during non-stressed environmental conditions,
where the sulphate reducing bacteria provides nutrients in the
form of nitrogen and phosphate to the plant host as a response
to plant-mediated rhizome/root exudates. However, we note
that this hypothesis remains speculative and needs further
experimental support. Our study did not aim to investigate
the role of sulphate reducing bacteria in the Z. marina rhizo-
sphere, and as we have used a sterile artificial sediment any sul-
phate reducing bacteria in the immediate rhizosphere must
have originated from the non-sterile plant tissue. Future studies
could e.g. involve artificial sediment based on extracted pore
water or even cultures of sulphate reducing bacteria in combi-
nation with quantification of bacteria around the root biomass,
e.g. using FISH with group-specific probes.
In other microniches associated with the formation of oxic
microzones (Fig. 7c & 8d) biological and/or spontaneous chem-
ical sulphide re-oxidation processes reduced the rhizoplane pH
levels (Fig. 5). Such hotspots of low pH may well be due to a
relatively higher abundance of sulphide oxidizing bacteria at
that specific region, as microbes associated with the below-
ground tissue of seagrass show a patchy distribution (Nielsen
et al. 2001).
Optical nanoparticle-based sensors incorporated
into transparent artificial sediment
The combined use of O2 and pH sensitive nanoparticles with
transparent artificial sediments enabled combined chemical
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and structural imaging on the whole rhizosphere level. This
novel application of optical nanoparticle-based sensors repre-
sents an important supplement to existing methods, such as
planar optodes and microsensors, when elucidating the rhizo-
sphere of aquatic macrophytes, as the former rarely allows
close contact to the entire belowground tissue at once and the
latter rely on precise point measurements, which makes map-
ping the entire rhizosphere extremely tedious if not impossible.
In addition, the optical nanoparticle-based sensors enable close
spatial alignment of pH and O2 concentration mapping thus
facilitating co-localization of these important chemical parame-
ters relative to particular plant/sediment and oxic/anoxic inter-
faces within the rhizosphere. However, at the current state, the
present nanoparticle methodology only allows for O2 and pH
imaging in artificial sediments.
The strengths of employing such reduced artificial sediment,
as compared to natural sediment, encompass: (i) significantly
improved visual assessment within the investigated rhizo-
sphere, thus allowing for determination of the exact position
of the entire below-ground tissue during imaging, which is a ne-
cessity when determining the effects of plant/sediment interac-
tions on the rhizosphere biogeochemistry, and (ii) changes
observed within the homogenous artificial sediment can be
assigned to plant-mediated alterations, which can be difficult
to conclude in highly heterogeneous natural sediment. Weak-
nesses of using an artificial sediment matrix, as compared to
natural sediment, include: (i) a significantly reduced microbial
abundance in the bulk sediment, and (ii) a potential lower sed-
iment pH buffering capacity, which may lead to slightly
overestimated responses. Moreover, a minor limitation of cur-
rent ratiometric pH imaging is that high energy excitation light
has to be used when exciting the pH sensitive indicator dyes,
potentially causing artefacts in the pH images owing to, for
example, chlorophyll-derived red background luminescence.
Further information on how to avoid/limit such potential arte-
facts in the pH images is available in the supporting informa-
tion (Notes S1; Fig. S6). Nevertheless, nanoparticle-based
imaging provides detailed information about the geochemical
conditions and dynamics in the rhizosphere of aquatic macro-
phytes at high spatio-temporal resolution without the potential
smearing effects seen with planar optodes and allows the first
investigations of pH andO2 dynamics in the entire seagrass rhi-
zosphere in real-time and at all below-ground tissue/sediment
interfaces. Nanoparticle-based imaging thus has the potential
to further resolve important plant-sediment interactions, such
as, for example, plant-derived sediment detoxification pro-
cesses, in addition to, simply directing precise microsensor
measurements to biogeochemical hotspots within natural
sediment.
In conclusion, novel optical nanoparticle-based imaging
revealed a pronounced spatio-temporal pH and O2 microhet-
erogeneity in the immediate rhizosphere of Z.marina L. Light
stimulation of the leaf canopy and temperature elevation to the
plants photosynthetically temperature optimum, i.e., from ~16
to 24 °C, lead to higher oxidation capacity of the belowground
tissue and higher pH levels in the immediate rhizoplane, where
the temperature-induced stimulation seemed to predominate.
Low rhizosphere pH levels correlated with the plant-derived
oxic microniches. Patchy distributions of high rhizosphere pH
levels were found on the tissue surface, and cross tissue pH
microprofiles revealed enhanced pH levels at selected
oxic/anoxic interfaces. We speculate that the higher pH levels
on the tissue surface and at the oxic/anoxic interface may be
due to a plant-derived stimulation of proton consuming
microbial metabolisms such as sulfate reduction and excretion
of alkaline substances. Protons produced or consumed during
microbial metabolisms, in addition to plant-mediated
allelochemicals and chemical re-oxidation of H2S, thus seemed
responsible for the photosynthesis/temperature-driven alter-
ations of the geochemical microenvironment determined in
the Zostera marina L. rhizosphere.
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The O2 budget of seagrasses is regulated by a complex interaction between several
sources and sinks, which is strongly regulated by light availability and mass transfer
over the diffusive boundary layer (DBL) surrounding the plant. Epiphyte growth on leaves
may thus strongly affect the O2 availability of the seagrass plant and its capability to
aerate its rhizosphere as a defense against plant toxins. We used electrochemical and
fiber-optic microsensors to quantify the O2 flux, DBL, and light microclimate around
leaves with and without filamentous algal epiphytes. We also quantified the below-ground
radial O2 loss (ROL) from roots (∼1mm from the root-apex) to elucidate how this
below-ground oxic microzone was affected by the presence of epiphytes. Epiphyte-cover
on seagrass leaves (∼21% areal cover) resulted in reduced light quality and quantity for
photosynthesis, thus leading to reduced plant fitness. A ∼4 times thicker DBL around
leaves with epiphyte-cover impeded gas (and nutrient) exchange with the surrounding
water-column and thus the amount of O2 passively diffusing down to the below-ground
tissue through the aerenchyma in darkness. During light exposure of the leaves, radial
oxygen loss from the below-ground tissue was ∼2 times higher from plants without
epiphyte-cover. In contrast, no O2 was detectable at the surface of the root-cap tissue of
plants with epiphyte-cover during darkness, leaving the plants more susceptible to sulfide
intrusion. Epiphyte growth on seagrass leaves thus has a negative effect on the light
climate during daytime and O2 supply in darkness, hampering the plants performance
and thereby reducing the oxidation capability of its below-ground tissue.
Keywords: epiphyte-cover, light, diffusive boundary layer, radial O2 loss, oxic microshield, microenvironment
Introduction
Seagrasses are angiosperms that form coastal habitats of prime importance for marine biodiversity
and carbon sequestration (Duarte, 2001; Duarte et al., 2005). Over the past century, seagrasses
have faced an alarming global decline, owing to both direct and indirect human interference
(Robblee et al., 1991; Zieman et al., 1999; Seddon et al., 2000; Plus et al., 2003; Orth et al., 2006).
Seagrasses inhabit organic rich, reduced sediments and the exposure of their below-ground biomass
to sediment-derived hydrogen sulfide (H2S), as a result of inadequate internal aeration due to low
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water-column O2 levels during darkness, has been identified as a
key factor in seagrass die-back events (Greve et al., 2003; Borum
et al., 2005; Brodersen et al., 2015). Hydrogen sulfide is produced
in reduced sediment through bacterial sulfate reduction, which
is considered the quantitatively most important anaerobic
degradation process in coastal marine sediment (Jørgensen,
1982). H2S is a phytotoxin that leads to chemical asphyxiation,
due to a strong chemical binding with cytochrome c in the
mitochondrial electron transport chain (Eghbal et al., 2004;
Pérez-Pérez et al., 2012; Lamers et al., 2013). If H2S reaches
the root tissue surface it may enter the lacunar system of the
seagrass plant via lipid-solution permeation of the plasmalemma
(Raven and Scrimgeour, 1997). Such H2S intrusion into the
below-ground tissue of seagrasses has mainly been related to
inadequate internal aeration during night-time, as a result of a
low water-column O2 content and thus a decrease in the diffusive
O2 supply from the surrounding water-column (Pedersen et al.,
2004; Borum et al., 2005). The amount of O2 passively diffusing
into the leaves from the water-column during darkness, is thus
highly dependent on the water-column O2 content, but is also
strongly affected by other factors such as the DBL thickness
(Binzer et al., 2005; Borum et al., 2006) and the leaf surface area.
The DBL surrounds all aquatic surfaces, such as seagrass leaves,
and functions as a diffusive barrier to the exchange of gasses and
nutrients with the surrounding water-column by impeding water
motions toward the leaf tissue surface (Jørgensen and Revsbech,
1985). The width and thus the mass transfer impedance of the
DBL depends on factors such as the surface topography and
the flow velocity, where e.g., relative low flow rates and uneven
surfaces increases the thickness of the DBL (Jørgensen and Des
Marais, 1990); both parameters are highly affected by epiphyte
growth on the leaf surface.
Light availability is the key environmental factor regulating
photosynthesis and thus the O2 supply during day-time, and
small decreases in irradiance can cause significant declines in
the growth and distribution of seagrasses (Burkholder et al.,
2007; Ralph et al., 2007). In eutrophic coastal waters, light
can be attenuated up to 100-fold in the upper 1–4m of the
water column, often with dramatic changes in the spectral
composition (Sand-Jensen and Borum, 1991). Therefore, rooted
macrophytes are often spatially limited to biotopes with sufficient
light exposure, i.e., water depths experiencing a minimum of
10% of surface irradiance for temperate seagrasses (Borum,
1983; Duarte, 1991). Eutrophication can stimulate epiphyte
colonization on seagrass leaves (Richardson, 2006) potentially
affecting the light availability for the plant. Epiphytes may thus
have a major impact on the photosynthetic O2 evolution of
rooted macrophytes, such as seagrasses (Sand-Jensen, 1977).
The O2 budget of seagrass plants is regulated by a
complex interaction between several sources and sinks. Sources
encompass photosynthetic O2 evolution in leaves during
day-time and passive diffusion of O2 into the leaves from the
water-column in darkness. Sinks encompass the total O2 demand
of the surrounding sediment, including bacterial respiration and
chemical reactions with reduced compounds, as well as the plants
own respiratory needs. The amount of O2 produced or passively
diffusing into the leaves is affected by external physical factors
such as the light availability for underwater photosynthesis, the
flow-dependent thickness of the DBL and the water-column
O2 content, whereas the sinks are highly affected by elevated
seawater temperatures and the quantity of accessible organic
matter in the rhizosphere (Pedersen et al., 2004; Binzer et al.,
2005; Borum et al., 2006; Raun and Borum, 2013).
The O2 is transported from the above-ground tissue to
the below-ground tissue through the aerenchyma, i.e., an
internal gas-filled lacunar system, whereby plants support aerobic
metabolism in their root-system and provide protection against
reduced toxic compounds such as H2S and Fe
2+ (Armstrong,
1979; Borum et al., 2006). Some of the transported O2
is leaked to the rhizosphere as the so-called radial oxygen
loss (ROL), especially at the basal leaf meristems, root-shoot
junctions and root-caps (Koren et al., 2015). During non-
stressful environmental conditions, ROL maintains a ∼0.5mm
wide oxic microzone around the leaking areas that continuously
oxidizes the surrounding sediment and thus alters the immediate
sediment biogeochemistry in the seagrass rhizosphere (Pedersen
et al., 1998; Jensen et al., 2005; Brodersen et al., 2015). This
chemical defense mechanism is, however, negatively affected by
over-night water-column hypoxia (Brodersen et al., 2015).
Seagrass morphology is an important controlling factor
affecting the likelihood of H2S intrusion into seagrasses, where
a higher above- to below-ground biomass ratio positively affects
the seagrasses oxidation capacity and reduces the risk of H2S
intrusion (Frederiksen et al., 2006). Seagrass roots possess
structural barriers to ROL in mature root tissue regions such
as Casparian band-like structures of suberin in the hypodermis
(Barnabas, 1996). Such barriers to ROL in the basal-parts of
seagrass roots increase the intra-plant O2 transport to the active
apical root meristem and therefore are very important for
seagrass root metabolism.
In this study, we used electrochemical and fiber-optic
microsensors to investigate effects of epiphyte-cover on seagrass
leaves on the below-ground aeration of the rhizosphere of the
seagrass Zostera marina kept in a custom-made split flow-
chamber with natural sediment. This microenvironmental
approach allowed us to (i) analyse the DBL and light
microclimate around seagrass leaves with- and without
epiphytes, and (ii) correlate changes in these above-ground
micro-environmental parameters with changes in the ROL
from the root-caps, and thereby, the oxidation capacity of the
below-ground tissue.
Materials and Methods
Seagrass and Sediment Sampling
Marine sediment and Z. marina specimens with and without
leaf epiphyte-cover were collected from shallow coastal waters
(<2m depth) at Aggersund, Limfjorden, Denmark. After
sampling, plants and sediment were transported to a nearby field
station (Rønbjerg Marine Biological Station, Aarhus University,
Denmark), where they were kept in constantly aerated water
reservoirs prior to experiments. Seagrass specimens with similar
above- and below-ground biomass ratios were selected from the
reservoirs and gently washed free of adhering sediment before
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transferred to the experimental split flow-chamber (see below;
Brodersen et al., 2014). In the following, seagrasses with epiphyte-
cover refer to plants with ∼21% areal cover of filamentous algal
epiphytes on leaves in contrast to seagrasses without visible leaf
epiphyte-cover. The above- to below-ground biomass ratio was
1.0 and 0.8 of selected plants with and without leaf epiphyte-
cover, respectively, based on g DW values obtained after drying
the plants in an oven at 60◦C until a constant weight was
reached.
Experimental Setup
Plants were horizontally positioned in the flow-chamber (one
plant at a time) with the leaf canopy in the free flowing
water phase compartment and the below-ground biomass
transplanted in homogenized sediment from the sampling
site in the adjoining “sediment” compartment (Figure 1). An
anoxic water column (∼2 cm depth) functioned as a liquid-
phase diffusion barrier to O2 intrusion over the sediment
compartment of the flow chamber, as preliminary studies had
shown a constant loss/efflux of reduced compounds such as
H2S from the sediment during incubation. Illumination of the
leaf canopy was provided by a fiber-optic tungsten halogen
lamp (KL-2500LCD, Schott GmbH, Germany). The downwelling
photon irradiance (PAR, 400–700 nm) at the leaf surface was
measured with a spherical quantum sensor (US-SQS/L, Walz
GmbH, Germany) connected to a calibrated quantum irradiance
meter (ULM-500, Walz GmbH, Germany). A constant flow
(∼0.5 cm s−1) of aerated seawater (∼22◦C, Salinity = 30) was
maintained in the seawater compartment of the flow chamber
by means of a pump submersed in an aerated seawater reservoir
(Figure 1).
Light and O2 Measurements
We used scalar irradiance microprobes (sphere diameter 50μm;
manufactured by a modified procedure of Lassen et al., 1992;
Rickelt et al., submitted) to quantify the light microenvironment
around leaves of Z. marina with- and without epiphyte cover
under two different irradiance levels (50 and 200μmol photons
m−2 s−1; Figure 1A). The scalar irradiance microprobe was
connected to a fiber-optic spectrometer (USB 2000+, Ocean
Optics, USA), interfaced to a PC running spectral acquisition
software (SpectraSuite, Ocean Optics, USA). We measured
vertical profiles of spectral scalar irradiance in 0.1mm steps
from the leaf surface to 1mm above the leaf surface, and
in 1mm steps from 1 to 10mm from the leaf surface. To
quantify the downwelling irradiance, we recorded spectra of the
vertically incident light with the scalar irradiance microprobe
tip positioned over a black non-reflective light well at the
same position and distance in the light beam as the seagrass
tissue surface; in a collimated light field the downwelling-
and scalar irradiance are identical (Kühl and Jørgensen,
1994).
Clark-type O2 microsensors (OX-10 and OX-50, Unisense
A/S, Aarhus, Denmark; Revsbech, 1989) with a fast response
FIGURE 1 | Schematic diagram of the experimental setups. (A) Above-ground light and O2 microsensor measurements. (B) Measurements on the
below-ground chemical microenvironment with Clark-type O2 microsensors. (C) Measuring light transmission spectra at the seagrass leaf surface.
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time (<0.5 s) and low stirring sensitivity (<2–3%) were used to
measure (i) the radial O2 loss (ROL) from the below-ground
biomass of Z. marina (∼1mm from the root-apex; Figure 1B),
and (ii) the O2 concentration at and toward the leaf surface
(Figure 1A). The O2 microsensors were linearly calibrated from
signal readings in 100% air saturated seawater and anoxic
seawater (by addition of ascorbate) at experimental temperature
and salinity; prior to calibrations and measurements in natural
sediment, the microsensors were pre-contaminated with sulfide,
i.e., they were pre-polarized in a Na2S solution, to avoid drifting
calibrations during experiments.
Microsensors were mounted on a motorized
micromanipulator (Unisense A/S, Denmark) and connected
to a PC-interfaced microsensor multimeter (Unisense A/S,
Denmark); both were controlled by dedicated data acquisition
and positioning software (SensorTrace Pro, Unisense A/S,
Denmark). Microsensors and microprobes were carefully
positioned at the tissue surface (defined as 0μm) by manual
operation of the micromanipulator, while observing the
microsensor tip and tissue surface with a USB microscope
(AD7013MZT, DinoLite, AnMo Electronics Corp., Taiwan).
When positioning the O2 microsensors at the below-ground
tissue surface, a root from the first root-bundle was first
gently un-covered from sediment before manually moving the
microsensor to the surface of the root-cap, where after the
root was gently covered again with sediment. Steady state O2
levels at the below-ground tissue surface were re-established
after ∼3 h (data not shown). Microprofiles of O2 concentration
were measured in depth increments of 50μm.
Light Calculations
To quantify PAR, we integrated the measured scalar irradiance
spectra over 400–700 nm and calculated the fractions of incident
PAR irradiance for eachmeasured depth position. By multiplying
with the known incident photon irradiance (inμmol photons
m−2 s−1), measured with a calibrated quantum irradiance
meter (ULM-500, Walz GmbH, Germany) equipped with a
spherical quantum sensor (US-SQS/L, Walz GmbH, Germany),








where E(PAR)z is the PAR photon scalar irradiance in depth
z, Az is the wavelength integrated signal in depth z, AD is the
wavelength integrated downwelling irradiance, and Ed is the
downwelling photon irradiance (inμmol photons m−2 s−1).
Since the leaves of Z. marina were ∼50μm thick, it was not
possible to measure internal light gradients in the leaves with
microprobes. Instead we measured the spectral attenuation of
light through leaves with and without epiphyte cover. A leaf,
with- or without epiphytes, was positioned in a transparent
acrylate chamber illuminated from below and with the incident
irradiance determined as above (Figure 1C). Concomitantly, the
microprobe was positioned at the abaxial surface of the leaf
and the transmitted spectra were recorded on leaves with- and
without epiphytes.
Flux Calculations
The O2 flux between the leaf surface and the surrounding




where D0 is the molecular diffusion coefficient of O2 in seawater
at experimental temperature and salinity (2.0845·10−5 cm−2 s−1;
tabulated values available at www.unisense.com), and ∂C
∂z is the
slope of the linear O2 concentration gradient within the DBL.
A cylindrical version of Fick’s first law of diffusion, described
by Steen-Knudsen (2002), was used to calculate the ROL from
the below-ground tissue surface (assuming a homogenous and
cylinder-shaped O2 loss from the roots):




where ϕ is the porosity of the sediment and ϕD0 estimates the
diffusivity of O2 within the sediment at experimental temperature
and salinity, r is the radius of the root, and C1 and C2 are the
O2 concentrations measured at the radial distances r1 and r2,
respectively. Porosity was determined from the weight loss of
wet sediment from the sampling site (known initial volume and
weight) after drying at 60◦C until a constant weight was reached
(Porosity= 0.51).
Statistical Procedures
Data were tested for normality (Shapiro-Wilk) and equal variance
prior to statistical analysis. Student’s t-tests were used to compare
treatments (with- or without leaf epiphytes) on data that met
the above-mentioned assumptions. Mann-Whitney Rank Sum
tests were used on data lacking normality and/or equal variance.
A Two-Way ANOVA was performed to examine the influence
of leaf epiphyte-cover and incident irradiance on O2 fluxes
across the leaf tissue surface (Table S1). Analysis of covariance
(ANCOVA) was used to examine the effect of leaf epiphytes
on scalar irradiance with distance from the leaf surface as a
covariant. The significance level was set to p < 0.05. Statistical
tests were performed in SigmaPlot and SPSS.
Results
Light Climate
Our observations on the light microclimate around the leaves of
Z. marina revealed that epiphyte cover affect the quantity and
quality of light reaching the seagrass leaf.
In the presence of epiphytes, photon scalar irradiance (PAR,
400–700 nm) on the surface of seagrass leaves was reduced
by 54 and 92% under a downwelling photon irradiance of
50 and 200μmol photons m−2 s−1, respectively (Figure 2).
Without epiphytes, we observed a 3 and 4% increase in
photon scalar irradiance at incident irradiance levels of 50
and 200μmol photons m−2 s−1, respectively. Analysis of
covariance (ANCOVA) confirmed significant difference in the
scalar irradiance at the leaf tissue surface of plants with leaf
epiphyte cover as compared to plants without leaf epiphyte cover
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FIGURE 2 | Profiles of photon scalar irradiance measured at two
different downwelling photon irradiances (50- and 200μmol photons
m−2 s−1) on Z. marina leaves with- and without epiphyte cover. Left
panels show the scalar irradiance 0–10mm from the leaf surface measured
in 1mm steps. Right panels show the scalar irradiance 0–1mm from the leaf
surface measured in 0.1mm steps (enlarged plots of the scalar irradiance
showed in the left panels). Data points represents means ± S.D. n = 3; leaf
level replicates.
(p < 0.01), as well as between photon scalar irradiance measured
at z = 10mm and z = 0mm for plants with leaf epiphyte cover
(p < 0.01). No significant difference was found between photon
scalar irradiance measured at z = 10mm and z = 0mm for
plants without leaf epiphyte cover (p > 0.05).
The decrease in scalar irradiance in the upper canopy
(1–10mmabove the leaf surface) was uniform across wavelengths
in the PAR region, while a spectral shift became evident in the
lower canopy (0–1mm above the leaf surface) with blue light and
light around 675 nm being absorbed preferentially (Figure 3).
However, approaching the surface of the seagrass leaf we also
observed an enhanced absorption around 625 nm indicative of
phycocyanin found in cyanobacteria.
This was further clarified in the seagrass light transmission
spectra (Figure 4) where, in the absence of epiphytes, mainly
actinic light and light around 675 nm were absorbed,
corresponding to the absorption spectrum of Chl a. In the
presence of epiphytes there was a profound decrease in all
wavelengths in the PAR region leading to a reduction in the
transmitted light with 71 and 88% (downwelling photon
irradiance of 50 and 200μmol photons m−2 s−1, respectively).
Students t-tests performed at 425, 560, and 675 nm (except at
425 nm under an incident irradiance of 50μmol photons m−2
s−1, where a Mann-Whitney test was performed due to data
lacking normality; p < 0.05) confirmed significant difference in
the transmitted light spectra between plants with leaf epiphyte
cover and plants without leaf epiphyte cover (p < 0.01). In
addition there was a relatively larger absorption of green light
in the presence of epiphytes, evident from a change in the ratio
of wavelengths 560:675 nm from six without epiphytes to three
with epiphytes suggesting absorption from accessory epiphyte
pigments.
Diffusive Boundary Layer and Photosynthesis
The O2 concentration microprofiles at the Z. marina leaf tissue
surface revealed a ∼4 times thicker DBL around leaves with
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FIGURE 3 | Spectral scalar irradiance measured over Z. marina leaves
under an incident irradiance of 50 and 200μmol photons m−2 s−1 with-
(right panels) and without epiphytes (left panels). Colored lines represents
spectra collected at the given depths in mm above the leaf surface expressed
as % of incident irradiance on a log-scale. n = 3; leaf level replicates.
FIGURE 4 | Spectra of scalar irradiance transmitted through Z. marina
leaves with- (red line) and without (black line) epiphyte cover and at
two different downwelling photon irradiances (50- and 200-μmol
photons m−2 s−1). Dashed lines represents ± S.D. n = 4; leaf level
replicates.
epiphyte-cover as compared to leaves without epiphyte-cover,
i.e., an increase in the DBL thickness from ∼350 to 1400μm
(Figure 5). During darkness, passive diffusion of O2 from the
surrounding water-column resulted in a constant influx of O2
into leaves both with and without epiphyte-cover, supporting
the below-ground tissue with O2 (Figure 5; Table 1). However,
the thick DBL around leaves with epiphyte-cover impeded the
diffusive O2 supply in darkness as compared to plants without
epiphyte-cover [seen as a reduction in the seagrass leaf surface
O2 concentration from ∼198 to 51μmol L
−1 (Student’s t-test,
p < 0.001); Figure 5], leaving these plants more vulnerable to
low water-column O2 contents at night-time.
FIGURE 5 | Vertical microprofiles of the O2 concentration measured
toward the leaf surface under four different incident photon
irradiances (0, 50, 100, and 200μmol photons m−2 s−1). Red symbols
and lines represent leaves with 21% epiphyte-cover, Black symbols and lines
represent leaves without epiphyte-cover. y = 0 indicates the leaf surface.
Symbols and errors bars represent means ± SD. n = 3–4; leaf level replicates.
Net O2 production increased with increasing photon
irradiance, as a result of enhanced shoot photosynthesis
(Figure 5). The lower light availability for plants with epiphyte-
cover resulted in relatively lower net photosynthesis rates, and
the compensation irradiance increased from ∼12 to 27μmol
photons m−2 s−1 for plants with epiphyte-cover (Figure 6;
Table 1). Despite the lower net photosynthesis in plants with
leaf epiphyte-cover, there was a higher build-up of O2 on the
tissue surface under moderate photon irradiances (100μmol
photons m−2 s−1) as compared to plants without leaf epiphyte-
cover, owing to limited gas exchange with the surrounding water-
column as a result of the enhanced DBL thickness.
Radial O2 Loss
We used the measured steady state O2 microprofiles around
the root-cap of Z. marina with and without leaf epiphyte-cover
(Figure 7), to calculate the radial O2 flux into the surrounding
sediment. In light, we calculated the ROL from the root-cap to be
65.7 nmol O2 cm
−2 h−1 from plants with leaf epiphyte-cover as
compared to 152.7 nmol O2 cm
−2 h−1 from plants without leaf
epiphyte-cover (Table 1). The ROL maintained a∼300μm thick
oxic microzone around the root-cap of Z. marina (Figure 7). In
darkness, the ROL from the root-cap dramatically decreased to
0 nmol O2 cm
−2 h−1 in plants with leaf epiphyte-cover (i.e., no
O2 was detectable at the root surface during darkness; Figure 7),
and 0.8 nmol O2 cm
−2 h−1 in plants without leaf epiphyte-
cover (Table 1). Epiphyte-covered plants did thus lose their oxic
microshield against H2S intrusion in darkness.
Discussion
Our results provide clear experimental evidence that epiphyte
growth on Z. marina leaves reduces both light quantity and
quality reaching the seagrass leaf, thereby impeding the overall
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TABLE 1 | O2 fluxes across the leaf surface and radial O2 loss from the root-cap (∼1mm from the root-apex).
Downwelling photon irradiance Leaves (+ Epiphytes) Leaves (− Epiphytes) Root-cap (+ Epiphytes) Root-cap (- Epiphytes)
μmol photons m−2 s−1 nmol O2 cm
−2 h−1 nmol O2 cm
−2 h−1 nmol O2 cm
−2 h−1 nmol O2 cm
−2 h−1
0 −106.4±1.8 −107.1±1.0 0 0.8 ± 0.1
50 60.6±4.0a 271.9±3.3 (–) (–)
100 164.7±4.9a 520.7±12.8 (–) (–)
200 221.2±27.8a 800.9±14.7 65.7 ± 21.0b 152.7 ± 7.5
(-) indicate no data points. Negative values denote net O2 uptake. Rates are mean ± S.D. n = 3–5; leaf/root level replicates.
a,bIndicates significant difference between seagrasses with leaf epiphyte cover as compared to seagrasses without leaf epiphyte cover (control plants) (aTwo-Way ANOVA, F3, 3 (PAR) =
2931.2, F1, 3 (epiphytes) = 3555.1, p < 0.01;
bMann-Whitney test, p < 0.05).
FIGURE 6 | Net photosynthesis rates as a function of downwelling
photon irradiance. Rates were calculated for the four different incident
irradiances (0, 50, 100, and 200μmol photons m−2 s−1) and were fitted with
a hyperbolic tangent function (Webb et al., 1974) with an added term to
account for respiration (Spilling et al., 2010) (R2 = 0.99). Red symbols and line
represent leaves with ∼21% epiphyte-cover. Black symbols and line represent
leaves without epiphyte-cover. Error bars are ±SD. n = 3–4; leaf level
replicates.
plant performance during day-time. Furthermore, leaf epiphyte-
cover lead to an enhanced thickness of the DBLs surrounding
the leaves, thus impeding the exchange of gasses and essential
nutrients with the ambient water-column. In darkness, this
resulted in a negative effect on the intra-plant O2 status
that subsequently reduced the oxidation capability of the
below-ground tissue, thereby rendering plants more vulnerable
to sediment-produced reduced phytotoxic compounds, such
as H2S.
Light Microenvironment and Shoot
Photosynthesis
Light availability on the surface of the leaves of Z. marina
covered by epiphytes was dramatically decreased compared to
leaves without epiphytes in agreement with previous studies
(Drake et al., 2003; Pedersen et al., 2014). Effectively, this
means that a higher downwelling photon irradiance is needed to
meet the compensation irradiance for the epiphyte covered leaf
(Figure 6). We expected a larger change in the spectral quality
FIGURE 7 | Radial O2 loss from the root-cap of Z. marina (∼1mm from
the root-apex) to the immediate rhizosphere measured at two different
photon irradiances (0 and 200μmol photons m−2 s−1). Left panel show
radial O2 loss from seagrass with leaf epiphyte-cover, right panel show radial
O2 loss from seagrass without leaf epiphyte-cover. X = 0 indicates the root
surface. Error bars are ±SD. n = 3–5; root level replicates.
of light reaching the leaf surface through the epiphyte canopy,
but as the generation time of unicellular and filamentous algae
colonizing the seagrass are short relative to the seagrass leaves,
there might have been a large proportion of dead epiphytes
thus acting as particulate organic matter with a more uniform
light attenuation (Figure 3, upper right). However, in the lower
epiphyte canopy (0–1mm above the seagrass surface) there was a
non-uniform attenuation of light leading to a strong reduction
in blue light reaching the seagrass surface (Figure 3, lower
right). In the transmittance spectra, we saw a disproportionate
large amount of green light being attenuated in the presence
of epiphytes indicating the presence of a community possessing
accessory pigments able to utilize green light, such as red algal or
cyanobacterial phycobiliproteins.
Although a large proportion of the green light was attenuated
by epiphytes, blue and red light were almost completely removed,
leaving the plant in a light environment with predominately
green light which is less effectively absorbed by Chl a. Thus, both
quality and especially the quantity of light were diminished in
the presence of epiphytes thereby leaving the plant for longer
periods near the minimal light requirement for growth, which
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is high in Z. marina (∼20% of surface irradiance; Dennison
et al., 1993). A recent study showed ∼90% reduction in biomass
under prolonged diminished light conditions, comparable to
the decrease in light shown here (Kim et al., 2015). It has
been speculated that the high minimum light requirement for
growth reflects that seagrasses often grow in anoxic, sulfide-rich
sediments (Ralph et al., 2007). The presence of sulfide results
in decreased photosynthesis and increased O2 consumption
in the dark (Goodman et al., 1995; Holmer and Bondgaard,
2001), which means that more light is needed to drive a
sufficient photosynthetic O2 supply to maintain positive growth.
Diminished light conditions due to epiphyte cover can thus
reduce the fitness of the plant.
The ∼4 times enhanced DBL thickness around leaves with
epiphyte-cover adversely affected the internal O2 supply to the
below-ground tissue at night-time. In addition, it lead to a build-
up of O2 at the leaves surface under high incident photon
irradiance (≥100μmol photons m−2 s−1; Figure 5), which
potentially could lead to enhanced photorespiration (as surplus
internal O2 molecules may bind competitively to RuBisCO
instead of CO2 resulting in decreased CO2 fixation and reduced
photosynthetic efficiency) and/or internal oxidative stress
(Maberly, 2014). At low photon irradiance (50μmol photons
m−2 s−1), the reduced light availability and lower photosynthetic
activity, seemed to counter-balance this internal O2 build-
up caused by the insulating DBL (Figure 5). Furthermore,
the epiphytes themselves, i.e., filamentous algal epiphytes and
most probably leaf- and filamentous algal epiphyte-associated
bacterial communities, contribute with oxygenic photosynthesis
and respiration, thereby further enhancing the O2 consumption
at the leaf surface during night-time. Correspondingly, we found
a ∼2 times higher compensation irradiance of plants with
leaf epiphyte-cover, as compared to plants without epiphyte-
cover (Figure 6). This may be a very important factor during
prolonged events of poor light conditions, such as during
dredging operations and eutrophication, making plants with leaf
epiphyte-cover more prone to sulfide invasion as a result of
inadequate internal aeration (Pedersen et al., 2004; Borum et al.,
2005). The generally reduced net photosynthesis rates of plants
with epiphyte-cover (Figure 6), wasmost likely a combined result
of the poor light conditions and a limited influx of CO2 from
the surrounding water-column. Such DBL-induced limited gas
exchange with the ambient water-column can lead to inorganic
carbon limitation enhancing photorespiration (e.g., Maberly,
2014) thereby impeding shoot photosynthesis.
Light-driven O2 Microdynamics in the
Rhizosphere
Photosynthetic O2 evolution resulted in the establishment of
a ∼300μm wide oxic microzone around the root-cap of
Z. marina at the approximate position of the apical root meristem
(Figure 7). Plants with epiphyte-cover exhibited a negative effect
on the below-ground tissue oxidation capacity with ∼2 times
lower ROL from the root-apex during light stimulation of the
leaf canopy, as compared to plants without leaf epiphyte-cover.
Although the ROL in light from the root-cap of plants with
and without epiphyte-cover were of similar magnitude to fluxes
previously reported by Jensen et al. (2005; Table 1), a lower
oxidation capability of the below-ground tissue will almost
certainly have a negative effect on the overall plants performance.
ROL has been shown to improve the chemical conditions in
the immediate rhizosphere of seagrasses due to enhanced sulfide
reoxidation (Brodersen et al., 2015). The oxic microshield at the
root-cap surface can thus protect the apical root meristem from
reduced phytotoxic compounds, such as H2S, through chemical
re-oxidation with O2.
Dark O2 Microdynamics in the Rhizosphere
During darkness, no O2 was detected at the root-cap surface
of plants with leaf epiphyte-cover, indicative of inadequate
internal aeration in contrast to plants without leaf epiphyte-
cover, where low levels of O2 were detectable at the root-cap
surface during darkness (Figure 7; Table 1). Such breakdown
of the oxic microshield in presence of epiphytes on seagrass
leaves can be of great importance, as a shift to anaerobic
metabolism in the root-system results in a much less efficient
energy utilization than with aerobic metabolism, as anaerobic
conditions inhibit the translocation of carbohydrates supporting
plant metabolism (Zimmerman and Alberte, 1996; Greve et al.,
2003). Previous studies of Z. marina have shown that the ROL
from the root-apex persists during darkness at a much higher
flux rate (up to 16.2 nmol O2 cm
−2 h−1 measured 2mm behind
the root-apex) than reported in this study (Jensen et al., 2005;
Frederiksen and Glud, 2006). This apparent discrepancy may
be explained by bacterial colonization of the root-cap surface
consuming the small amounts of leaked O2 through microbial
respiration and/or by ferrous sulfide (FeS) and iron plaques.
Sulfate reducing bacteria have thus previously been isolated from
surface-sterilized roots of Z. marina (Nielsen et al., 1999; Finster
et al., 2001).
Interestingly, the root-cap mediated O2 leakage to the
rhizosphere may also be important for plant-beneficial root-
associated microbial processes, such as H2S re-oxidation, in
addition to simply detoxifying reduced substances in the
immediate rhizosphere through spontaneous chemical reactions.
Bacterially-mediated H2S oxidation is about 10.000–100.000
times faster than the chemical reaction alone (Jørgensen and
Postgate, 1982) and therefore has potential to be of high value
for the plants. It has been suggested that H2S oxidation also
takes place inside the plant (Holmer et al., 2005; Holmer and
Hasler-Sheetal, 2014), as seagrass exposed to high sediment H2S
levels showed internal accumulation of elemental sulfur that is an
intermediate in the sulfide oxidation. This process is, however,
driven by simple chemical reactions between H2S and O2 and
is not mediated by intra-plant enzymes or bacteria (Pedersen
et al., 2004) as seen in somemarine invertebrates (Grieshaber and
Völkel, 1998).
The lower light availability for photosynthesis of plants with
filamentous algal epiphyte-cover seemed to be the key factor
behind the lower ROL from the root-cap (Figure 7), as a result
of the relative lower net photosynthesis rates and thereby lower
O2 production in leaves, as compared to plants without epiphyte-
cover (Figure 6). This might seem obvious, but the DBL-induced
impedance of O2 exchange with the water-column of plants with
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epiphyte-cover, could also have resulted in an enhancement in
the aerenchymal O2 level (seen as the build-up in the surface
O2 concentration on Figure 5) and thereby a concomitant
higher ROL from the root-apex, but this effect was apparently
overruled by lower seagrass photosynthesis due to epiphyte
shading and/or inorganic carbon limitation due to increased DBL
thickness.
Burnell et al. (2014) recently demonstrated that high
incident photon irradiance (∼200μmol photons m−2 s−1) in
combination with elevated water-column CO2 concentrations
(up to 900μl L−1, representing future predictions of enhanced
water-column CO2 levels) had a negative effect on seagrass
biomass and leaf growth, as compared to low light conditions.
The observed negative growth response to combined high CO2
and light conditions appeared to be closely related to overgrowth
of seagrass leaves with filamentous algal epiphytes. This finding
supports our microsensor measurements demonstrating the
negative effects of leaf epiphyte-cover on the intra-plant
O2 status and the below-ground tissue oxidation capacity.
Epiphyte-impeeded O2 evolution in seagrass leaves causing
reduced internal aeration and increased H2S intrusion may
result in enhanced seagrass mortality if unfavorable light
conditions persist for longer periods of time. This emphasizes
the importance of minimizing nutrient loading into seagrass
inhabited marine coastal waters, as eutrophication often leads
to poor light conditions, low water quality, algal blooms and
enhanced night-time O2 consumption in the water column.
In conclusion, the present study shows that epiphyte-cover
of seagrass leaves leads to reduced oxidation capability of the
below-ground tissue, due to a combined result of lower light
availability and thicker DBLs around leaves, impeding seagrass
photosynthesis. This synergetic negative effect on the plants
performance, resulted in a ∼2 times higher compensation
irradiance in Z. marina leaving epiphyte-covered seagrasses
more vulnerable to H2S invasion during prolonged events
of poor light conditions in the surrounding water-column.
Seagrasses with leaf epiphyte-cover are thus more prone to
anthropogenic impacts and activity in coastal environments,
as leaf epiphytes reduce their resilience toward environmental
disturbances.
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O2 and pH microdynamics around the rhizome and roots of seagrasses 
determined via novel optical nanoparticle-based sensors 
Kasper Elgetti Brodersen, Klaus Koren & Michael Kühl 
 
Abstract 
Seagrasses provide important eco-engineering services in coastal environments but have 
over the past century been declining with alarming rates mainly due to anthropogenic 
activity. Seagrasses are constantly challenged to aerate their belowground tissue and the 
surrounding sediment to prevent intrusion of reduced, phytotoxic compounds, such as 
hydrogen sulfide (H2S), and to ensure aerobic metabolism. In present study, we developed a 
novel bioimaging approach to determine O2 and pH microdynamics and distributions around 
the belowground tissue of seagrasses by means of optical nanoparticle-based O2 and pH 
sensors incorporated into transparent, artificial sediments consisting of a deoxygenated, pH-
buffered, sulphidic seawater/agar matrix. Seagrass growth and photosynthetic activity did 
not seem affected by the experimental setup/conditions based on root growth rates (~5 mm 
d-1) and photosynthetic quantum yields (~0.7); which both were comparable to healthy 
seagrasses growing in their natural habitat. Oxygen release and the pH heterogeneity were 
visualised and analysed on a whole rhizosphere level, which is a substantial improvement to 
existing methods such as via microsensors and/or planar optodes. Our images determined 
higher O2 release from the belowground tissue in light as compared to darkness, and that 
water-column hypoxia leads to reduced O2 levels around the rhizome and roots. We found 
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pronounced spatial pH microheterogeneity within the immediate rhizosphere of Z. marina L. 
Light exposure of the leaf canopy and elevated temperature resulted in higher rhizosphere 
pH levels (rhizome/roots surface ∆pH of up to 0.9 pH units). Low rhizosphere pH 
microenvironments (pH levels down to ~4) appeared to correlate with the plant-mediated 
oxic microniches, although the rhizoplane/tissue surface pH levels overall were much higher 
than the pH of the surrounding sediment (~0.4 pH units higher). Seagrasses thus alters the 
pH levels of their immediate rhizosphere, an important chemical defence mechanism that 
further alleviates the H2S toxicity in the rhizosphere through geochemical speciation shift of 
sulphide towards non-tissue-permeable HS- ions, as well as the plant-derived low pH 
microenvironments may lead to nutrient mobilization that then becomes available for plant 
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Identifying knowledge gaps in seagrass research and management: an 
Australian perspective 
Paul H. York*, Timothy M. Smith, Rob G. Coles, Skye A. McKenna, Rod M. Connolly, Andrew 
D. Irving, Emma L. Jackson, Kathryn McMahon, John W. Runcie, Craig D. H. Sherman, Brooke 
K. Sullivan, Stacy M. Trevathan-Tackett, Kasper E. Brodersen, Alex B. Carter, Carolyn J. 
Ewers, Paul S. Lavery, Chris M. Roelfsema, Elizabeth A. Sinclair1, Simone Strydom, Jason E. 
Tanner, Kor-jent van Dijk, Fiona Y. Warry, Michelle Waycott, Sam Whitehead 
*Corresponding author: Paul York (TropWATER, JCU, Cairns), email: paul.york@jcu.edu.au 
 
Abstract 
Seagrass species form important marine and estuarine habitats providing valuable 
ecosystem services and functions. Coastal zones that are increasingly impacted by 
anthropogenic development have experienced substantial declines in seagrass abundance 
around the world. Australia, which has some of the world’s largest seagrass meadows and is 
home to over half of the known species, is not immune to these losses. In 1999 a review of 
seagrass ecosystems knowledge was conducted in Australia and strategic research priorities 
were developed to provide research direction for future studies and management. 
Subsequent rapid evolution of seagrass research and scientific methods has led to more 
than 70% of peer reviewed seagrass literature being produced since that time. A workshop 
was held as part of the Australian Marine Sciences Association conference in July 2015 in 
Geelong, Victoria, to update and redefine strategic priorities in seagrass research. 
Participants identified 40 research questions from 10 research fields (taxonomy and 
systematics, physiology, population biology, sediment biogeochemistry and microbiology, 
ecosystem function, faunal habitats, threats, rehabilitation and restoration, mapping and 
monitoring, management tools) as priorities for future research on Australian seagrasses. 
Progress in research will rely on advances in areas such as remote sensing, genomic tools, 
microsensors, computer modeling, and statistical analyses. A more interdisciplinary 
approach will be needed to facilitate greater understanding of the complex interactions 
among seagrasses and their environment. 
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Chapter 16: Seagrasses of Australia 
 
Photosynthesis and metabolism of Seagrasses 
 
Anthony W. D. Larkum, Gaurav Sablok, Mathieu Pernice, Martin Schliep, Peter Davey, Milan 
Szabo, John A. Raven, Mads Lichtenberg, Kasper E. Brodersen, Peter J. Ralph 
 
Conclusions 
Previous reviews (see e.g. Larkum et al. 2006) have dealt extensively with several topics and 
for this reason this chapter has dealt on a narrower range of topics. These are: 
a) the uptake of inorganic carbon by the leaves of seagrasses, 
b) the biochemistry of carbon fixation in photosynthesis, 
c) the influence of anatomy on photosynthesis and gaseous transport to the 
rhizome and roots, and, 
d) the effect of epiphytes on photosynthesis. 
 
Of these four topics the one most extensively treated here is the first, the uptake of 
inorganic carbon from the ambient seawater. This is because there are large lacunae in our 
knowledge of these processes, which are so profoundly important to our understanding of 
how seagrasses have become so successful in our seas over the last 100 million years or so 
and how today they are so important for the production of “blue carbon”. The second topic 
(b) is noteworthy because modern “omics” and real-time PCR approaches promises to throw 
light on a topic that has defied research efforts over a long period. However, we will have to 
wait to see whether the actuality of a C4 type of photosynthetic metabolism is eventually 





Low oxygen affects photorespiration and the level of expression of two 
carbon metabolism genes in the seagrass Zostera muelleri 
Mikael Kim, Mathieu Pernice*, Kasper Elgetti Brodersen, Milan Szabo, Gaurav Sablok, 
Anthony W. D. Larkum, John A. Raven, and Peter J. Ralph 
*Corresponding author: Mathieu Pernice (UTS), email: mathieu.pernice@uts.edu.au 
Abstract 
Seagrasses are a group of marine angiosperms that evolved approximately 100 million years 
ago to live in shallow coastal waters, an environment regularly subjected to changes in 
oxygen and irradiance. Of the 72 identified species of seagrass, Zostera muelleri is the 
dominant species in south-eastern Australia, and is critical for healthy coastal ecosystems, 
which underpin tourism, substance gathering and fishing for coastal population in Australia. 
Despite its important role as ecological engineer and carbon sink, little is known about the 
pathways of carbon fixation in Z. muelleri and their regulation in response to environmental 
changes. Further, there is no consensus in the scientific community as to whether Z. muelleri 
is strictly a C3 plant or a C3-C4 intermediate. In this study, the response of Z. muelleri 
exposed to anoxic conditions was investigated by using (i) O2 microsensors in combination 
with custom made flow chamber to measure changes in photosynthetic rates (i.e. 
photosynthetic efficiency, maximum photosynthetic rate, compensation irradiance, 
saturating irradiance and dark respiration rate) and (ii) Reverse Transcription quantitative 
real-time PCR (RT-qPCR) to measure changes in expression levels of key genes in C4 
metabolism (i.e. genes coding for phosphoenolpyruvate carboxylase and carbonic 
anhydrase). We found that lower levels of oxygen (i) increased photosynthetic efficiency in 
Z. muelleri, a characteristic of C3 mechanism of carbon assimilation, and (ii) decreased the 
expression level of key genes in C4 metabolism (i.e. genes coding for phosphoenolpyruvate 
carboxylase and carbonic anhydrase). These results suggest that regulation of 
photosynthesis in Z. muelleri might involve a close collaboration between the C3 and C4 
metabolic pathways. Overall, this study highlights that the photosynthetic response of Z. 
muelleri to changing oxygen is highly dynamic and should be considered when assessing 
seagrass primary production in shallow coastal waters. 
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Shading effects on O2 and H2S conditions in sandy sediments inhabited by 
tropical seagrasses: comparison of deep and shallow water meadows 
Verena Schrameyer#, Paul York#, Katie Chartrand, Peter J. Ralph, Michael Kühl,  
Kasper Elgetti Brodersen*, Michael A. Rasheed 
#These authors contributed equally to this work and therefore share the first authorship 
*Corresponding author: elgetti@hotmail.com (Kasper Elgetti Brodersen) 
 
Abstract 
Seagrass meadows increasingly experience reduced light quality and availability, as a result 
of anthropogenic impacts owing to coastal development, agricultural practices, but also due 
to climate change induced increased rainfall resulting silt plumes. This study examined the 
impact of reduced incoming photon irradiance upon seagrass biomass and sediment 
biogeochemistry within shallow- and deep-water seagrass meadows at Green Island, 
Australia. We also compared un-vegetated versus seagrass vegetated sites at both depths. 
Artificial shading (down to ~20% of incoming solar irradiance) was applied in shallow- and 
deep-water sites for up to two weeks. Sediment cores were sampled and analysed using O2 
and H2S microsensors. Higher diffuse O2 uptake (DOU) rates, volume-specific O2 
consumption (R) rates and lower O2 penetration depths were found in seagrass vegetated 
areas as compared to un-vegetated areas at the shallow-water sites. Sediment 
characteristics at the deep-water sites did not differ between un-vegetated and vegetated 
sites. At the shallow-water site, shading resulted in slightly decreased biomass albeit not 
significant, and significantly lower hydrogen sulphide (H2S) levels in the sediment. No 
shading effects on sediment biogeochemistry were found at deep-water site. Overall our 
results show that the below-ground sediment biogeochemistry of shallow- and deep-water 
seagrass meadows differ in dependency on incident photon irradiance, where our findings 
indicate that the microbial community in shallow-water sites are much more abundant and 
directly linked to the seagrass productivity and health.  













“To love you must understand 
To understand you must explore 
Every journey begins with an idea 
Let’s hunt some microbes” 
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